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1 INTRODUCTION 
 

Rift Valley fever phlebovirus (RVFV), of the genus Phlebovirus, family Phenuiviridae and order 

Bunyavirales, is an arthropod-borne virus (arbovirus) that causes substantial epidemics of 

severe disease in humans and ruminants ((ICTV), 2020b; McMillen and Hartman, 2018). It is 

transmitted by mosquitoes of several genera, including Aedes spp., Culex spp., Anopheles spp. 

and Mansonia spp. (Linthicum et al., 2016). First described in 1931 in Kenya, the virus spread 

over most parts of sub-Saharan Africa, to Egypt and to the Arabian Peninsula (Balkhy and 

Memish, 2003; Bird et al., 2009; Daubney and Hudson, 1931; Hoogstraal et al., 1979). 

Recently, evidence of RVFV circulation has also been found in Tunisia (Bosworth et al., 2016), 

Iran (Fakour et al., 2017), Turkey (Gur et al., 2017) and Libya (OIE, 2020), underlining the 

existing risk of its spread to Europe and other areas outside Africa.  

The severity of Rift Valley fever (RVF) disease in ruminants depends upon the age and species, 

with sheep being most susceptible. In newborn lambs, fatality rates of up to 100 % are 

observed. Most commonly, they suffer from severe hepatitis with high fever and 

gastrointestinal hemorrhages, leading to death within 24 hours. Adult sheep are less 

susceptible, but can still be affected severely. In pregnant ewes, high abortion rates leading 

to so-called “abortion storms” are characteristic of RVFV infection (Bird et al., 2009; Daubney 

and Hudson, 1931). Humans are usually only subjected to flu-like symptoms, but about 1 % of 

patients develop critical illness with clinical complications such as hemorrhagic fever, ocular 

dysfunction or neurological disorders. In contrast to ruminants, transmission to humans often 

occurs via contact with infected animals or their infectious tissue and not primarily via 

mosquito bites (Freed, 1951; McMillen and Hartman, 2018; van Velden et al., 1977).  

The RVFV transmission cycle can be divided into an enzootic (inter-epidemic) and an epidemic 

cycle. Transition to the latter occurs when environmental conditions favor the presence of a 

high number of mosquitoes (Bird and McElroy, 2016). Over the past seventy years, RVFV has 

been isolated from more than 40 different African mosquito species, suggesting they each 

play a role in RVFV ecology (Chevalier et al., 2010; Linthicum et al., 2016). Infected mosquitoes 

transmit the virus to susceptible humans and animals, and the infected individuals in turn 

transmit the virus to other humans, animals and mosquitoes. In the absence of diagnosed RVF 

cases, during the enzootic cycle, the virus is believed to be maintained by sporadic 

transmissions between mosquitoes and susceptible vertebrates (Bird et al., 2009). Within the 

mosquito population, RVFV probably persists through vertical (transovarial) transmission 

(Lumley et al., 2017). This mode of virus maintenance has been observed in Aedes spp. 

mosquitoes in Kenya, revealing that these mosquitoes are primary RVFV vectors (Linthicum et 

al., 1985). Additionally, a wildlife reservoir may promote RVFV maintenance during inter-
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epidemic periods (IEPs). Various vertebrates are known to be susceptible to the virus, and wild 

ruminants, bats and rodents in particular are considered potential RVFV amplifiers (Olive et 

al., 2012). However, there remain gaps in knowledge concerning the circulation of the virus 

between epidemics and precise mechanisms of RVFV maintenance have yet to be conclusively 

identified. Therefore, this work proposes and investigates several hypotheses aiming to close 

these remaining knowledge gaps regarding the circulation and maintenance of the virus.  

The first section of this work presents an assessment of data on proposed mechanisms of 

inter-epidemic RVFV maintenance. Existing data on the occurrence of the virus in endemic and 

non-endemic areas during IEPs as well as mathematical models of RVFV persistence were 

summarized and evaluated. As it is yet unclear whether the virus can persist and circulate in 

areas other than the endemic regions of its origin or whether RVFV (re)introduction is required 

to spark epidemics, basic and country-specific modes of virus introduction were analyzed. 

Here, the focus was placed on remote countries where the virus has led to unexpected and 

devastating outbreaks (Egypt, Mauritania/Senegal, Madagascar and Saudi Arabia/Yemen).  

Mauritania has been affected by recurrent RVF epidemics, with the first large outbreak 

occurring in 1987 (Bob et al., 2017; Gerdes, 2004). The epidemic followed the completion of 

the Diama Dam, which provided favorable conditions for a massive increase in the mosquito 

population and thus for virus replication (Digoutte and Peters, 1989). However, as RVFV was 

already detected in 1974 in mosquitoes captured in Western Africa, endemic circulation can 

be assumed (Fontenille et al., 1998). Further serological and molecular findings during IEPs in 

Mauritania additionally support this hypothesis (Rissmann et al., 2017a). While over ten 

mosquito species that have been found to be naturally infected with RVFV have been 

observed in Mauritania (Linthicum et al., 2016; Mint Mohamed Lemine et al., 2017), only 

sparse information on the distribution of these vectors within the country are available (Mint 

Mohamed Lemine et al., 2017). The virus has been isolated from Culex spp. mosquitoes both 

during and in the absence of outbreaks (Diallo et al., 2005; Faye et al., 2014; Faye et al., 2007), 

but detailed knowledge on RVFV maintenance in Mauritania is lacking (Rissmann et al., 

2017a). In order to obtain information on the occurrence and propagation of the virus and its 

vectors in the West African country, the second section presents the results of the study of 

mosquitos in Mauritania. Mosquitoes were harvested, classified by species and subsequently 

studied via virological examination. To elucidate factors favoring the virus’ maintenance 

within the country, mosquitoes were sampled in the absence of noted disease, but also during 

a RVF epizootic on a cattle farm. Since the involvement of an unknown reservoir in RVFV 

ecology has been discussed repeatedly, blood meals of captured engorged mosquitoes were 

analyzed to provide indications of potential vertebrates that may serve as viral reservoirs. 

Furthermore, it is known that other arboviruses are circulating in Mauritania, posing a threat 

to human and animal health. Thus, mosquito samples were additionally examined for 
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evidence of these frequently neglected arboviruses in order to evaluate their distribution 

within the country. 

In the third section, an experimental infection study with black rats (Rattus rattus) was 

performed. Black rats, which have been introduced into all regions where RVF outbreaks have 

occurred, have been repeatedly proposed as a potential RVFV reservoir (Olive et al., 2012). 

During the first described RVF outbreak in 1930, it was observed that these rats are susceptible 

to the virus (Daubney and Hudson, 1932). Subsequently, both RVFV-specific antibodies and 

the virus itself have been detected in black rats (Gora et al., 2000; Hoogstraal et al., 1979; 

Imam et al., 1979; Youssef and Donia, 2001, 2002). In addition, the investigation of blood 

meals from mosquitoes in Kenya revealed an interaction between Rattus rattus and RVFV-

transmitting vectors (Lutomiah et al., 2014). Experimental infections of inbred rat strains 

(brown rat, Rattus norvegicus) showed that the course of the RVF disease in rats varies greatly 

depending on their genetic background: some strains are highly susceptible to the virus, while 

others display resistance or a delayed onset of disease (Anderson et al., 1987; Peters and 

Slone, 1982; Ritter et al., 2000). Thus, a deeper examination of Rattus rattus is needed to 

reveal its potential role in the RVFV transmission cycle. However, in the past, only an infection 

of two black rats has been conducted (Hoogstraal et al., 1979), demonstrating that these 

animals develop viremia after infection. Thus, to assess the role of black rats in RVFV 

maintenance and their risk as a possible source of infection for livestock and humans, black 

rats were subcutaneously infected with a highly virulent RVFV strain. Their susceptibility to 

RVFV infection, virus shedding, virus replication in tissues as well as their immune responses 

were studied. Moreover, the occurrence of horizontal transmission between rats was verified 

by adding non-infected contact animals.  

In summary, the presented study aims to obtain information on the occurrence and 

distribution of RVFV and its vectors during the enzootic cycle. Here the focus is on Mauritania, 

a country that is regularly affected by RVF epidemics threatening human and animal health. 

Since a thorough understanding of RVFV ecology is important to prevent viral spread, factors 

favoring RVFV maintenance during IEPs are analyzed. In particular, the role of black rats as 

potential RVFV reservoir is examined.  
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2 LITERATURE REVIEW 
 

 

2.1 History and naming of Rift Valley fever phlebovirus (RVFV) 
 

The first description of the virus appeared in 1931. Daubney et al. investigated an outbreak of 

a previously undescribed disease in 1930 on a sheep farm near Lake Naivasha, in the Rift 

Valley, Kenya. The disease mainly caused devastating losses in newborn lambs, but also high 

mortality rates among ewes and high numbers of abortions were observed, leading to the 

term "abortion storms", characteristic of an infection with the virus in ruminants. As most 

severe lesions were detected in the liver, the disease was initially described as “enzootic 

hepatitis”. During the investigations, it was observed that humans exposed to the virus or 

infected animals developed febrile but not fatal illness. Due to the nature of the disease in 

humans and the location of its primary description, the virus was called Rift Valley fever virus. 

The described outbreak coincided with unusually high precipitation, followed by an increase 

in the mosquito population. Since sheep protected by mosquito nets were not subjected to 

the disease, transmission of the virus by mosquitoes was suggested (Daubney and Hudson, 

1931). This assumption was confirmed by Smithburn et al. who described an isolation of the 

virus from mosquitoes collected in Uganda in 1948 (Smithburn et al., 1948). During an 

outbreak in South Africa in 1951, severe ocular disease was first associated with RVFV 

infection in humans (Freed, 1951) and twenty years later, during an outbreak in the same 

country, a fatal disease with hemorrhagic fever and encephalitis was also observed in humans 

(van Velden et al., 1977).  

It can be assumed that the arthropod-borne virus (arbovirus) circulated already before the 

outbreak in 1930. Some authors have even speculated about a reference to Rift Valley fever 

(RVF) in the Bible, which would indicate an ancient arboviral disease. RVFV may have been 

responsible for the epizootic death of livestock of the fifth biblical plague, which is reported 

to have followed the insect swarms of the third and fourth biblical plagues (Ulrich, 2019). 

However, phylogenetic analyses suggested that the first ancestor of the virus emerged in the 

late 1800s. During this period, colonialism caused major changes in landscape and fauna 

throughout the African continent, and the introduction of non-indigenous European livestock 

may have favored RVFV emergence (Bird et al., 2007b). Therefore, it can be assumed that 

reports of an acute and fatal disease in sheep in 1913 probably also represented cases of RVF 

(Davies, 2010). 

In the early 1970s, an apparently new arbovirus, called Zinga virus, was isolated from 

mosquitoes in the Central African Republic (Digoutte et al., 1974a). The virus was described 
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to cause febrile illness in humans (Digoutte et al., 1974b). However, in 1983 the Centers for 

Disease Control (CDC) identified the Zinga virus to be a strain of RVFV ((CDC), 1983).  

In 2015, RVFV was renamed by the International Committee on Taxonomy of Viruses (ICTV) 

and is now called Rift Valley fever phlebovirus ((ICTV), 2020a). The name “phlebovirus” is 

deduced from phlebotomine sand flies that are the main vectors of most viruses, belonging 

to the genus Phlebovirus to which RVFV also belongs (Hartman, 2017). 

 

2.2 Classification of RVFV 
 

Rift Valley fever phlebovirus is a virus species belonging to the genus Phlebovirus, which is one 

out of 15 genera and 38 virus species among the family Phenuiviridae of the Bunyavirales 

order. A taxonomic overview of the genus Phlebovirus is given in Figure 2.1. It currently comprises 

ten different arbovirus species that occur throughout the world ((ICTV), 2020b; Hughes et al., 

2020). Members of this genus can be divided into two groups: the Uukuniemi group viruses, 

transmitted by ticks, and the sand-fly fever group viruses, transmitted by sand flies, 

mosquitoes and midges (Xu et al., 2007). 

 

 

 

Figure 2.1. Taxonomic overview of the family Phenuiviridae and genus Phlebovirus (February 2020). 
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2.3 Morphology and genome characterization of RVFV 
 

Like other viruses of the order Bunyavirales, RVFV is an enveloped single-stranded RNA virus 

with a genome that consists of three segments with negative or ambisense polarity (Hartman, 

2017; Pepin et al., 2010). The genomic organization of RVFV is shown in Figure 2.2. 

  

2.3.1  The virion 
 

RVFV particles measure 80-120 nm in diameter. The spherical virion has a highly ordered 

structure (Ikegami, 2012). Its envelope is composed of a lipid bilayer containing the 

glycoproteins Gn and Gc, forming cylindrical spikes of 12 nm length (Gaudreault et al., 2019). 

A shell of 122 of these glycoprotein capsomers covers the surface of the virus in regular 

arrangement, building an icosahedral lattice with a triangulation number of 12 (Boshra et al., 

2011; Pepin et al., 2010; Spiegel et al., 2016). The two surface glycoproteins are the main 

targets of neutralizing antibodies in hosts. They mediate the entry of RVFV into cells and are 

essential for efficient virus assembly and maturation. The ribonucleoproteins (RNPs) that 

correspond to the three genome segments are packed into the virion (Pepin et al., 2010). In 

viruses of the order Bunyavirales the RNPs have a filamentous appearance and a length of 

200-3000 nm (Ikegami, 2012).  

 

2.3.2 The viral genome 
 

RVFV genome is divided into a small (S), medium (M) and a large (L) segment, which are 

assembled as RNPs. The single-stranded RNA of the segments each has complementary 3’ and 

5’ untranslated terminal sequences resulting in the circular structure of the RNPs, which can 

be observed by electron microscopy (Gaudreault et al., 2019; Pepin et al., 2010).  
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Figure 2.2. Genomic organization of Rift Valley fever virus reprinted from Gaudreault et al., 2019. 

The encoded open reading frames are shown as solid black arrows on the large (L), medium (M), and 

small (S) segments of the viral genome. Untranslated regions (UTR) flank each segment. The length of 

each genomic segment is indicated in kilo bases (kb). Transcribed mRNAs are depicted as dashed arrows 

with the start codons (AUG) indicated as black boxes, and the resulting proteins shown as shaded boxes. 

Proteins encoded by the M-segment are produced by posttranslational cleavage of translated 

polyproteins. The nucleoprotein is generated by an mRNA transcribed from the negative-sense genomic 

viral RNA (vRNA). The non-structural S protein (NSs) is represented on the genomic-sense S vRNA as a 

white box and is produced from an mRNA transcribed from the antigenomic copy vRNA generated 

during viral replication. The octagon represents an intergenic transcription termination site 

(Gaudreault et al., 2019). 

 

M- and L-segments are of negative polarity. The M-segment encodes precursor proteins of 

the previously mentioned surface proteins Gn and Gc as well as non-structural proteins NSm 

and 78 kDa Gn/NSm fusion protein (Gaudreault et al., 2019; Ikegami, 2012). The non-
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structural proteins are associated with virulence. NSm, targeted to the mitochondrial 

membrane, suppresses virus-induced apoptosis and contributes to pathogenesis (Gaudreault 

et al., 2019; Won et al., 2007) and the Gn/NSm fusion protein is required for virus replication 

in mosquitoes (Kading et al., 2014). The L-segment in turn encodes the RNA-dependent RNA 

polymerase (L protein) that is indispensable for RNA transcription and replication (Boshra et 

al., 2011).  

The S-segment is of ambisense polarity. It encodes the nucleoprotein NP and in opposite 

polarity the non-structural protein NSs (Pepin et al., 2010). NP is assumed to play a role in 

virus assembly. It encapsidates the viral RNA and thus, together with the L protein, forms the 

RNP complexes that are necessary for RNA transcription and replication (Gaudreault et al., 

2019; Ikegami, 2012). Further, it induces humoral and T-cell response and is strongly 

immunogenic (Boshra et al., 2011). NSs is known to be the major factor of virulence. The 

multifunctional protein enables the virus to evade the antiviral immune response of the host 

by mainly acting as interferon antagonist (Boshra et al., 2011; Pepin et al., 2010). It forms a 

characteristic filamentous structure in the cytoplasm and the nucleus of infected cells 

(Gaudreault et al., 2019). Three to four hours post infection, NSs specifically inhibits IFN-ß 

gene transcription and thus suppresses the interferon response already at an early infection 

stage (Pepin et al., 2010). At later stages (after eight hours) of infection, it interacts with the 

p44 subunit protein of the TFIIH basal transcription factor, leading to the suppression of 

general host gene expression (Gaudreault et al., 2019; Ikegami, 2012; Pepin et al., 2010). 

Additionally, NSs promotes post-transcriptional downregulation of double-stranded RNA-

dependent protein kinase (PKR), associated with cellular antiviral responses, resulting in a 

facilitated and efficient viral replication (Boshra et al., 2011; Habjan et al., 2009; Ikegami et 

al., 2009). It has been shown that multiple passage on mammalian cell lines results in deletion 

of NSs gene, while alternating passages on both mammalian and mosquito cell lines contribute 

to its stability. These findings indicate that host alternation is important to maintain the main 

virulence factor of RVFV (Moutailler et al., 2011).  

 

2.4 RVFV replication  
 

Replication of RVFV takes place in the cytoplasm of infected cells and completion of one cycle 

requires about 10-12 hours (Gaudreault et al., 2019). An overview of the replication cycle is 

given in Figure 2.3. The first step in RVFV replication is initiated by the attachment of the virus 

to the host cell, which is mediated by the glycoproteins. They interact with host cell factors of 

the plasma membrane, leading to receptor-mediated endocytosis (Spiegel et al., 2016). One 

of these host cell factors that may play an important role in facilitating virus entry is the lectin 

DC-SIGN (dendritic cell-specific intercellular adhesion molecule-3-grabbing non-integrin) 
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(Lozach et al., 2011b). Other lectins may also be involved in RVFV entry to host cells. 

Additionally, the glycosaminoglycan heparan sulfate has been identified as potential 

attachment factor of the virus (Spiegel et al., 2016). Binding of the virus to these not definitely 

identified factors induces clathrin-dependent or -independent (such as caveolin-1-mediated) 

internalization (Harmon et al., 2012; Lozach et al., 2011b; Wichgers Schreur and Kortekaas, 

2016). After successful uptake of the virion into host cell endosomes, exposure to a decreased 

pH induces the fusion of the viral envelope and the endosomal membrane, resulting in the 

release of the RNPs into cell cytoplasm (Spiegel et al., 2016). A low pH upon transport of virions 

into endolysosomes probably triggers the virus’ Gc protein which displays a similar structure 

to class II membrane fusion proteins (Dessau and Modis, 2013). The protonation of certain 

histidines in Gc results in conformational changes of the protein and hence in the release of 

viral RNA and proteins into the cytoplasm (Spiegel et al., 2016). This strategy of a pH 

dependent delay of membrane fusion is used by several viruses to ensure the penetration of 

the cell deep in the cytoplasm (Lozach et al., 2011a). 

Right beside the fusion site, released RNPs serve as templates for transcription and replication 

(Wichgers Schreur and Kortekaas, 2016). Catalyzed by the RNA dependent RNA polymerase, 

each segment is transcribed into mRNA and subsequently replicated. As both negative- and 

positive-sense RNAs are present in the virion, the immediate transcription of NP and NSs 

mRNAs is possible (Gaudreault et al., 2019) and this early expression of NSs points to its 

important role during infection (Pepin et al., 2010). Since viral RNA lacks a 5’ cap structure, a 

cap-snatching strategy is used to synthesize the viral mRNA. Host mRNA is cleaved and capped 

5′ fragments serve as primers (Ikegami, 2012). The L- and S-segment mRNAs are translated by 

free ribosomes, while translation of M-segment-encoded mRNA is conducted by membrane 

bound ribosomes at the endoplasmic reticulum (ER). For Bunyavirus replication an on-going 

protein synthesis is prerequisite to prevent premature transcription termination and thus to 

transcribe functional mRNAs (Barr, 2007). The newly formed RNPs initiate again replications 

at random sites within the cytoplasm. Further, they are recruited by the glycoproteins to the 

Golgi complex. Virus particles are assembled in the Golgi apparatus and it is assumed that 

glycoprotein heterodimers bind the RNPs due to interaction between the cytoplasmic tail of 

Gn and the RNP encapsidating NP. Formed RNPs accumulate at the Golgi complex and budding 

into the Golgi lumen finally leads to assembly of the virions (Wichgers Schreur and Kortekaas, 

2016). The mature virions are released from infected cells by exocytosis, involving the 

glycoproteins (Gaudreault et al., 2019). Packaging of RVFV genome segments is supposed to 

be a non-selective process, as mature virions often lack one or more genome segments. Only 

ten percent of produced viral particles incorporate all three segments, leading to the 

construction of a wide variety of RVFV variants (Wichgers Schreur and Kortekaas, 2016). 

During coinfection with different virus strains, this non-selective process can result in the 
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generation of reassortants as replicated genomic segments from the parent viruses may be 

packaged together into virions (Gaudreault et al., 2019).  

 

 

 

 

Figure 2.3. Schematic presentation of the RVFV replication cycle, reprinted from Wichgers Schreur and 
Kortekaas, 2016.  

1) Upon virion attachment, the particles are endocytosed by clathrin-dependent (a) or independent (b) 
endocytosis. After acidification of the endosome, Gn and Gc undergo conformational changes resulting 
in fusion of the viral and endosomal membranes and subsequent release of the RNPs into the cytosol. 
Near the fusion site, the RNPs are used as templates for transcription and replication (5,6). L- and S-
segment-encoded mRNAs are translated by free ribosomes whereas M-segment encoded mRNA is 
translated by membrane bound ribosomes at the ER. Newly formed RNPs (4–6 hours post infection) 
migrate to random sites in the cytoplasm initiating additional rounds of replication followed by 
glycoprotein mediated recruitment to the Golgi (7). Glycoprotein heterodimers or higher-order 
glycoprotein structures are expected to bind RNPs via interaction of the NP with the cytoplasmic tail of 
Gn. Finally, RNPs accumulate at the Golgi and virions are formed by budding into the Golgi lumen (8). 
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Mature virus particles, containing zero to three, or perhaps even more genome segments, are released 
from the cell via exocytosis (9) (Wichgers Schreur and Kortekaas, 2016). 

 

2.5 Epidemiology of RVFV 
 

The first ancestor of RVFV has been estimated by phylogenetic analyses to emerge in the late 

1800s (Bird et al., 2007b). An acute and fatal disease in sheep observed in Kenya in 1913 may 

have represented RVF cases (Davies, 2010). In 1931, the virus was first described by Daubney 

et al., who investigated an outbreak affecting, small ruminants, cattle and humans in the Rift 

Valley, Kenya. During this outbreak, 5,000 animals died and a febrile but non-fatal disease 

accompanied by severe pain was observed in humans (Daubney and Hudson, 1931). Since the 

1950s, Kenya has been affected by over eleven RVF epidemics, occurring on average every 3.6 

years (Murithi et al., 2011). In addition, endemic circulation of the virus has been proven 

repeatedly (Davies, 1975; Lichoti et al., 2014a).  

During the past 100 years, the virus has spread over the entire African continent, underlining 

its enormous potential for dispersal (Rissmann et al., 2019). Already in the year of its first 

identification, the virus probably spread outside Kenya and emerged in Tanzania (Sindato et 

al., 2014). Following, the second major RVF outbreak occurred between 1950 and 1951 in 

South Africa (Freed, 1951; Rissmann et al., 2019). 100,000 fatal cases and half a million 

aborted lambs were described in sheep during this time (Gerdes, 2004). Additionally, severe 

ocular disease was reported in infected humans (Freed, 1951). Since then, RVFV has caused 

recurrent outbreaks in numerous countries in East and Southern Africa (Himeidan et al., 2014; 

Pienaar and Thompson, 2013; Rissmann et al., 2019). The epidemics are associated with 

exceptionally high precipitations and a resulting increase in the mosquito population 

(Linthicum et al., 2016). In 1973, during an outbreak in South Africa, human RVFV infections 

leading to hemorrhagic fever and fatal clinical complications were reported for the first time 

(van Velden et al., 1977).  

In 1977, an RVF epidemic occurred in Egypt, for the first time outside of the virus’ known area 

of origin in Sub-Saharan Africa (Hoogstraal et al., 1979). It is presumed that the virus had been 

introduced by viremic livestock imported from Sudan, where RVFV was epizootic in 1976 (Gad 

et al., 1986; Hoogstraal et al., 1979). Providing large breeding sites for mosquitoes, the Aswan 

dam building in southern Egypt may have promoted the occurrence of high numbers of RVFV-

transmitting mosquitoes favoring the circulation of the imported virus (Digoutte and Peters, 

1989). As half of the animals within the country were affected, the outbreak had a severe 

impact on the Egyptian economy. Further, 200,000 humans were affected which led to the 

death of 600 people, remaining the highest number of human cases during an outbreak to 
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date (McMillen and Hartman, 2018). Since then, Egypt has been affected by recurrent RVF 

epidemics (Ahmed Kamal, 2011).  

In West Africa, the disease was first described in 1987, when a large outbreak occurred in 

Mauritania and Senegal (Favier et al., 2006). The route of RVFV introduction from endemic 

East and South Africa to Western Africa remains unknown. However, phylogenetic analyses 

have shown a single introduction from Central Africa (Samy et al., 2017). RVFV strains isolated 

during this outbreak displayed very low diversity compared to those circulating in endemic 

Eastern Africa (Bird et al., 2007b). It can be assumed that the virus was introduced to Western 

Africa prior to this epidemic, as isolation of the virus from mosquitoes has already been 

described in 1974 (Fontenille et al., 1998). Similar to Egypt, the completion of a dam (Diama 

dam) in 1986 probably created conditions favorable for the appearance of high numbers of 

RVFV-transmitting mosquitoes, leading to the onset of this epidemic in the nearby city 

Keurmacen (Digoutte and Peters, 1989; Sow et al., 2002). Data suggest an ongoing endemic 

RVFV circulation in Western Africa since this first epidemic (Diallo et al., 2005; Rissmann et al., 

2017a) and recurrent RVF epidemics have been reported with recent outbreaks occurring in 

Mauritania (Bob et al., 2017), Niger (Lagare et al., 2019) and Gambia (WHO, 2018a). In contrast 

to East and South Africa where RVF outbreaks are associated with unusually heavy rainfall, in 

West Africa rainless periods during the rainy season that are followed by large precipitation 

favor the risk of epidemics. Thus, intra-seasonal variability is more critical than overall high 

seasonal precipitation (Caminade et al., 2014).   

The virus also spread to Madagascar, outside the African mainland where it was detected in 

mosquitoes in 1979 (Olive et al., 2013). The virus first caused an epidemic on the island in 

1990/1991 with several outbreaks following (Lancelot et al., 2017; Olive et al., 2013). 

Phylogenetic analyses have shown that at least three RVFV introductions to Madagascar have 

occurred (Sall et al., 1998; Samy et al., 2017) and that these introductions probably were the 

immediate cause of epidemics affecting the island (Carroll et al., 2011). However, also viral 

circulation within the country (Chevalier et al., 2011) and on the neighboring islands Comoros 

(Roger et al., 2014) and Mayotte (Cetre-Sossah et al., 2012a) has been proven repeatedly. 

In 2000, the virus first appeared outside the African continent, causing a devastating epidemic 

in Saudi Arabia and Yemen with high human and livestock losses (Balkhy and Memish, 2003). 

Strains isolated during this outbreak belonged to the same genetic lineage as strains from the 

largest RVF outbreak seen so far which occurred in East Africa between 1997 and 1998 (Bird 

et al., 2007b). Virus introduction from Eastern Africa resulted most likely from the import of 

infected livestock. High numbers of susceptible small ruminants were imported for the Islamic 

Feast of Sacrifices during this time which coincided with the beginning of the rainy season this 

year and therefore with the abundance of high numbers of vectors. Both are known to be 

favorable conditions for RVFV amplification and spread (Abdo-Salem et al., 2011a). Few data 
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are available, pointing to a following maintenance of the virus in this area (Rissmann et al., 

2019). 

Most recently, South Africa (Jansen van Vuren et al., 2018), Gambia (WHO, 2018a), Kenya (OIE, 

2019b; WHO, 2018b), Mayotte (Bouree, 2019), Sudan (WHO, 2019), Chad (OIE, 2019a) and 

Libya were affected by RVF outbreaks. In Libya, the epizootic represents the first reported 

occurrence of the virus in the country (OIE, 2020). Furthermore, evidence of RVFV circulation 

has been found in other areas previously unaffected by the virus: Tunisia (Bosworth et al., 

2016), Turkey (Gur et al., 2017) and the Iran (Fakour et al., 2017). In Figure 2.4, the current 

distribution of RVFV is presented (the most recent epizootics in Chad and Libya are not 

included).   

 

 

Figure 2.4. Distribution of Rift Valley fever phlebovirus (early 2019) (Rissmann et al., 2019). 
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2.6 Reservoir hosts of arboviruses 
 

The epidemic cycle of arboviruses is usually complex, as their circulation involves susceptible 

hosts and hematophagous arthropods that act as vectors. Vertebrate reservoir hosts often 

play a role in maintaining the virus. Several characteristics are necessary for vertebrates to be 

capable of acting as reservoir for mosquito-borne viruses. A general susceptibility to the 

pathogen with the development of high viremia during the infection is needed to obtain the 

ability to transmit the virus. However, no or only mild clinical manifestation should be 

observed to ensure the survival of these animals. A high reproduction rate in a population 

results in high numbers of susceptible hosts. Finally, a habitat providing frequent contact to 

mosquitoes facilitates the likelihood of transmission (Rodhain, 1998).  

Several vertebrates are discussed to serve as reservoirs and amplification hosts of arboviruses. 

For example, bats that have also been identified as reservoir for other viruses, have been 

suggested to be involved in the ecology of several arboviruses, including RVFV and Japanese 

encephalitis virus (Fagre and Kading, 2019). Reptiles and amphibians are assumed to act as 

reservoir for Chikungunya virus (Bosco-Lauth et al., 2018) and birds as well as rodents are 

suspected to be involved in maintaining Eastern equine encephalitis virus (Arrigo et al., 2010). 

 

2.7 RVFV transmission 

 

RVFV transmission cycle, depicted in Figure 2.5, can be divided into an enzootic (inter-

epidemic) and an epidemic cycle.    
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Figure 2.5. Rift Valley fever phlebovirus ecology and mechanisms of maintenance (Rissmann 

et al., 2019). 

Rift Valley fever phlebovirus ecology and mechanisms of maintenance. The enzootic cycle of RVFV is 

characterized by sparse virus transmission from mosquitoes to susceptible vertebrate hosts and virus 

introduction may occur via import of infected animals or moving of animals into different habitats. As 

soon as ecological parameters favor an increase in the Aedes spp. population, the possibility for a 

transition to epidemics is facilitated and secondary bridge vectors, such as Culex spp. and Anopheles 

spp. additionally support RVFV transmission (Rissmann et al., 2019). 

 

2.7.1 Enzootic / inter-epidemic cycle 
 

During the enzootic cycle, in the absence of reported epidemics, RVFV is maintained by sparse 

transmission between mosquitoes and susceptible vertebrates (Rissmann et al., 2019). 

Various studies during inter-epidemic periods have proven an ongoing RVFV circulation with 

silent infections in ruminants (Davies, 1975; Rissmann et al., 2017a). Aedes spp. mosquitoes 

serve as primary vectors of the virus and are believed to contribute to long-term RVFV 

maintenance. It is assumed that RVFV can be passed on between Aedes spp. generations by 

vertical (transovarial) transmission (Linthicum et al., 2016). The eggs of Aedes spp. are very 

resistant and can survive long periods of drought (Lumley et al., 2017). Vertical transmission 

within the mosquito population has been detected in mosquitoes in Kenya (Linthicum et al., 

1985) and multiple isolations of the virus from field caught Aedes spp. mosquitoes are 
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supporting their role as primary vectors (Linthicum et al., 2016; Smithburn et al., 1948). 

Additionally, it is believed that a yet unknown wildlife reservoir plays a role in maintaining the 

virus. A wide range of vertebrates are known to be susceptible to RVFV infection and various 

mammals have been discussed as potential reservoir hosts (Olive et al., 2012). RVFV infection 

has been found in several wild ruminants (Fagbo et al., 2014; Van den Bergh et al., 2020). 

Further, bats and rodents have been discussed as reservoir hosts of the virus and multiple 

publications support the involvement of those animals in RVFV ecology (Butenko, 1996; 

Daubney and Hudson, 1932; Fagre and Kading, 2019; Youssef and Donia, 2002). However, the 

definite role of wild ruminants, bats and rodents in maintaining the virus remains unknown to 

date (Olive et al., 2012).  

Moreover, reintroduction of the virus from endemic areas, either by vectors or infected 

animals, can additionally promote virus maintenance (Rissmann et al., 2019).   

 

2.7.2 Epizootic / epidemic cycle  
 

When environmental conditions are favorable for an increase in mosquito populations, a shift 

to the epidemic cycle can occur. High precipitation or inundations can lead to the massive 

hatch of persistent mosquito eggs and to an increase in mosquito breeding sites, resulting in 

high numbers of mosquitoes, including vertically infected Aedes spp.. These mosquitoes then 

transmit the virus to susceptible livestock and humans (Linthicum et al., 2016) and viremic 

animals subsequently transmit the virus to other mosquitoes. More than 40 different 

mosquito species have been found to be naturally infected with RVFV (Chevalier et al., 2010; 

Linthicum et al., 2016). These species (Culex spp., Mansonia spp., Anopheles spp.) can act as 

secondary bridge vectors of the virus, contributing to high numbers of infected animals and 

humans (Linthicum et al., 2016; Lumley et al., 2017). Additionally, virus spread via horizontal 

transmission between animals may occur. Although data have been published confirming this 

transmission pathway (Busquets et al., 2010), its definite role in RVFV ecology needs further 

investigation (Rissmann et al., 2019; Wichgers Schreur et al., 2016).   

 

2.7.3 Human exposure routes  
 

Differing from described transmission pathways in susceptible animals, human infections 

often occur after exposure to infected animals, their tissues or aborted fetuses. However, it is 

difficult to identify definite infection routes of humans during epidemics as infected people 

have mostly been exposed to both mosquitoes and infected animals (Madani et al., 2003; 

McMillen and Hartman, 2018). There are data confirming human infection through mosquito 
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bites (Gerdes, 2004; Liu et al., 2016; McIntosh et al., 1980), but infection via contact to 

infected animals or infectious tissues has been described numerously (Anyangu et al., 2010; 

McIntosh et al., 1980; van Velden et al., 1977). Transmission occurs via mucous membranes 

and lesions of the skin (Gerdes, 2004) and this mode of transmission has been observed to be 

of particular importance for severe disease progression (Anyangu et al., 2010). Additionally, 

infection via aerosol has been reported, as people who have avoided direct contact to 

infectious tissue became infected (Hoogstraal et al., 1979). Therefore, farmers, shepherds, 

veterinarians as well as slaughterhouse workers are particularly at risk (McMillen and 

Hartman, 2018). Laboratory infections of people that worked with the virus have also been 

described repeatedly (Francis and Magill, 1935; McIntosh et al., 1980; Smithburn et al., 1949). 

Furthermore, the infection of humans due to exposure to unpasteurized milk from infected 

animals has been considered as potential risk (Bird et al., 2009; Grossi-Soyster et al., 2019). 

However, horizontal transmission between humans, which would represent a crucial 

dissemination aspect, has not been observed to date (Al-Hamdan et al., 2015; Chevalier, 

2013).  

 

2.8 Clinical signs of RVFV infection 
 

A wide range of vertebrates are known to be susceptible to the virus (Olive et al., 2012). During 

epidemics, the disease mainly affects ruminant livestock and humans (Daubney and Hudson, 

1931), but camels have also been reported to play a role in amplification of the virus during 

outbreaks (El Mamy et al., 2011). Imported viremic camels are suspected of being the source 

for RVFV introduction into Egypt in 1977 (Hoogstraal et al., 1979). Laboratory mice and rats 

are susceptible to RVFV infection and provide a good model for studies on the virus (Anderson 

et al., 1987; Caroline et al., 2015). Breed-dependent differences in susceptibility have been 

observed for both ruminants (Gerdes, 2004) and laboratory animals (Ritter et al., 2000). 

 

2.8.1 Ruminants 
 

2.8.1.1 Sheep 

 

As already described in 1931, sheep are the most susceptible species to RVFV infection among 

ruminants. In sheep, RVF is characterized by high fatality rates of up to 100 % in newborn 

lambs and high abortion rates in ewes (Daubney and Hudson, 1931; Easterday, 1965). The 

severity of the disease is depending on the animals’ age. In lambs, high fever, abdominal pain, 

an increased respiratory rate and gastrointestinal hemorrhages are observed, leading to death 
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within 24 hours. In older animals, mortality rates reach up to 30 %. Most adult sheep do not 

develop clinical signs or only mild symptoms, but apathy, fever, emesis, diarrhea, nasal 

mucopurulent discharge or sudden death can also be observed (Bird et al., 2009; Easterday, 

1965; Gerdes, 2004). In ewes, massive abortion rates, independent of the stage of gestation, 

that include malformation of fetuses and stillbirth are typical for RVFV infection (Bird et al., 

2009).  

 

2.8.1.2 Goats 

 

The same course of disease as that described for sheep is observed in goats. Although these 

small ruminants are also highly susceptible to the disease and high animal losses have been 

reported during outbreaks, they seem to be more refractory to severe disease (Bird et al., 

2009). 

 

2.8.1.3 Cattle 

 

Cattle are the less susceptible species among ruminants. Course of the disease is similar to 

that observed in small ruminants, but severe and lethal disease is found to be less common. 

Estimated mortality rates of RVF in calves range from 10 to 70 % (Bird et al., 2009). In adult 

cattle, lethal outcome of RVFV infection is generally seen in less than 10 % of animals (Gerdes, 

2004). Abortion among pregnant cattle are common and often the only evidence of RVF 

disease (Easterday, 1965). However, cattle can also suffer from fever, lethargy, salivation, 

bloody diarrhea, nasal discharge as well as epistaxis (Bird et al., 2009; Daubney and Hudson, 

1931; Gerdes, 2004). In dairy cattle, a drop in milk production can be observed (Bird et al., 

2009). 

 

2.8.2 Camels 
 

Several RVFV infections in camels without any signs of disease have been described repeatedly 

(El Mamy et al., 2011). However, high abortion rates in these animals have been reported 

during several RVF epidemics. In Mauritania, the fatality rate in calves reached about 20 % 

during an outbreak in 1998 (Bird et al., 2009). In 2010, El Mamy et al. described a huge 

epidemic that severely affected Camels in northern Mauritania. Animals developed fever, 

edema, dyspnea, bloody nasal as well as ocular discharge, severe conjunctivitis and blindness, 

ataxia, neurological symptoms and hemorrhages, leading to death within a few days. 

Additionally, hyperacute forms with sudden death occurred. Among pregnant camels, high 

abortion rates were again observed (El Mamy et al., 2011). 
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2.8.3 Laboratory rodents  
 

2.8.3.1 Mice 
 

Mice are highly susceptible to RVFV infection (Findlay and Daubney, 1931). RVF in these 

animals has found to be similar to two severe forms of the disease in humans (Findlay, 1932; 

Smith et al., 2010). The rodents suffer from acute hepatitis and may die within three days 

(Smith et al., 2010), often within one hour after onset of lethargy (Findlay, 1932). Animals that 

survive this acute phase of disease may subsequently develop neurological disorders. 

Panencephalitis often leads to death within ten days of RVFV infection (Ikegami and Makino, 

2011; Smith et al., 2010). 

 

2.8.3.2 Rats 
 

Already during the first described RVF outbreak in 1930, high mortality was observed in rats 

(Daubney and Hudson, 1932). The susceptibility of in-bred rats has found to be largely 

depending on their genetic background (Ritter et al., 2000). Some in-bred rat strains are highly 

susceptible to RVFV infection. Just as observed in mice, these strains suffer from severe 

hepatitis, leading to death within a few days (Anderson et al., 1987). Other rat strains show 

resistance or later onset of the disease with development of encephalitis, which can be fatal 

(Anderson et al., 1987; Peters and Slone, 1982; Ritter et al., 2000). Disease outcome is also 

depending on the infection route, as exposure to infectious aerosol has found to result more 

likely in encephalitis and death than subcutaneous virus injection (Bales et al., 2012). 

 

2.8.4 Humans 
 

Most human RVF cases are characterized by a self-limiting febrile illness with sudden onset. 

The clinical appearance is similar to that of a dengue virus infection (Bird et al., 2009). Infected 

people suffer from fever, lasting up to five days, headache, severe body aches, vomiting and 

constipation (McMillen and Hartman, 2018). In some cases, biphasic fever can be observed 

(Gear, 1989). Yet, this uncomplicated RVF type of disease found in most RVFV infected humans 

is not lethal, but convalescence may take a week or more (McMillen and Hartman, 2018). 

However, about 1 % of RVFV infected people suffer from severe disease. Course and 

progression of disease are correlated with viral titers found in blood of the patients (Bird et 

al., 2009). Similar to RVF in infected livestock, the liver presents the main affected organ. 

Patients develop hepatitis or acute hepatic necrosis and jaundice as well as renal failure may 

follow (Laughlin et al., 1979; Madani et al., 2003; McMillen and Hartman, 2018). High levels 
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of liver enzymes are found in blood, followed by profound coagulopathy, leading to a 

hemorrhagic syndrome with similarities to that observed in patients suffering from an Ebola 

virus infection (Madani et al., 2003; McMillen and Hartman, 2018). Typical symptoms are 

gingival bleeding, epistaxis, blood vomiting, blood in feces and urine and purple skin rash 

(McMillen and Hartman, 2018). Within one week, this severe form of RVF disease may lead to 

the death of the infected person (Laughlin et al., 1979).  

In addition, about 10 % of RVFV infected humans develop an ocular disease (Gear, 1989). This 

complication can occur in people with less severe disease manifestation (Freed, 1951; 

McMillen and Hartman, 2018). Within two weeks after disease onset, retinitis, retinal bleeding 

or uveitis may be observed (Al-Hazmi et al., 2005), resulting in photophobia, reduced vision or 

blindness (McMillen and Hartman, 2018). These symptoms can resolve within weeks or 

months, but permanent ocular dysfunctions have been reported (McIntosh et al., 1980). 

Additionally, within days or weeks after recovery from the initial febrile illness, persistent and 

sever neurological disorders as well as encephalitis may occur. Patients suffer from visual 

hallucination, disorientation, excessive salivation and teeth-grinding, stupor or coma (van 

Velden et al., 1977). Recovery is possible, but permanent neuronal dysfunctions have also 

been reported (McIntosh et al., 1980). In about 50 % of patients showing clinical 

complications, the disease may cause death (Madani et al., 2003). 

  

2.9 Pathology and histopathology of RVF 
 

The primary target organ in most animals is the liver (Gerdes, 2004). Frequently enlarged and 

discolored livers show a soft and friable texture (Bird et al., 2009). Liver lesions are 

characterized by extensive hepatitis, with scattered foci of coagulative necrosis (Coetzer, 

1977; Ikegami and Makino, 2011). Splenomegaly as well as enlargement of the lymph nodes 

and adrenal glands can be observed (Bird et al., 2009; Easterday, 1965). In histopathology, 

generalized destruction of lymphocytes is discovered in lymph nodes and the spleen (Bird et 

al., 2009; Coetzer, 1977; Ikegami and Makino, 2011). Moreover, necrotizing encephalitis with 

neuronal necrosis, a neutrophilic infiltrate, and perivascular cuffing is abundant in animals 

with neurological disease (Ikegami and Makino, 2011). Hemorrhages that occur in the liver are 

also seen in the spleen, lymph nodes and the brain as well as in the gastrointestinal system, 

kidneys, adrenal glands and the heart (Coetzer, 1977; Easterday, 1965; Ikegami and Makino, 

2011). Infection of the heart muscle cells may lead to cardiac dysfunction and infection of the 

vascular pericytes can promote perivascular hemorrhages (Smith et al., 2010). Additionally, 

pulmonary hemorrhage and edema with multifocal necrosis of alveolar and peribronchiolar 



22 
 

lymphoid tissue may be developed (Bird et al., 2009). Furthermore, necrosis of kidneys, the 

intestine and adrenal glands can be found in some animals (Coetzer, 1977; Easterday, 1965).   

 

Viral antigen can be detected in multiple organs, including the liver, various lymphoid tissues, 

the brain, the gastrointestinal system, kidneys, lungs the reticulo-endothelial system, the 

heart, adrenal glands and ovaries or endometrium (Bird et al., 2009; Ikegami and Makino, 

2011; Smith et al., 2010; Van der Lugt et al., 1996). 

 

2.10 Diagnosis of RVFV infection 
 

To prevent RVFV spread, monitoring of animals and efficient disease report are of utmost 

importance (Hartman, 2017). Clinical manifestation in livestock is often not distinctive (Bird et 

al., 2009) and clinical signs in humans frequently show no specific characteristics. Therefore, 

reliable and rapid laboratory diagnostic methods are crucial to protect humans and animals 

(Pepin et al., 2010). Serum, whole blood and tissues of carcasses can be used for diagnostics 

(Bird et al., 2009) and diagnosis of RVF can be achieved with a variety of techniques. However, 

adequate diagnostic tools vary during the course of infection ((OIE), 2018). Viremia in infected 

individuals reaches high titers but is of short duration, and the detection of antibodies is only 

successful with a certain time delay (Figure 2.6). Therefore, for definitive diagnosis or 

exclusion of RVFV infection, a combination of at least two different test methods is required 

(Pepin et al., 2010). Combination of different diagnostic approaches can also contribute to 

determining the stage of infection ((OIE), 2018). 
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Figure 2.6. Schematic representation of time course of viremia and antibody responses against RVFV 

in experimentally-infected animals reprinted from Pepin et al. (Pepin et al., 2010). 

 

Agent identification is possible by virus isolation on mammalian or mosquito cell lines (Gerdes, 

2004) or by inoculation of sucking mice ((OIE), 2018), but these procedures are comparably 

time-consuming (Pepin et al., 2010). Virus genome can rapidly be detected by conventional or 

quantitative real-time reverse transcriptase PCR (qRT-PCR). For this purpose, numerous 

protocols are available, targeting the S- (Garcia et al., 2001), M- (Drosten et al., 2002) and L-

segment (Bird et al., 2007a). This tool can also be used to identify RVFV in mosquitoes ((OIE), 

2018; Jupp et al., 2000). Furthermore, RVFV antigen is detectable by enzyme linked 

immunosorbent assay (ELISA) (Fukushi et al., 2012) and by immunohistochemistry (Rissmann 

et al., 2017c).  

 

Several assays are available for serological testing of specimens. Detection of antibodies 

against RVFV is mainly performed by ELISA or virus neutralization test (VNT) ((OIE), 2018). 

Because of its sensitivity and specificity, the latter is considered the gold standard for 

detection of RVFV infection (Wichgers Schreur et al., 2017). However, VNT procedure is 

lengthy and most VNTs are based on virulent RVFV strains, thus requiring appropriate 

biosecurity facilities (BSL-3) ((OIE), 2018; Pepin et al., 2010). Recently, efforts have been made 
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to develop and validate tests with attenuated RVFV strains (Wichgers Schreur et al., 2017). 

ELISAs are a reliable and sensitive test method to evaluate RVFV infection ((OIE), 2018). They 

are mostly based on NP (Fafetine et al., 2007; Paweska et al., 2007; Paweska et al., 2008; 

Rissmann et al., 2017a), but also Gn-based assays are described (Jäckel et al., 2013). An 

advantage of ELISAs is the specific detection of IgM or IgG antibodies and thereby the 

possibility to diagnose recent infections ((OIE), 2018). Additionally, immunofluorescence 

assays are used for antibody detection ((OIE), 2018).  

 

2.11 RVF treatment  
 

To date, there is no treatment of RVFV infection for either infected animals or humans other 

than supportive care (Bird et al., 2009; Hartman, 2017).  

Ribavarin has been examined as potential antiviral drug as it shows efficacy against other 

emerging hemorrhagic fever viruses (Hartman, 2017). It has been tested in different 

laboratory animals, including mice, rats and macaques. A shift towards a delayed onset of the 

disease with neurological symptoms has been observed in these experiments, which is why 

its use is not recommended in uncomplicated cases (Bird et al., 2009). Nevertheless, it has 

been used during the major epidemic in Saudi Arabia in 2000, but administration has quickly 

been stopped, as an increased likelihood of neurological disease was also observed in humans 

(Hartman, 2017). The newer broad-spectrum antiviral therapeutic drug Favipiravir has found 

to be more effective in experimental rodent models (Hartman, 2017), but like Ribavarin, this 

drug probably fails to prevent late neurological complications (Atkins and Freiberg, 2017). In 

addition, several other molecules show promising experimental results, but at present, there 

are no effective and approved therapeutics available (Atkins and Freiberg, 2017). 

 

2.12 Prevention of RVF 
 

2.12.1 Surveillance 
 

RVFV introduction into non-endemic areas but also reintroduction of the virus into already 

affected regions are major components, leading to RVFV occurrence (Rissmann et al., 2019). 

Import of viremic livestock represents the main cause for RVFV introduction and results in 

epidemics in previously unaffected areas (Abdo-Salem et al., 2011b; Hoogstraal et al., 1979; 

Pfeffer and Dobler, 2010). Therefore, it is of utmost importance to monitor inter-country 

movements of livestock. In addition, in countries where animals are imported from endemic 
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areas, an adequate quarantine system and control of imported animals should be 

implemented (Rissmann et al., 2019). RVF epidemics are likely to occur, when climatic 

conditions favor the presence of large numbers of mosquitoes. The use of satellite data or 

other tools to predict climatic conditions leading to an increase in the vector population can 

help to prevent outbreaks (Gerdes, 2004).  

Early detection of an ongoing RVFV circulation is important for the prevention of human 

disease. As most adult animals do not show clinical signs, active surveillance of livestock, the 

incidence of abortion occurrence and sentinel herd monitoring are effective instruments to 

identify viral circulation before transition to epidemics. Whenever RVF cases are detected, 

mosquito and animal movement controls should be largely implemented to prevent further 

spread of the virus. Additionally, public awareness and preventive measures when handling 

infected animals or their carcasses are crucial to reduce human infections (Hartman, 2017).  

 

2.12.2 Vaccines 
 

Although the virus has been known for almost a century, only insufficient solutions for its 

prevention exist. Vaccination of livestock can help to control RVF epizootics and prevent the 

spread of the virus to humans (Bird and McElroy, 2016; Hartman, 2017). Human vaccines are 

needed to protect people working with susceptible animals and thus being at permanent risk 

of exposure (Kortekaas, 2014).  

The first animal vaccine was developed by Smithburn in the 1940s through intracerebral 

passage of a RVFV strain isolated from mosquitoes in mice (Kortekaas, 2014; Smithburn, 

1949). The still available vaccine, that provides long-lasting immunity, has been used on large 

scale in numerous East and South African countries (Kortekaas, 2014; Rissmann et al., 2019). 

However, due to its residual virulence, it can induce abortions and malformation of fetuses in 

pregnant animals (Kortekaas, 2014). In addition, the occurrence of pathogenic reassortants 

between the Smithburn vaccine strain and wild type RVFV during coinfection has been 

reported. These findings demonstrate that use of this vaccine may promote RVFV 

maintenance (Grobbelaar et al., 2011).  

Since the 1960s, the strain has been used as formaldehyde-inactivated vaccine to prevent 

infection of people working with the virus in laboratories (Randall et al., 1962). However, as 

sufficient immunity is only obtained after several inoculations, these vaccines of low efficacy 

are not practical for the use in livestock (Hartman, 2017).  

Therefore, in the 1980s and 1990s next generation live-attenuated vaccines (MP-12 and 

Clone 13) were generated. These vaccines show good protection in experimental trials, but 
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residual teratogenic effects have also been observed in pregnant animals (Hartman, 2017). 

However, MP-12 vaccine remains the only (conditionally) licensed vaccine in the US (Bird and 

McElroy, 2016). Efforts are being made with promising results to further attenuate these 

vaccine and virus strains (Kortekaas, 2014). Some of these attenuated vaccines have the 

additional advantage of their potential to differentiate between infected and vaccinated 

animals (DIVA, Differentiating Infected from Vaccinated Animals) (Hartman, 2017).  

Recently, vaccines based on viral vectors have also been developed that provide good 

protection. To obtain the safety of inactivated vaccines and the efficacy of live vaccines, RVFV 

replicon particles were produced (Kortekaas, 2014). These non-spreading RVFV particles (NSR) 

have shown to induce sterilizing immunity, making them promising vaccine candidates 

(Oreshkova et al., 2013). 

 

  



27 
 

3   MATERIALS AND METHODS 

 

 

In the following, an overview of the materials and methods used in this work is provided. 

Detailed descriptions are given in the corresponding sections of the manuscripts. 

 

3.1   Literature research 
 

For literature research, different databases were used: PubMed® (National Center for 

Biotechnology Information, National Library of Medicine, Bethesda, Maryland, USA), Scopus® 

(Elsevier B.V., Amsterdam, Netherlands) and Loeffler Discovery Service (Friedrich-Loeffler-

Institut, Germany). 

 

3.2   Field sampling  
 

Mosquitoes were collected with Heavy Duty EVS (Encephalitis Vector Survey) CO2 Mosquito 

Traps (BioQuip Products Inc., Rancho Dominguez, CA, USA) at different collection sites in 

Mauritania in 2018. Captured mosquitoes were transferred to -20 °C.  

Moreover, sera were taken from cattle on a farm in Rosso (Trarza, Mauritania) in 2018 in the 

context of livestock disease monitoring duties by the collaboration partners’ official National 

Reference Laboratories to confirm clinically observed RVF diseases. In addition, sera collected 

during a previous routine medical examination by the Mauritanian authorities on the same 

farm were also analyzed in this study. For further details, see Manuscript II.  

 

3.3   Mosquito species identification 
 

Collected mosquitoes were morphologically identified to species (or genus) levels using 

determination keys by Peter F. Mattingly and Assane G. Fall (Fall, 2013; Mattingly P.F., 1971). 
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3.4   Animal trial  
 

Adult black rats (Rattus rattus) of the Tilbury strain (purchased from Franz-Rainer Matuschka 

(Michendorf, Germany)) were used for the animal trial. The rats were kept at biosafety level 

3 (BSL-3) containment facilities of the Friedrich-Loeffler-Institut, Insel-Riems.  

The black rats were subcutaneously infected with 0.25 ml of a live virus dilution in the nuchal 

fold. Control and contact animals received 0.25 ml of sterile medium administered in the same 

way. The rats were observed for 3, 14 and 28 days post infection, their health status was 

assessed daily on the basis of a score sheet and body weights of the animals were measured 

regularly. Blood and swab samples were collected according to a comprehensive sampling 

scheme. The blood samples were taken via puncture of the tail vein or by cardiac puncture 

after euthanasia. Oral, conjunctival and rectal swab samples were transferred to sterile 

medium immediately after collection and incubated for 30 minutes before further procedure. 

Prior to interventions, rats were anaesthetized by intramuscular injection of tiletamine-

zolazepam (Zoletil®, Virbac, Carros, France). For euthanasia, animals were injected with 

pentobarbital sodium (Release®, WDT- Wirtschaftsgenossenschaft deutscher Tierärzte eG, 

Garbsen, Germany) after anaesthetization and subsequently bled by cardiac puncture. 

Necropsy of the animals was performed in a safety cabinet at BSL-3 conditions.  

For further details, see Manuscript III. 

 

3.5   Virus and quantification of viral load 
 

RVFV strain 35/74 (accession number: JF784386-88), kindly provided by Jeroen Kortekaas 

(University of Wageningen, Wageningen Bioveterinary Research, Lelystad, the Netherlands), 

was grown on BHK 21 cells (baby hamster kidney cells, Collection of Cell Lines in Veterinary 

Medicine, Friedrich-Loeffler-Institut, Germany). To determine the virus titer, a 50 % Tissue 

Culture Infective Dose (TCID50) assay was used and the TCID50 was calculated as described by 

Spearman and Kaerber (Kärber, 1931). The virus was used in the animal trial and for diagnostic 

assays (IIFA, SNT). A TCID50-assay on BHK 21 cells was also conducted to quantify viral loads in 

blood, swab and tissue samples of the animal trial. 

For further details, see Manuscript III.  
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3.6   Virus isolation 
 

To attempt virus isolation of positive tested blood and mosquito samples (qRT-PCR, ELISA), 

filtered samples were added to 90 % confluent monolayers of mosquito and vertebrate cells 

and incubated at cell-dependent temperatures and 5 % CO2. The presence of a cytopathogenic 

effect (CPE) was checked daily. If CPE was detected or after a maximum of seven days, cell 

culture supernatants were harvested and tested in the respective qRT-PCR. For further details, 

see Manuscript II. 

 

3.7   Indirect immunofluorescence assay (IIFA) 
 

To verify RVFV infection of the cells used for attempting virus isolation, an IIFA was performed 

as described by Mroz et al. (Mroz et al., 2018). A monoclonal antibody against the NP of RVFV 

was used. For further details, see Manuscript II. 

 

3.8   Polymerase chain reaction (PCR) 
 

The RNA/DNA extraction was performed using the NucleoMag® VET kit (MACHEREY-NAGEL 

GmbH & Co. KG, Düren, Germany) according to the manufacturer’s recommendations and the 

King Fisher™ Flex Purification System (Thermo Fisher Scientific, Waltham, Massachusetts, 

USA). Prior to extraction, a MS2 bacteriophage was added to each sample as an internal 

extraction control (Ninove et al., 2011). 

For the detection of RVFV-specific RNA, a qRT-PCR (Bird et al., 2007a) was performed using 

the QuantiTect® Probe RT‐PCR Kit (Qiagen, Hilden, Germany). The RNA was quantified with a 

synthetic calibrator RNA (Jackel et al., 2013). 

For the detection of RNA from viruses of the genus Flavivirus in blood and mosquito samples 

from Mauritania, a one-step SYBR® Green-based qRT-PCR with melting curve analysis (Vina-

Rodriguez et al., 2017) was conducted using the QuantiTect® SYBR® Green RT-PCR Kit 

(QIAGEN, Hilden, Germany). Another one-step SYBR® Green-based qRT-PCR with melting 

curve analysis (Eiden et al., 2014) using the same kit was performed to detect RNA from viruses 

of the genus Orthobunyavirus. The non-purified PCR products of samples showing specific 

melting curves were sent to Eurofins Genomics (Eurofins Genomics GmbH, Ebersberg, 
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Germany) for DNA sequencing. Obtained sequences were analyzed with BLAST (NCBI) to 

identify virus strains.  

To analyze blood meals of mosquitoes, a PCR specific for mitochondrial cytochrome b (Wolf 

et al., 1999) was performed using the QuantiTect® Multiplex PCR NoROX Kit (QIAGEN, Hilden, 

Germany). PCR products were verified by gel electrophoresis. When showing a specific band 

in the gel, the PCR products were sent for sequencing (Eurofins Genomics GmbH, Ebersberg, 

Germany) and obtained sequences were analyzed with BLAST (NCBI) to identify feeding hosts.  

For further details, see Manuscript II and III.  

 

3.9   Next generation sequencing (NGS) 
 

RNA from the lungs of an infected black rat was used to create a DNA library with the Illumina 

MiSeq System (Illumina, Inc., San Diego, CA USA) (Wylezich et al., 2018). The DNA library was 

sequenced with the MiSeq Reagent Kit v3 (600-cycles) (Illumina, Inc., San Diego, CA USA). 

Analysis of the sequences was performed using MegaBLAST (blast 2.6.0, build Dec 7 2016 

14:50:34). 

 

3.10   Pathological examination and immunohistochemistry 
 

Specimens of rat tissues were fixed, embedded in paraffin wax and stained with hematoxylin 

and eosin (HE). Respective samples were assessed for histopathological lesions using a Zeiss 

Axio Imager A1 microscope (Carl Zeiss Microscopy, Jena, Germany). 

Immunohistochemistry was performed with the avidin–biotin–peroxidase complex method 

(ABC, Elite PK6100; Vector Laboratories, Burlingame, CA, USA) with 3-amino-9-ethylcarbazole 

(AEC, Dako, Glostrup, Denmark) as chromogen and hematoxylin counterstain. A heat-

inactivated serum of a sheep immunized with RVFV MP12-strain NP (internal code: S24NP) 

was used as primary antibody for the detection of RVFV NP.  
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3.11   Serological assays 
 

3.11.1  Competition enzyme linked immunosorbent assay (ELISA) 
 

Serum samples of the animal trial were tested with the ID Screen® Rift Valley Fever 

Competition Multi-species ELISA (IDvet, Grabels, France) that is based on the NP of RVFV. The 

ELISA was conducted according to manufacturer's specifications. 

 

3.11.2  Serum neutralization test (SNT) 
 

To determine the development of neutralizing antibodies in black rats, an SNT was conducted 

as described and recommended in the OIE Terrestrial Manual ((OIE), 2012, 2018).  

For further details, see Manuscript III.  

 

3.11.3  Indirect IgG ELISA 
 

To identify antigen-specific IgG antibodies in blood of rats from the animal trial, an indirect 

“in-house” ELISA was used. For this purpose, antigens NP, Gn, Gc, NSm or NSs were coated 

separately and an adapted protocol of the ELISA published by Jäckel et al. (Jäckel et al., 2013) 

was used.  

For further details, see Manuscript III. 

 

3.11.4  IgM capture ELISA 
 

To identify recent infections, Mauritanian cattle sera were tested for the presence of IgM 

antibodies against RVFV NP using the ID Screen® Rift Valley Fever IgM Capture ELISA for 

ruminants (IDvet, Grabels, France). The ELISA was carried out according to the manufacturer's 

specifications.  
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4.1   Abstract  
 

Rift Valley fever phlebovirus (RVFV) is an arthropod-borne virus that has caused substantial 

epidemics throughout Africa and in the Arabian Peninsula. The virus can cause severe disease 

in livestock and humans and therefore the control and prevention of viral outbreaks is of 

utmost importance. The epidemiology of RVFV has some particular characteristics. 

Unexpected and significant epidemics have been observed in spatially and temporally 

divergent patterns across the African continent. Sudden epidemics in previously unaffected 

areas are followed by periods of long-term apparent absence of virus and sudden, 

unpredictable reoccurrence in disparate regions. Therefore, the elucidation of underlying 

mechanisms of viral maintenance is one of the largest gaps in the knowledge of RVFV ecology. 

It remains unknown whether the virus needs to be reintroduced before RVF outbreaks can 

occur, or if unperceived viral circulation in local vertebrates or mosquitoes is sufficient for 

maintenance of the virus. To gain insight into these knowledge gaps, we here review existing 

data that describe potential mechanisms of RVFV maintenance, as well as molecular and 

serological studies in endemic and non-endemic areas that provide evidence of an inter- or 

pre-epidemic virus presence. Basic and country-specific mechanisms of RVFV introduction into 

non-endemic countries are summarized and an overview of studies using mathematical 

modeling of RVFV persistence is given. 
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5.1   Abstract  

 

Rift Valley fever phlebovirus (RVFV) is an arthropod-borne virus that causes major outbreaks 

throughout the African continent and the Arabian Peninsula. It mainly affects ruminants and 

humans causing severe disease, but a wide range of other vertebrates are also known to be 

susceptible. Epidemics occur after heavy rainfall or inundations, favoring the presence of large 

numbers of mosquitoes. During inter-epidemic periods, RVFV is assumed to be maintained 

between vertically infected mosquitoes (Aedes spp.), susceptible livestock and a yet unknown 

wildlife reservoir of the virus. In Mauritania, several mosquito-borne viruses have been 

reported that can cause devastating diseases in animals and humans. However, monitoring 

data on their occurrence and local distribution are limited. The first Rift Valley fever (RVF) 

epidemic in Mauritania occurred in 1987 and since then the country has been affected by 

recurrent outbreaks of the disease. To gain information on the occurrence of RVFV as well as 

other mosquito-borne viruses and their vectors in Mauritania, we collected and examined 

4,950 mosquitoes, belonging to four genera and 14 species. The mosquitoes were captured 

during 2018 in the capital Nouakchott and in southern parts of Mauritania. Evidence of RVFV 

was found in a mosquito pool of female Anopheles pharoensis mosquitoes collected on a farm 

near the Senegal River where RVF cases were reported. To obtain information on potential 

RVFV reservoir hosts, blood meals of 258 captured engorged mosquitoes were analyzed. The 
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mosquitoes mainly fed on humans (urban areas) and cattle (rural areas), but also on small 

ruminants, donkeys, cats, dogs and straw-colored fruit bats. Results of this study demonstrate 

the circulation of RVFV in Mauritania and thus the need for further research to investigate the 

distribution of the virus and its vectors. Furthermore, factors that may contribute to its 

maintenance should be analyzed more closely. In addition, two mosquito pools containing 

Aedes aegypti and Culex quinquefasciatus mosquitoes showed evidence of dengue virus 

(DENV) 2 circulation in the city of Rosso. Further studies are therefore needed to also examine 

DENV circulation in Mauritania. 

 

5.2   Introduction  

 

Rift Valley fever phlebovirus (RVFV) is an arthropod-borne virus (arbovirus) of the order 

Bunyavirales, family Phenuiviridae, genus Phlebovirus, causing recurrent epidemics 

throughout Africa and the Arabian Peninsula (Rissmann et al., 2019). It is an enveloped RNA 

virus with a tripartite genome that encodes an RNA-depending RNA polymerase, two 

glycoproteins (Gc, Gn), two non-structural proteins (NSm, NSs) and a nucleoprotein (NP) 

(Pepin et al., 2010). First described in Kenya in 1931 (Daubney and Hudson, 1931), the virus 

induces severe disease in ruminants and humans with great impact on health and economy 

systems. In ruminants, the so-called “abortion-storms” with newborn fatality rates of up to 

100 % are characteristic of RVFV infection. Humans mostly develop only flu-like febrile illness 

with mild symptoms, but severe manifestations with neurological disorders, blindness or fatal 

hemorrhagic fever can occur (Bird et al., 2009).  

The RVFV transmission cycle is divided into an enzootic (inter-epidemic) and an epidemic 

cycle. During the enzootic cycle, the arbovirus is maintained by vertical transmission within 

the mosquito population (Aedes spp.) and by sporadic infections of susceptible animals 

(Rissmann et al., 2019). A wide range of vertebrates other than ruminants and humans are 

known to be susceptible to the virus and it is assumed that wildlife plays a role in RVFV 

maintenance during inter-epidemic periods. However, a specific reservoir host has not been 

identified to date (Olive et al., 2012). Blood meal analyses of RVFV vectors are useful to 

identify animals that may be involved in the maintenance of the virus, as feeding hosts can 

contribute to sustain the RVFV transmission cycle. The epidemic cycle generally occurs when 

climatic changes, such as heavy rainfall or inundations, favor an increase in the mosquito 

population, resulting in an enhanced likelihood of RVFV transmission to susceptible hosts. 

These infected hosts then transmit the virus to other vertebrates and mosquitoes, which in 

turn can spread the virus (Rissmann et al., 2019). In the mid-1950s, the virus was first isolated 

from mosquitoes (Smithburn et al., 1948) and since then, RVFV isolation from over 40 different 
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mosquito species has been described (Chevalier et al., 2010; Linthicum et al., 2016), indicating 

the involvement of these mosquitoes in RVFV ecology. 

In Mauritania, the first Rift Valley fever (RVF) epidemic occurred in 1987 (Digoutte and Peters, 

1989), but virological and serological findings point to an introduction of the virus into West 

Africa before this outbreak (Fontenille et al., 1998). Following, the country has been affected 

by recurrent RVF outbreaks threatening the population and its essential livestock (Bob et al., 

2017; Mint Mohamed Lemine et al., 2017). The occurrence of more than ten of the mosquito 

species believed to play a role in RVFV ecology has been described in Mauritania over the past 

20 years (Linthicum et al., 2016; Mint Mohamed Lemine et al., 2017). During outbreaks in 1998 

and 2003, Culex poicilipes and Culex antennatus mosquitoes were found to be infected with 

RVFV (Faye et al., 2014; Faye et al., 2007). Additionally, the virus was isolated from 

Culex poicilipes during an inter-epidemic period (Diallo et al., 2005). Together with the 

evidence of RVFV infection found in cattle, this demonstrates an active circulation of the virus 

during the absence of reported epidemics (Rissmann et al., 2017a). However, only scarce 

information on the abundance of RVFV-transmitting mosquitoes within Mauritania exist (Mint 

Mohamed Lemine et al., 2017) and data on RVFV maintenance during the enzootic cycle are 

limited (Rissmann et al., 2019).  

In addition to RVFV, various other mosquito-borne viruses such as Ngari virus 

(Orthobunyavirus), Wesselsbron virus (Flavivirus), yellow fever virus (Flavivirus) and dengue 

virus (Flavivirus), responsible for devastating diseases in livestock and/or humans, are 

occurring in Mauritania (Diallo et al., 2005; Eiden et al., 2014; Nolla-Salas et al., 1989). With 

estimated 390 million infections per year, dengue fever is the most frequent arboviral disease 

in humans. Although the virus is endemic in most tropical and sub-tropical regions of the 

world, its importance in Mauritania and other African countries may be largely 

underestimated (Bhatt et al., 2013; Katzelnick et al., 2017). Serotypes of dengue virus (DENV) 

have been isolated from humans, mosquitoes and monkeys in Mauritania’s neighboring 

countries Senegal and Mali (Diallo et al., 2003; Hanley et al., 2013; Phoutrides et al., 2011; 

Saluzzo et al., 1986). However, the virus has only recently been reported in Mauritania (Mint 

Mohamed Lemine et al., 2017; WHO Regional Office for Africa, 2018) and there is a lack of 

available data on its circulation within the country. Moreover, many other arboviruses are 

probably neglected due to symptomatic similarities of the diseases and poor surveillance 

(Bhatt et al., 2013; Bob et al., 2017). 

In this study, sampling and analyses of mosquitoes were performed to obtain information on 

the occurrence and distribution of RVFV and its vectors in Mauritania. To elucidate factors 

that may favor the maintenance of RVFV during inter-epidemic periods, mosquitoes were 

sampled mainly in the absence of RVF in 2018, but also during an epizootic on a farm in 

southern Mauritania. Captured engorged mosquitoes were additionally examined by blood 
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meal analysis to identify preferred hosts of the mosquitoes and thus a potential RVFV 

reservoir. Furthermore, we aimed to gain insights into the distribution and circulation of other 

important arboviruses within mosquito populations in Mauritania. Therefore, mosquito 

samples were also analyzed for evidence of flavi- and orthobunyaviruses.   

 

5.3   Materials and methods  

 

5.3.1 Collection sites 
In the course of 2018, mosquitoes were collected in Mauritania. The largest part of the West 

African country is characterized by the arid desert landscape of the Sahara. Only in the 

southern regions of Mauritania, where the Senegal River marks the border with Senegal, a 

more humid climate (semi-arid climate of the Sahel) prevails (Mint Mohamed Lemine et al., 

2017), favoring the occurrence of high numbers of mosquitoes. Therefore, in this study 

mosquitoes were collected in three southern regions of Mauritania: in Nouakchott, the capital 

and its surroundings; in Trarza; and in Hodh El Gharbi (Figure 5.1). In December 2018, 

symptoms indicative for RVF were observed on a cattle farm in Rosso, which is why the farm 

was selected as additional sampling site. Altogether, mosquito traps were set at eight different 

dates at nine different localities. In Nouakchott, the traps were set twice at two of the 

locations (Socogim Le Ksar; Botanical Garden in Sebkha). Thus, samples were taken at a total 

of ten different sampling sites, differing in time and/or location. 

 

5.3.2 Mosquito collection and species identification 
 

Mosquitoes were collected with Heavy Duty EVS (Encephalitis Vector Survey) CO2 Mosquito 

Traps (BioQuip Products Inc., Rancho Dominguez, CA, USA). Carbon dioxide (CO2) filled bottles 

were placed next to traps and CO2 was directed to the traps with hoses to attract mosquitoes. 

The traps were set up at dusk in sheltered places and run over night. At dawn, bags with 

captured mosquitoes were gathered and subsequently transferred to -20 °C. Frozen 

mosquitoes were placed on chilling tables and morphologically identified to species (or genus) 

levels using determination keys by Peter F. Mattingly and Assane G. Fall (Fall, 2013; Mattingly 

P.F., 1971). Male mosquitoes were identified down to genus levels. After identification, 

mosquitoes were stored at -80 °C in pools of up to ten mosquitoes of the same species/genus, 

sex and sampling site. Blood-fed mosquitoes were separated and stored individually. For 

pathogen examination, samples cooled with ice packs were shipped to the Friedrich-Loeffler-

Institut (FLI). At FLI, samples were stored at -80 °C until further processing. 
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5.3.3 Serum collection 
 

As mentioned above (4.3.1), in December 2018, Montbéliarde cattle on a farm situated 15 km 

south of the town of Rosso (Figure 5.1), near the Senegal River, showed clinical symptoms 

indicating RVFV infection. To confirm the clinically observed RVF disease, sera were taken from 

16 individuals of the herd. In addition, in order to gain further insight into the onset of this 

epizootic, 28 sera from indigenous cattle on the same farm that had been collected during a 

routine medical examination a month earlier were analyzed. For protection of cattle and 

humans, animals were carefully captured and restrained during blood collection.  

 

5.3.4 RNA/DNA extraction 
 

Three 3 mm steel beads and 500 µl (mosquito pools) or 300 µl (individual mosquitoes) 

Minimal Essential Medium (MEM) with penicillin, streptomycin, amphotericin and gentamicin 

were added to the samples. Mosquitoes were homogenized using a TissueLyser II (Qiagen, 

Hilden, Germany) and then centrifuged at 4 °C, 13,000 rpm for 3 minutes. Supernatants were 

used for RNA/DNA extraction with the NucleoMag® VET kit (MACHEREY-NAGEL GmbH & Co. 

KG, Düren, Germany) according to the manufacturer’s recommendations. Residues of the 

supernatants were stored at - 80 °C. Before conducting the extraction, an MS2 bacteriophage 

was added to each sample as an internal extraction control (Ninove et al., 2011).  

 

5.3.5 Pathogen screening 
 

RNA/DNA of all obtained mosquito and serum samples were tested for the presence of 

RVFV-specific RNA as well as RNA from flaviviruses and orthobunyaviruses.  

 

5.3.5.1 Rift Valley fever phlebovirus detection 
 

A quantitative real-time RT-PCR (qRT-PCR) (Bird et al., 2007a) using the QuantiTect® Probe RT‐

PCR Kit (Qiagen, Hilden, Germany) was performed to verify the presence of RVFV-specific RNA. 

To quantify the present viral RNA, a synthetic RNA calibrator was used (Jackel et al., 2013). 

Samples that contained more than one copy/µl (5 copies/reaction) of RVFV-specific RNA were 

considered as positive (Bird et al., 2007a). 

5.3.5.2 Pan-Flavivirus detection 
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A one-step SYBR® Green-based qRT-PCR with melting curve analysis (Vina-Rodriguez et al., 

2017) was conducted using the QuantiTect® SYBR® Green RT-PCR Kit (QIAGEN, Hilden, 

Germany) to detect RNA from viruses of the genus Flavivirus. The non-purified PCR products 

of samples showing a specific melting curve (positive control: Usutu virus-derived RNA) were 

sent to Eurofins Genomics (Eurofins Genomics GmbH, Ebersberg, Germany) for DNA 

sequencing by the Sanger method using the amplification primers. Obtained sequences were 

analyzed with BLAST (NCBI) to identify virus strains.  

 

5.3.5.3 Pan-Orthobunyavirus detection 
 

Another one-step SYBR® Green-based qRT-PCR with melting curve analysis (Eiden et al., 2014) 

using the QuantiTect® SYBR® Green RT-PCR Kit (QIAGEN, Hilden, Germany) was performed to 

detect RNA from viruses of the genus Orthobunyavirus (positive control: Bunyamwera virus-

derived RNA). Following steps were conducted as described before (4.3.5.2). 

 

5.3.6 Blood meal analysis 
 

Extracted RNA/DNA from blood-fed mosquitoes was additionally used for blood meal analysis 

to infer host preferences of mosquito species and thus to determine possible reservoir hosts 

of RVFV. A PCR specific for mitochondrial cytochrome b (Wolf et al., 1999) was performed 

using the QuantiTect® Multiplex PCR NoROX Kit (QIAGEN, Hilden, Germany). PCR products 

were verified by gel electrophoresis in a 1.5 % agarose gel. A 100 bp DNA ladder (peqGOLD, 

VWR International (Part of Avantor), Pennsylvania, USA) was used to identify specific 

PCR products (464 bp). The gel was stained with ethidium bromide for evaluation. PCR 

products from samples showing a specific band in the gel were sent for sequencing and 

analyzed as described before (4.3.5.2).  

 

5.3.7 IgM capture ELISA 
 

Heat-inactivated cattle sera were tested for the presence of IgM antibodies against RVFV NP 

with the ID Screen® Rift Valley Fever IgM Capture ELISA for ruminants (IDvet, Grabels, France). 

The ELISA was carried out according to the manufacturer's specifications. For the evaluation 

the optic density (OD) was measured at 450 nm and S/P %-values were calculated 

(S/P % = corrected ODsample / corrected ODpositive control x 100). Sera with S/P %-values over 50 

were considered positive. 



41 
 

 

5.3.8 Virus isolation  
 

To prevent secondary cell infection, penicillin, streptomycin, amphotericin and gentamicin 

were added to culture medium (MEM). 

 

5.3.8.1 Mosquitoes 
 

100 µl of the supernatants (4.3.4) of mosquito samples tested positive in qRT-PCR were 

diluted in 900 µl MEM and subsequently filtered (Millex-GP, 0.22 µm; Merck KGaA, 

Darmstadt, Germany). 400 µl each of the filtered samples were added to a well of a 6-well 

plate with 90 % confluent monolayers of Vero 76 cells (African green monkey kidney cells, 

Collection of Cell Lines in Veterinary Medicine, Friedrich-Loeffler-Institut, Germany) and to a 

well of a 6-well plate with 90 % confluent monolayers of C6/36 cells (Aedes albopictus larval 

cells, Collection of Cell Lines in Veterinary Medicine, Friedrich-Loeffler-Institut, Germany). 

Cells were incubated at 37 °C (Vero 76) or 28 °C (C6/36) and 5 % CO2 respectively, and checked 

daily for the presence of a cytopathogenic effect (CPE). If CPE was detected or after a 

maximum of seven days, cell culture supernatants were harvested and tested in the respective 

qRT-PCR. 400 µl of these cell culture supernatants were again added to a well of 6-well plates 

with 90 % confluent monolayers of both Vero 76 and C6/36 cells. Cell culture supernatants 

were tested in qRT-PCR after one week incubation for the presence of viral RNA (as described 

before).  

 

5.3.8.2 Serum samples 
 

50 µl of the serum samples that showed evidence of IgM antibodies against RVFV were diluted 

in 150 µl MEM and added each to a well of a 12-well plate with 90 % confluent monolayers of 

Vero 76 cells. Cells were kept at 37 °C, 5 % CO2 and checked daily for the presence of CPE. 

After a maximum of seven days, cell culture supernatants were harvested and tested in the 

qRT-PCR for the presence of RVFV-specific RNA. 
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5.3.9 Indirect RVFV immunofluorescence assay (IIFA) 
 

Vero 76 cells that have been exposed to RVFV qRT-PCR-positive mosquito supernatants or 

IgM-positive sera for one week (4.3.8) were fixed with 4 % paraformaldehyde and an IIFA to 

verify RVFV infection of these cells was performed as previously described (Mroz et al., 2018). 

A monoclonal antibody against RVFV NP was used as first antibody. Fixed cells infected with 

RVFV 35/74 strain (accession number: JF784386-88) served as positive control.  

 

5.4   Results  

 

5.4.1 Mosquitoes 
 

5.4.1.1 Collection and species identification 
 

A total of 4,950 mosquitoes of four genera and 14 species were collected and identified in this 

study (Table 5.1). These included 571 male and 4,379 female mosquitoes, with 258 of latter 

having taken a blood meal. Unengorged mosquitoes were grouped into 521 pools, of which 

456 pools contained females and 65 pools contained males. Since engorged mosquitoes were 

analyzed individually, a total of 779 mosquito samples were examined. Comparing the 

sampling regions, 59.6 % of specimens were collected in Nouakchott and its surroundings, 

while 36.9 % were collected in Trarza and 3.5 % in Hodh El Gharbi. Looking at the sampling 

over the year, most mosquitoes were captured in July and December (Sup. Figure 5.1).  

The majority of mosquitoes belonged to the genus Culex spp. (4,138 individuals), followed by 

the genera Anopheles spp. (599 individuals) and Mansonia spp. (149 individuals). Fewest 

mosquitoes were collected within the genus Aedes spp. (64 individuals). The most frequently 

occurring mosquito species was Culex quinquefasciatus (38 %), followed by Culex poicilipes 

(15 %) and Culex tritaeniorhynchus (12 %). Within the other genera, Anopheles pharoenis 

(11 %) represented the most abundant species (Table 5.1). Comparing the sampling regions, 

Culex quinquefasciatus represented the most common species in Nouakchott (Table 5.2 A) 

and Hodh El Gharbi (Table 5.2 B), while in Trarza the majority of mosquitoes consisted of Culex 

poicilipes and Anopheles pharoensis (Table 5.2 C). Collection at most sampling sites was 

performed only once during the study. However, in Nouakchott two locations (Socogim Le 

Ksar and the Botanical Garden in Sebkha) were sampled twice on different dates (Table 5.2 A). 

For both locations, the most frequently collected species remained the same at both times 

(Culex quinquefasciatus), but the abundance of other species changed depending on the date 

of sampling. 
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5.4.1.2 RVFV detection 
 

In one of the 779 mosquito samples tested, RVFV-specific RNA was found (1,783 copies/µl of 

viral RNA; Ct-value of 28). The sample contained a mosquito pool of ten female Anopheles 

pharoensis mosquitoes collected in December 2018 on the farm in Rosso (Figure 5.1), where 

clinical RVF cases were observed in cattle (Table 5.2). In the attempt to isolate the virus, the 

supernatant of this mosquito pool was incubated on Vero 76 and C6/36 cells. RVFV qRT-PCR 

revealed the presence of 7.54 copies/µl viral RNA on Vero 76 cells and 3.22 copies/µl viral RNA 

on C6/36 cells in cell culture supernatants of the first cell passage after seven days incubation. 

However, cell culture supernatants of the second cell passage showed no evidence of RVFV-

specific RNA and during the first and second cell passage, no CPE was observed in either cell 

line. Likewise, in IIFA no evidence of replicable RVFV was observed in these cells, indicating 

that viral RNA detected in supernatants of the first cell passage was derived from the original 

sample. 

 

5.4.1.3 Flavivirus and Orthobunyavirus detection 
 

In qRT-PCR, two out of 779 mosquito samples, showed melting curves similar to that of Usutu 

virus (positive control), thus indicative for flaviviruses. Sequencing of qRT-PCR-products of 

these samples revealed the presence of dengue virus (DENV, family Flaviviridae, genus 

Flavivirus) RNA in the two mosquito pools. The first sample consisted of a pool of eight female 

Aedes aegypti mosquitoes that were captured in the town of Rosso (Figure 5.1) in December 

2018. The second sample contained a pool of ten female Culex quinquefasciatus mosquitoes 

that were captured at the same collection site (Table 5.2). Analyzing the sequences with BLAST 

revealed highest identity of both samples to DENV 2 strains (accession numbers: KY627762, 

KY627763) that were isolated from human sera in Burkina Faso in 2016. The amplified 

sequence of the Aedes aegypti pool (186 bp) showed an identity of 99.46 % and the amplified 

sequence of the Culex quinquefasciatus pool (214 bp) had 99.53 % identity with these DENV 2 

strains (100 % query cover). No replicable virus was found in both of the samples that showed 

evidence of dengue virus-derived RNA.  

For orthobunyaviruses, no evidence of viral RNA was found in the mosquito samples.  

 

5.4.1.4  Blood meal analysis 
 

For 183 of the 258 blood-fed mosquito samples, specific gel patterns were detected by gel 

electrophoresis. The source of blood meals of these 183 mosquitoes was subsequently 

identified by sequencing of PCR products and BLAST analysis. Engorged mosquitoes of which 

the identification of blood meal was successful were among eleven of the captured species 
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(Table 5.3). Over 50 % of the mosquitoes fed on humans, followed by almost 40 % of 

mosquitoes that fed on cattle (Figure 5.2). For about 10 % of mosquitoes other feeding hosts 

were detected, including small ruminants, donkeys, cats and dogs (dog-like carnivores) as well 

as straw-colored fruit bats (Table 5.3). Most mosquitoes collected in urban areas fed on 

humans whereas those captured in rural areas mostly fed on cattle (captured next to a cattle 

farm) and donkeys (Figure 5.2).  

 

5.4.2 Serum samples 
 

5.4.2.1 RVFV detection 
 

In December, when RVF disease was observed on the farm in Rosso, six out of 16 (37.5 %) 

Montbéliarde cattle had detectable IgM antibodies against RVFV. In sera of local cattle, 

sampled one month earlier, IgM antibodies against RVFV were detected in three out of 28 

(10.7 %) animals (Sup. Figure 5.2). No evidence of RVFV-derived RNA was detected in any of 

the 44 tested sera and the examination of IgM positive sera revealed no evidence of replicable 

RVFV. 

 

5.4.2.2 Flavivirus and Orthobunyavirus detection 
 

No evidence of Flavivirus-specific or Orthobunyavirus-specific RNA was found in any of the 44 

serum samples. 

 

5.5   Discussion and conclusion 

 

Aim of this study was to elucidate the abundance of RVFV-transmitting mosquitoes and the 

presence of the virus in vectors in Mauritania. As amplification hosts that promote RVFV 

maintenance during the enzootic cycle remain unidentified to date (Olive et al., 2012), blood 

meals of mosquitoes were investigated to obtain information on mosquito host preferences. 

Furthermore, the study aimed to examine the occurrence of flavi- and orthobunyaviruses in 

mosquitoes in Mauritania. 

To achieve these objectives, 4,950 mosquitoes were collected during 2018 in three southern 

regions of Mauritania (Figure 5.1) where RVF outbreaks have previously occurred (Digoutte 

and Peters, 1989; Sow et al., 2014). Fourteen different mosquito species were identified, with 

all four genera described in Mauritania represented (Table 5.1) (Mint Mohamed Lemine et al., 
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2017). Consistent with previous studies, Culex spp. constituted the most abundant mosquito 

genus (Faye et al., 2007; Nabeth et al., 2001). As species abundance of mosquitoes in 

Mauritania varies depending on the season (Diallo et al., 2005) and most locations were only 

sampled once during the year, limited conclusions can be drawn about the seasonal species 

distribution in the regions.  

Eleven of the captured mosquito species have previously been described as RVFV carriers 

(Table 5.1) (Linthicum et al., 2016). In this study, we found evidence of RVFV in a pool of 

female Anopheles pharoensis mosquitoes (Table 5.2). RVFV infection of this species has been 

detected in Kenya (Chevalier et al., 2010; Linthicum et al., 2016), but to our knowledge this is 

the first description of RVFV in Anopheles pharoenis in Western Africa. The mosquitoes were 

collected on a farm in Rosso (Figure 5.1) while cattle on the farm exhibited symptoms of RVF 

disease. The ongoing RVF epizootic was confirmed by the detection of RVFV-specific IgM 

antibodies in bovine sera collected on the farm, as IgM antibodies persist only in the first few 

months of RVFV infection (Pepin et al., 2010). However, it can be assumed that the epizootic 

had already started prior to the observed clinical manifestation, since IgM antibodies were 

also detected in sera taken a month earlier and no evidence of the virus itself was found in 

any of the blood samples. Viremia in infected cattle lasts only for about seven days (Wilson et 

al., 2016) and had probably already subsided in sampled animals.  

In order to investigate RVFV maintenance, the majority of mosquitoes (4,241 individuals) in 

this study were collected during the absence of reported RVF cases. Other studies have 

previously revealed the presence of the virus in mosquitoes during the enzootic cycle (Ndiaye 

et al., 2018; Zeller et al., 1997), but these data remain limited because virus detection during 

these periods is difficult due to low mosquito infection rates (Gordon et al., 1992; Sang et al., 

2017) and sparse transmission to susceptible hosts (Rissmann et al., 2017a). However, this 

study found evidence of active RVFV circulation only in those mosquitoes that were 

additionally captured (709 individuals) in close proximity to animals with confirmed RVF 

disease. In addition, transovarial RVFV transmission within Aedes spp. mosquitoes is believed 

to be a key factor in RVFV maintenance (Linthicum et al., 1985; Rissmann et al., 2019). Yet 

there is little data available to support this type of maintenance (Lumley et al., 2017), and it 

has never been confirmed in Western Africa (Rissmann et al., 2019). To verify its occurrence 

within different mosquito genera in Mauritania, in addition to female host biting mosquitoes, 

captured male mosquitoes were examined. However, none of the 571 tested male mosquitoes 

caught in the absence of RVF cases showed evidence of RVFV infection. Future collection and 

analyses of male mosquitoes, larvae and mosquito eggs during epidemics will clarify the role 

of vertical RVFV transmission in Mauritania.  

Wildlife capable of acting as amplification hosts may be another factor favoring RVFV 

maintenance (Rissmann et al., 2019). To identify mosquito hosts and thus animals possibly 

involved in the RVFV transmission cycle, blood meals of 258 engorged mosquitoes were 
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examined. Similar to other studies in Mauritania, where mosquitoes of the genus Anopheles 

spp. were analyzed, the vast majority of mosquitoes fed on humans (urban areas) and cattle 

(rural areas) (Figure 5.2) (Lekweiry et al., 2016; Ould Lemrabott et al., 2018), reflecting the risk 

posed by infected mosquitoes, as both are known to be highly susceptible RVFV hosts (Bird et 

al., 2009). A small proportion of the engorged mosquitoes used other hosts to feed. In line 

with previous investigations, mosquitoes also fed on small ruminants (goats, sheep), donkeys 

and dogs (dog-like carnivores) (Dia et al., 2009; Ould Lemrabott et al., 2018), and this study 

additionally identified cats and straw-colored fruit bats (Eidolon helvum) as sources of blood 

meals (Table 5.3). The identification of fruit bat blood in the mosquitoes is of particular 

interest as bats have been repeatedly suggested as RVFV reservoir (Fagre and Kading, 2019; 

Oelofsen and Van der Ryst, 1999; Olive et al., 2012). The host-vector interaction between 

Eidolon helvum and mosquitoes has also been reported in other regions with endemic RVFV 

circulation (Crabtree et al., 2013). Moreover, RVFV and specific antibodies have been detected 

in several bat species in Africa (Boiro et al., 1987; Butenko, 1996; Fagre and Kading, 2019; 

Kading et al., 2018), and experimental infection studies have demonstrated a variety of bat 

species to be susceptible to the virus (Balkema-Buschmann et al., 2018; Fagre and Kading, 

2019; Olive et al., 2012). However, the definite role of bats in RVFV ecology remains 

undetermined (Olive et al., 2012) and should be investigated more closely.  

Furthermore, evidence of DENV circulation was found in two mosquito pools collected in 

December in the town of Rosso (Figure 5.1, Table 5.2). To our knowledge, this is the first 

description of DENV detected in mosquitoes in Mauritania. Dengue fever is caused by four 

DENV serotypes (DENV 1 – 4). The DENV strains detected in this study showed most identity 

to DENV 2 strains isolated in 2016 in Burkina Faso, West Africa. The first evidence of DENV 2 

was found in a mosquito pool containing female Aedes aegypti mosquitoes, primary vectors 

of the virus (Hanley et al., 2013). The second DENV 2-positive pool consisted of female Culex 

quinquefasciatus mosquitoes known as vectors for West Nile virus, another virus of the genus 

Flavivirus (Goddard et al., 2003; Orba et al., 2018). Early on, this species has been discussed 

as potential vector for DENV, but published data are very contradictory (Hanley et al., 2013). 

However, the virus has been previously isolated from other Culex spp. mosquitoes (Fauran, 

1996), indicating the need for further studies to evaluate the role these mosquitoes in DENV 

transmission.  

 

To conclude, evidence of RVFV as wells as DENV was found in mosquitoes collected in 

Mauritania in 2018. Furthermore, it was demonstrated that mosquitoes feed on fruit bats, 

which are suspected to be involved in RVFV maintenance. In order to gain a thorough 

understanding of RVFV ecology, further in-depth studies are required to investigate factors 

promoting RVFV maintenance. As discussed by Bhatt et al., the burden caused by DENV in 

Africa may be largely underestimated (Bhatt et al., 2013). Its occurrence in Mauritania needs 
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to be investigated further, since very little is known to date. Although no other mosquito-

borne viruses were detected in this study, several other arboviruses are circulating in 

Mauritania, threatening human and animal health (Diallo et al., 2005; Eiden et al., 2014; Nolla-

Salas et al., 1989). This again underlines the need for research on the occurrence of 

arboviruses and their vectors in order to be able to promote their prevention.  
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5.6   Tables 

 

Table 5.1.  

Total number of collected mosquitoes. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

          NI = (species) not identified 

        (m)  = male mosquitoes 

         (f)  = female mosquitoes 

        UG  = unengorged mosquitoes (without blood meal) 

         BF = blood-fed mosquitoes  
                   = natural infection with RVFV has been described (Linthicum et al., 2016) 

 

 

 

 

Genus Species  no.  (UG/BF) % 

Culex antennatus 9 (6/3) 0.18 

decens 38 (33/5) 0.77 

duttoni 8 (8/0) 0.16 

neavei 140 (140/0) 2.83 

poicilipes 696 (695/1) 14.06 

quinquefasciatus 1882 (1759/123) 38.02 

tritaeniorhynchus 589 (584/5) 11.90 

univittatus 204 (168/36) 4.12 

NI (f). 21 (21/0) 0.42 

NI (m) 551 (551/-) 11.13 

Aedes vexans 45 (29/16) 0.91 

aegypti 13 (10/3) 0.26 

NI (f) 5 (5/0) 0.10 

NI (m) 1 (1/-) 0.02 

Anopheles pharoensis 531 (472/59) 10.73 

gambiae 11 (8/3) 0.22 

ziemanni 11 (11/0) 0.22 

NI (f) 27 (26/1) 0.55 

NI (m) 19 (19/-) 0.38 

Mansonia uniformis 149 (146/3) 3.01 

Total 4950 (4692/258) 100.00 
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Table 5.2.  

Number of collected mosquitoes in sampled regions. 

A) Nouakchott and its surroundings 
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B) Hodh El Gharbi   

 

     

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Mosquito 
genus 

Mosquito 
species 

Tintane                          
(palm grove in the city) 

 

08.09.2018  

no.  (UG/BF) % 
 

Culex decens 8 (3/5) 4.60 
 

 duttoni 8 (8/0) 4.60 
 

 poicilipes 3 (3/0) 1.72 
 

 quinquefasciatus 47 (28/19) 27.01 
 

 univittatus 5 (5/0) 2.87 
 

 NI (f) 4 (4/0) 2.30 
 

 NI (m) 67 (67/-) 38.51 
 

Aedes vexans 9 (0/9) 5.17 
 

NI (m) 1 (1/-) 0.57 
 

Anopheles pharoensis 1 (1/0) 0.57 
 

gambiae 11 (8/3) 6.32 
 

NI (f) 1 (1/0) 0.57 
 

NI (m) 9 (9/-) 5.17 
 

Total 174 (138/36) 100.00 
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C) Trarza 

 

 
 

 

 

 

 
                   
          

 

 

 

 

 

          NI  = (species) not identified 
 

        (m) = male mosquitoes 
 

         (f)  = female mosquitoes 
 

         UG  = unengorged mosquitoes  

   (without blood meal) 
 

          BF  = blood-fed mosquitoes  
 

                    = RVF epizootic 
 

               +  = one pool tested positive  

   for RVFV-specific RNA 
 

                  = one pool tested positive    
     for dengue virus-specific RNA 
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Table 5.3.  

Blood meal sources (hosts) of blood-fed mosquitoes. 

Mosquito Hosts   

Genus Species 
Homo 

sapiens 
Bos  

taurus / indicus 
Capra 
hircus    

Ovis 
aries 

Equus 
asinus 

Canis 
lupus*  

Felis 
spp. 

Eidolon 
helvum 

Total 

Culex antennatus 3 0 0 0 0 0 0 0 3 

decens 3 0 0 0 0 0 0 0 3 

poicilipes 0 0 0 0 1 0 0 0 1 

quinquefasciatus 62 1 2 0 0 4 1 3 73 

tritaeniorhynchus 2 2 0 0 1 0 0 0 5 

univittatus 19 0 0 0 0 1 2 0 22 

Aedes vexans 4 2 0 0 2 1 0 0 9 

aegypti 2 0 0 0 0 0 0 0 2 

Anopheles pharoensis 0 57 0 1 0 0 0 0 58 

gambiae 1 2 0 0 0 0 0 0 3 

NI 0 1 0 0 0 0 0 0 1 

Mansonia uniformis 1 1 0 0 1 0 0 0 3 

Total  97 66 2 1 5 6 3 3 183 

 

 

          NI = (species) not identified 

            *  = including subspecies of Canis lupus such as C.l. familiaris  
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5.7   Figures  

Figure 5.1. Selected sampling sites.  

In the cities of Nouakchott and Rosso, several localities were sampled. The map was created with 

ArcGIS 10.5.1 (ESRI, Redlands, CA, USA). 
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Figure 5.2. Allocation of blood meal sources. 
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6   MANUSCRIPT III:   
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6.1   Abstract  

 

Rift Valley fever phlebovirus (RVFV) is an arthropod-borne virus that can cause severe disease 

in ruminants and humans. Epidemics occur mainly after heavy rainfall, which leads to a 

significant increase in the occurrence of RVFV transmitting mosquitoes. During inter-epidemic 

periods, the virus is assumed to be maintained between mosquitoes, susceptible livestock and 

yet unknown amplification hosts within the wildlife population. The widespread rodent Rattus 

rattus (black rat) has been suspected to play a role in the maintenance of the virus. In order 

to elucidate its susceptibility and thus its possible role in the RVFV transmission cycle, an 

experimental infection study with black rats was performed. Black rats were subcutaneously 

infected with the highly virulent RVFV strain 35/74 and sacrificed on days 3, 14 and 28 post 

infection (dpi). Other black rats served as non-infected contact animals. In this study, black 

rats were highly susceptible to RVFV infection. Generation of RVFV neutralizing antibodies was 

found from dpi 14 onwards and the rats developed viremias lasting up to 17 days. Viral RNA 

was found in tissues until the last day of the experiment. However, neither a clinical 

manifestation nor unequivocally virus-induced histopathological lesions were observed in any 

rat. These findings indicate a possible persistence of RVFV in black rats without affecting the 

animals. In contact animals, no evidence for horizontal RVFV transmission was found, 

although the co-housed infected black rats showed long-lasting oral, rectal and conjunctival 
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RVFV shedding. Further studies are needed to investigate the possible role of black rats in the 

maintenance of the virus. 

 

6.2   Introduction  

 

Rift Valley fever phlebovirus (RVFV) is an arthropod-borne virus (arbovirus) belonging to the 

order Bunyavirales, family Phenuiviridae, genus Phlebovirus that can cause severe disease in 

ruminants and humans (Bird et al., 2009). The enveloped RNA virus has a tripartite genome 

comprising a negative-sense large (L) and medium (M) segment as well as an ambisense small 

(S) segment. The L-segment encodes the RNA-depending RNA polymerase, the M-segment 

the glycoproteins Gn and Gc as well as the non-structural protein NSm and the S-segment is 

encoding the nucleoprotein NP and the non-structural protein NSs. The latter is known to be 

the major factor of virulence by inhibiting the immune response of the host (Pepin et al., 

2010).  

RVFV was first described in 1931 in Kenya, causing illness and so-called “abortion storms” with 

newborn fatality rates of up to 100 % in livestock (Daubney and Hudson, 1931). The virus 

primarily effects ruminants and humans, but a wide range of other vertebrates are also known 

to be susceptible for RVFV (Olive et al., 2012). Over 30 different mosquito species, most 

importantly Aedes spp. and Culex spp., were found to be infected with the arbovirus (Chevalier 

et al., 2010). In ruminants, the infection mainly occurs via the bite of RVFV-infected 

mosquitoes, whereas humans get infected more frequently via contact with virus-shedding 

animals or infected tissue (Chevalier et al., 2010). Humans usually develop a flu-like febrile 

illness, but in about 1 % of patients severe neurological disorders, blindness or even fatal 

hemorrhagic fever can occur (Bird et al., 2009). So far, the recurrent and substantial outbreaks 

of RVFV have been restricted to the African continent and the Arabian Peninsula, but sudden 

outbreaks in distinct previously unaffected areas demonstrate the dissemination potential of 

the virus (Balkhy and Memish, 2003; Digoutte and Peters, 1989; Freed, 1951; Meegan et al., 

1979). The transmission cycle of the virus is divided into an enzootic and an epidemic cycle. 

The epidemic cycle mainly occurs after heavy rainfall, leading to a significant increase in the 

mosquito population, which in turn raises the probability of virus transmission between 

mosquitoes and susceptible hosts. However, during the enzootic cycle the virus is maintained 

within the mosquito population by transovarial transmission (Aedes spp.) and by sporadic 

infections of susceptible livestock and wildlife (Rissmann et al., 2019). Amplification hosts 

within the wildlife population that contribute to the maintenance of the virus during the 

enzootic cycle have not been identified to date (Olive et al., 2012). In general, the ideal 

precondition for an animal to serve as an amplification host is the susceptibility to the 

pathogen with the development of a viremia, but without severe clinical manifestation. A 
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shared habitat with mosquitoes additionally facilitates the probability of virus transmission 

(Rodhain, 1998). Although there is evidence of rodents being involved in the maintenance of 

RVFV, published data are contradictory and their role has not yet been conclusively 

investigated. According to current data, the Nile grass rat (Arvicanthis niloticus), the Namaqua 

rock mouse (Micaelamys namaquensis) and the black rat (Rattus rattus) have the highest 

probability of being involved in RVFV transmission cycle and Olive et al. therefore pointed out 

the need for further research (Olive et al., 2012).  

The black rat (Rattus rattus) is a rodent widespread in Africa, which is also suspected to serve 

as reservoir for other arboviruses (Diagne et al., 2017). It has been introduced into all regions 

where RVFV epidemics have occurred (Olive et al., 2012). Already during the first described 

RVFV outbreak in 1930, it was observed that the rats are susceptible for RVFV (Daubney and 

Hudson, 1932). Field studies in Egypt detected the virus in the brain (Imam et al., 1979) and in 

blood (Youssef and Donia, 2002) of Rattus rattus. Additionally, several other field studies 

found black rats to carry antibodies against RVFV (Gora et al., 2000; Hoogstraal et al., 1979; 

Youssef and Donia, 2001). In Kenya, Lutomiah et al. proved a vector-host-interaction by 

showing that a mosquito species (Mansonia uniformis) that is involved in the RVFV 

transmission cycle feeds on rats (Lutomiah et al., 2014). Together, these findings suggest a 

possible role of Rattus rattus in the ecology of RVFV. During the past 30 years, several 

experimental infection studies with in-bred rats (brown rat, Rattus norvegicus) have been 

performed. Results of these studies show that rats differ markedly in their susceptibility to 

RVFV depending on their genetic background (Anderson et al., 1987; Peters and Slone, 1982; 

Ritter et al., 2000). This demonstrates that only the survey of Rattus rattus can provide 

information on their possible role as amplification hosts for RVFV. In the past, however, only 

one experimental infection study of two black rats has been carried out. The results of this 

study have revealed that black rats infected with RVFV develop viremia (Hoogstraal et al., 

1979).  

To elucidate the possible role of Rattus rattus in the transmission cycle of RVFV and thus a 

possible source of RVFV infection of humans and livestock, an experimental infection with 

black rats was performed. The aim of this study was to investigate the susceptibility of Rattus 

rattus for RVFV, to determine the course of an infection in black rats and the possibility of 

virus persistence. Therefore, twelve black rats were subcutaneously infected with RVFV-

strain 35/74 and virus shedding, virus replication in tissue as well as immune responses were 

analyzed. Three additional black rats served as non-infected contact animals to verify the 

possibility of a horizontal transmission of RVFV within rats. 
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6.3   Materials and methods  

 

6.3.1 Virus and cell culture  
 

RVFV strain 35/74 (accession number: JF784386-88), kindly provided by Jeroen Kortekaas 

(University of Wageningen, Wageningen Bioveterinary Research, Lelystad, the Netherlands), 

was grown on BHK 21 cells (baby hamster kidney cells, Collection of Cell Lines in Veterinary 

Medicine, Friedrich-Loeffler-Institut, Germany). To determine the virus titer, a 50 % Tissue 

Culture Infective Dose (TCID50) assay was used. 100 µl of ten-fold serial diluted RVFV 35/74 

were added in an eight-fold determination on a 96 well plate with 90 % confluent monolayers 

of BHK 21 cells. After incubation at 37 °C, 5 % CO2 for six days, cells were fixed with neutral 

buffered formalin, stained with crystal violet and the TCID50 was calculated as described by 

Spearman and Kaerber (Kärber, 1931). 

 

6.3.2 Animals and experimental design 
 

Eighteen adult black rats (Rattus rattus, Tilbury strain, RR1-18), nine female and nine male 

animals, were purchased from Franz-Rainer Matuschka (Michendorf, Germany). The rats were 

kept at biosafety level 3 (BSL-3) containment facilities of the Friedrich-Loeffler-Institut, Insel-

Riems. Up to three black rats of the same sex were kept together in a littered cage with shelter. 

Rats of this genetic background are very active and more sensitive to stress than usual 

laboratory strains. The handling, which required extreme caution, was therefore reduced to a 

minimum. To compensate for possible malnutrition due to stress, the rats received gelatin and 

fruits in addition to ad libitum fed water and pellets. 

During an adaptation period to local facilities of a minimum of seven days, blood and swab 

samples of all rats were tested negative for RVFV by quantitative real-time RT-PCR (qRT-PCR). 

Additionally, blood samples were tested negative for RVFV-specific antibodies in the serum 

neutralization test (SNT).  

At the start of the experiment, 12 of 18 black rats were subcutaneously infected with 0.25 ml 

of a 1 x 105 TCID50/ml virus dilution in the nuchal fold, the other six rats received 0.25 ml of 

sterile medium administered in the same way. Three of those six non infected rats were kept 

separately as negative control (RR16-18) and the other three rats were each kept together 

with two infected rats to determine the possibility of a horizontal infection (contact animals; 

RR5, RR10, RR14).  

After infection, blood, oral, conjunctival and rectal swab samples were taken at day post 

infection (dpi) 2, 3, 4, 5, 6, 7, 8, 11, 14, 17, 21 and 24. Blood samples were additionally taken 
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at dpi 1 and 28. Body weight of the rats was measured on the same days. To minimize the 

stress for the animals and to facilitate the handling, rats were anaesthetized by intramuscular 

injection of Zoletil® (Virbac, Carros, France) before interventions. Furthermore, rats were 

divided into two groups that were sampled alternately during the first eight days. All animals 

were observed daily for behavioral and clinical anomalies and evaluated according to a score 

sheet. 

Six animals each (four infected rats, one contact animal and one negative control rat) were 

sacrificed at dpi 3, 14 and 28. The rats were injected with Release® (WDT- 

Wirtschaftsgenossenschaft deutscher Tierärzte eG, Garbsen, Germany) after anaesthetization 

with Zoletil® (Virbac, Carros, France) and subsequently bled by cardiac puncture. An overview 

of the experimental design is given in Sup. Table 6.1. 

Performance of the experiment was carried out in accordance with national and European 

legislation (Directive 2010/63/EU on the protection of animals used for scientific purposes). It 

was approved by the competent authority of the Federal State of Mecklenburg-Western 

Pomerania, Germany (Landesamt für Landwirtschaft, Lebensmittelsicherheit und Fischerei 

Mecklenburg-Vorpommern, Rostock, Germany; reference number: 7221.3-1-038/18). 

 

6.3.3 Serology 
 

Serology was performed with sera taken via cardiac puncture during euthanasia. The volume 

of other blood samples was not sufficient for serological methods.  

 

6.3.3.1 Competition ELISA 

 

Heat-inactivated serum samples were tested with the ID Screen® Rift Valley Fever Competition 

Multi-species ELISA (IDvet, Grabels, France) that is based on the NP of RVFV. The ELISA verifies 

the presence of IgG and IgM antibodies without distinguishing between both antibody 

isotypes. It was conducted according to manufacturer's specifications. For the evaluation, 

the optic density (OD) was measured at 450 nm and S/N %-values were calculated 

(S/N % = ODsample / ODnegative control x 100). Sera with S/N %-values less than or equal to 40 were 

considered positive. 

 

6.3.3.2 Serum neutralization test  

 

To determine the presence of neutralizing antibodies, a SNT was conducted as described and 

recommended in the OIE Terrestrial Manual ((OIE), 2012, 2018). Dilutions of heat-inactivated 

sera ranging from 1:10 to 1:2,560 (in duplicates) were prepared on a 96 well plate. After 
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addition of 100 TCID50 of RVFV 35/74 and an incubation time of 30 minutes at 37 °C and 

5 % CO2, 3 x 105 BHK 21 cells/ml were appended followed by incubation for 6 days at 37 °C and 

5 % CO2. The cells were fixed with neutral buffered formalin, stained with crystal violet and 

neutralizing doses of 50 % (ND50) were calculated as the last reciprocal of the serum dilution, 

which still inhibited more than 50 % of the cytopathogenic effect. 

 

6.3.3.3 Indirect IgG ELISA 

 

To identify antigen-specific IgG antibodies, 96 well ELISA plates (Nunc MaxiSorp® flat-bottom, 

Thermo Fisher Scientific, Waltham, Massachusetts, USA) were coated with 100 µl/well of 

4 µg/ml recombinant bacterially expressed antigens NP, Gn, Gc, NSm and NSs in 0.05 M 

carbonate buffer. After incubation overnight at 4 °C, plates were washed three times with 

300 µl/well of phosphate-buffered saline and 0.1 % Tween-20 (PBS-T). 200 µl/well 10 % 

skimmed milk were added to block non-specific binding and plates were incubated at 37 °C 

for one hour. ELISA plates were washed with PBS-T and then 100 µl/well of 1:25 2 % skim milk 

diluted heat-inactivated samples were added. After one hour incubation at 37 °C and washing 

with PBS-T, 100 µl of 15 µg/ml goat anti-rat IgG antibody (dianova GmbH, Hamburg, Germany) 

were added to each well and incubated at 37 °C for one hour. Addition of 100 µl/well of 

1:5,000 diluted donkey anti-goat antibody conjugated with horseradish-peroxidase (dianova 

GmbH, Hamburg, Germany) followed another wash. The antibody was incubated at 37 °C for 

1 hour and plates were washed with PBS-T. 100 µl/well of 2,2′-azino-di-(3-ethylbenzthiazoline 

sulfonic acid) (ABTS; F. Hoffmann-La Roche AG, Basel, Switzerland) were added and incubated 

in the dark for 30 minutes at room temperature. Finally, the reaction was stopped with the 

addition of 100 µl 1 % sodium dodecyl sulfate (SDS) to each well. Reading was done at 405 nm.  

 

6.3.4 Detection of RVFV-specific RNA 
 

RNA was extracted from blood cruor, swab medium and tissues (liver, lungs, spleen, kidney, 

heart, brain, intestine) using the NucleoMag® VET kit (MACHEREY-NAGEL GmbH & Co. KG, 

Düren, Germany) for a magnetic-bead based isolation of viral RNA, according to the 

manufacturer’s recommendations. Prior to extraction, a MS2 bacteriophage was added to 

each sample as an internal extraction control (Ninove et al., 2011). The presence of RVFV-

derived RNA was analyzed in a qRT-PCR (Bird et al., 2007a) using the QuantiTect® Probe RT‐

PCR Kit (Qiagen, Hilden, Germany) and quantified with a synthetic calibrator RNA (Jackel et 

al., 2013). Samples containing more than one copy/µl of RVFV-specific RNA were considered 

positive (Bird et al., 2007a). 
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6.3.5 Quantification of viral loads 
 

A TCID50-assay of all samples tested positive for RVFV in the qRT-PCR was performed on 

BHK 21 cells in a fourfold determination. Samples were diluted from 10-1 to 10-5 and following 

steps were performed as described before (5.1). RVFV 35/74 was used as positive control.  

 

6.3.6 Next generation sequencing (NGS) 
 

NGS was conducted to verify whether changes in the viral genome have occurred in the rats. 

Extracted RNA from the lungs with the most viral RNA found in qRT-PCR (RR8) was used to 

create a DNA library with the Illumina MiSeq System (Illumina, Inc., San Diego, CA USA) 

(Wylezich et al., 2018). The DNA library was sequenced with the MiSeq Reagent Kit v3 (600-

cycles) (Illumina, Inc., San Diego, CA USA). Sequences were assembled from RVFV-assigned 

and unclassifiable reads using 454 Software Suite v3.0 (Hoffmann-La Roche AG, Basel, 

Switzerland). The analysis of the sequences was performed with MegaBLAST (blast 2.6.0, build 

Dec 7 2016 14:50:34).  

 

6.3.7 Pathological examination and immunohistochemistry 
 

Necropsy was performed in a safety cabinet at BSL-3 conditions. Specimen from liver, lungs, 

spleen, kidney, heart, brain and intestine were fixed in 4 % neutral buffered formaldehyde, 

processed, embedded in paraffin wax, sectioned at 2–4 µm thickness, and stained with 

hematoxylin and eosin (HE). Slides were assessed for histopathological lesions using a Zeiss 

Axio Imager A1 microscope (Carl Zeiss Microscopy, Jena, Germany). 

 

Immunohistology was performed with the avidin–biotin–peroxidase complex method (ABC, 

Elite PK6100; Vector Laboratories, Burlingame, CA, USA) with 3-amino-9-ethylcarbazole (AEC, 

Dako, Glostrup, Denmark) as chromogen and hematoxylin counterstain. The primary antibody 

used for the detection of RVFV NP was a heat-inactivated serum of a sheep immunized with 

RVFV MP12-strain NP (internal code: S24NP) in a dilution of 1:4,000. RVFV MP12-strain-

infected and uninfected Vero 76 cell pellets served as positive and negative controls, 

respectively. The distribution of the RVFV antigen was semiquantitatively assessed for each 

organ on a 0-3 scale as follows: 0 = no viral antigen, 1 = focal or oligofocal, 2 = multifocal, and 

3 = confluent to diffuse immunoreactive cells. 
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6.4   Results  

 

6.4.1 Clinical assessment 
 

6.4.2 After infection with RVFV 35/74, rats showed no clinical signs of infection throughout 

the experiment. Two rats (RR3, RR6) showed slightly calmer behavior lasting one day and one 

animal (RR11) had a bald spot on the tail base from dpi 11. However, all rats remained at 

scores that did not exceed a value of 2, with an additive score of 8 per animal being defined 

as abort criterion. The weight of all rats remained largely constant until the last day of the 

experiment (Sup. Figure 6.1).  

 

6.4.3 Serology 
 

6.4.3.1 Competition ELISA 

 

At dpi 3, no antibodies against RVFV were found in sera of all four infected rats. In contrast, 

at dpi 14 and 28, immune responses to RVFV were detectable in all sera of infected animals. 

S/N%-values decreased from dpi 14 to 28 (Figure 6.1 A). At dpi 14 the lowest detected S/N%-

value was 15.81 (RR6) and the highest immune response was observed at dpi 28, reaching an 

S/N%-value of 7.66 (RR12). In sera of all three contact animals (dpi 3, 14 and 28), no 

seroconversion was detected. 

 

6.4.3.2 Serum neutralization test  
 

The generation of neutralizing antibodies against RVFV was found in all infected rats from 

dpi 14, and ND50-values increased during the course of the experiment (Figure 6.1 B). At 

dpi 14, ND50-values ranged from 60 (RR9) to 320 (RR7), while at dpi 28 ND50-values from 80 

(RR15) to 640 (RR12) were found. No generation of neutralizing antibodies was detected in 

contact animals.  

 

6.4.3.3 Indirect IgG ELISA 

 

An increase in RVFV-derived antibodies from dpi 14 was also detected in the indirect IgG ELISA 

and comparison of antigen-specific immune responses revealed measurable differences. The 

highest immune response was detectable against the antigen NP, followed by Gn and NSm. 

An increase in antibodies against NSs was detectable, but the highest measured mean OD at 
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dpi 28 remained below OD-values of NP, Gn and NSm at either dpi 14 and 28. For the antigen 

Gc, no antibody generation was observed (Figure 6.2). At dpi 14 and 28, all infected rats 

showed high antibody generation against NP, reaching an OD of up to 2.97 (RR13) at dpi 28. 

Two of four infected rats (RR8, RR9) developed antibodies against RVFV antigen Gn at dpi 14, 

while strong antibody responses to Gn were measured in sera of all four rats at dpi 28, 

reaching an OD of up to 2.39 (RR13). Against NSm, three rats had markedly detectable 

antibodies at dpi 14 (RR6, RR8, RR9) and at dpi 28, NSm-antibodies were found in all four 

infected animals. The highest immune response to NSm was measured at dpi 28 with an 

OD of 2.10 (RR15). Detection of NSs-antibodies was observed in one animal at dpi 14 (RR6) 

and three out of four animals showed immune responses to NSs at dpi 28 (RR12, RR13, RR15) 

with the highest measured OD of 1.12 (RR15). Sera from contact animals showed no increase 

in RVFV antibodies. 

 

6.4.4 Detection of RVFV-specific RNA and quantification of viral loads 
 

6.4.4.1 Blood 

 

Development of viremia was observed by qRT-PCR between dpi 2 and 21, with a peak in mean 

viral RNA load between dpi 5 and 7 (Figure 6.3 A). The first evidence of RVFV infection was 

found at dpi 2 with the detection of RVFV-specific RNA (4.96 copies/µl, RR9, Sup. Figure 6.2) 

in the blood cruor of one of five tested rats. At dpi 3 again, blood cruor of one out of nine 

animals was tested positive in qRT-PCR, while at dpi 4 all three sampled rats had detectable 

viral RNA in blood. At dpi 5, specific RNA was identified in the blood cruor of four of five tested 

rats and on this day the highest detected RNA load in blood samples (56,084 copies/µl, RR12) 

was observed. Between dpi 6 and 8, viral RNA was found in blood cruor of all tested animals. 

At dpi 11 and 14, viremia was still observed in seven out of eight infected rats and one animal 

(RR11) was again positive at dpi 14 after being negative at dpi 11. At dpi 17, viral RNA was 

detected in blood cruor of three out of four animals and one rat still showed evidence of RVFV 

in blood (12.72 copies/µl, RR15) at dpi 21. In all eight rats that were kept longer than dpi 3 the 

development of viremia was observed, whereas no RVFV-specific RNA was detected in the 

blood of animals sacrificed at dpi 3. In contact animals, no evidence of the development of 

viremia was found.  

In the TCID50 assay, RVFV replication in blood was detected between dpi 4 (up 

to 1,778 TCID50/ml, RR9) and dpi 14 (316.23 TCID50/ml, RR9), with the highest viral load found 

at dpi 5 (up to 10,000 TCID50/µl, RR15) (Figure 6.3 B). In all eight animals that were positive in 

qRT-PCR, replicable virus was found in the blood cruor.  
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At dpi 4, three out of the three qRT-PCR-positive rats, showed evidence of replicable RVFV in 

blood. At dpi 5, three of four animals had detectable viral loads and at dpi 6 all three tested 

animals showed virus replication in blood. Two out of four rats had replicable RVFV in blood 

cruor at dpi 7 as well as one of the four tested rats at dpi 8. At dpi 11, two of eight animals 

showed virus replication in blood and at dpi 14, one out of six animals still showed evidence 

of replicable RVFV.  

 

6.4.4.2 Swab samples 

 

Examination of swab samples in qRT-PCR revealed oral, conjunctival and rectal virus shedding 

in RVFV infected rats (Figure 6.4 A). First virus shedding was detected in an oral swab sample 

at dpi 4. Oral shedding peaked at dpi 8 and lasted until the last sampling at dpi 24. The first 

positive rectal swab was found at dpi 6. Rectal RVFV-shedding also lasted until dpi 24 and 

peaked at dpi 8 and 21. In conjunctival swabs, specific RNA was detected between dpi 8 and 

14 with the highest mean viral RNA load at dpi 8. Within an animal, oral, rectal and 

conjunctival RVFV shedding showed in most cases coherent courses (Sup. Figure 6.2). Most 

viral RNA in swabs was found in an oral sample at dpi 8 (15,154 copies/µl, RR9). In rectal 

swabs, the highest viral RNA loads were found at dpi 8 and 21 

(198.51 copies/µl, RR9; 379.10 copies/µl, RR12) and the highest conjunctival shedding was 

also observed at dpi 8 (64.71 copies/µl, RR9). One rat had recurrent qRT-PCR-positive oral, 

rectal and conjunctival swab samples after being tested negative in the swabs before, and 

additionally two other rats showed recurrent rectal virus shedding. Oral shedding was 

detected in all eight rats kept longer than dpi 3, while seven of these eight rats showed rectal 

virus shedding and conjunctival shedding was detected in five animals. In swab samples of 

contact animals, no RVFV-specific RNA was found. 

Replicable RVFV was found in all three swab types taken (Figure 6.4 B). In oral swabs, virus 

was found at dpi 6, 11 and 14. At dpi 6, one out of three tested oral swabs had detectable viral 

loads. At dpi 11, two out of eight qRT-PCR-positive rats showed shedding of replicable virus 

and at dpi 14, one out of three tested oral swabs showed evidence of replicable RVFV. The 

highest viral load was detected in oral swabs at dpi 6 and 11 (316.23 TCID50/ml, RR13, RR6). In 

rectal swabs, virus replication was detected only at dpi 8 in one of four samples tested 

(56.23 TCID50/ml, RR8), while in conjunctival swabs, evidence of RVFV replication was found 

only at dpi 14 in one of two swabs tested (56.23 TCID50/ml, RR13).  
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6.4.4.3 Tissue 

 

RVFV-specific RNA was found in all seven examined tissues. At dpi 3, viral RNA was detected 

in liver, lungs, spleen, kidney and the heart. In all tissues, RNA of the virus was found at dpi 14, 

and at dpi 28, it was still detectable in six out of the seven tissues (Figure 6.5).  

In livers, most viral RNA was found at dpi 3 (up to 9,762 copies/µl, RR3) and then decreased 

during the experiment (Figure 6.6). In the other extracted tissues, highest viral RNA loads were 

detected at dpi 14. Comparison of dpi 3 and 28 shows the detection of more viral RNA at 

dpi 28 in tissues except of livers and spleens. In the hearts, only one animal was qRT-PCR-

positive with comparable RNA loads on both days. Most viral RNA was found in lungs (up to 

5,000,534 copies/µl, RR8), followed by kidneys (up to 202,484 copies/µl, RR8) and the 

intestines (up to 55,883 copies/µl, RR8). In spleens, the highest viral RNA load observed was 

6,700 copies/µl (RR9), up to 4,676 copies/µl (RR9) were detected in hearts and up to 

3,284 copies/µl (RR9) in the brains. Most RVFV-specific RNA at dpi 28 was measured in a 

kidney (6,032 copies/µl, RR13).  

With the exception of one rat (RR2) at dpi 3, RVFV-specific RNA was found in tissues of all 

infected animals. In tissues of contact animals only the intestine of one animal (5.44 copies/µl, 

RR10) showed evidence of RVFV. 

The TCID50 assay of tissue samples revealed the presence of replicable RVFV in liver, lungs, 

spleen and kidney, whereas for heart, brain and intestine no virus replication was detected 

(Figure 6.7). Virus was detected at dpi 3 in the livers of three out of four animals (Table 6.1 A). 

In the other tissues, no viral replication was detected on this day. At dpi 14, all four infected 

rats had detectable viral loads in livers and lungs and one animal additionally showed evidence 

of replicable RVFV in spleen (56.23 TCID50/ml, RR8) and kidney (100 TCID50/ml, RR8). At dpi 28, 

the presence of replicable virus was still detected in the lungs of one rat. Highest viral loads in 

tissues were found at dpi 14 in lungs and liver of the same animal (3,162 TCID50/ml, RR9). 

For the qRT-positive intestine of a contact animal, no evidence of replicable RVFV was found.  

 

6.4.5 Sequence analysis  
 

The sequencing resulted in 2 x 1.06 x 106 reads and the results of the MegaBLAST analysis 

revealed no genomic changes of RVFV 35/74 in the rats.  
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6.4.6 Pathological examination and immunohistochemistry 
 

Necropsy revealed a variable degree of poorly collapsed lungs with multifocal to coalescing 

white nodules interpreted as foam cell granulomas in most rats including non-infected 

controls (Sup. Figure 6.3). Macroscopic lesions typical for RVF were absent. 

 

Histopathology demonstrated a variable mild to severe, multifocal, perivascular, subacute, 

lymphohistiocytic interstitial pneumonia associated with alveolar edema and multifocal, 

intraalveolar accumulations of hyperplastic, foamy alveolar macrophages and cholesterol 

clefts in nearly all rats including non-infected controls (Figure 6.8 A, C). A mild, focal, subacute, 

lymphohistiocytic and necrotizing hepatitis with some neutrophils was observed in a single 

RVFV infected rat (RR1) at dpi 3, only. The other histopathologically assessed organs revealed 

no or only minor findings not related to the RVFV infection. 

 

Immunohistochemistry highlighted a much more widespread distribution of RVFV NP antigen 

as compared to the lesions assessed in the HE stained sections. At dpi 3, 50 % of the RVFV 

infected rats displayed few individual pan-cytoplasmatically RVFV-positive hepatocytes 

without associated lesions (Table 6.1 B). The maximum of virus distribution was reached at 

dpi 14 with 100 % of the rats showing focal to multifocal RVFV-positive hepatocytes 

(Figure 6.8 F), and foamy alveolar macrophages (Figure 6.8 B), as well as 50 % of the rats with 

focal renal RVFV-positive immunoreactions (Figure 6.8 J). There were no immunoreactive 

positive samples in the RVFV-infected animals at dpi 28 and none in the uninfected contact 

animals (Figure 6.8 D, H, L). 

 

6.5   Discussion and conclusion  

 

The aim of the study was the evaluation of Rattus rattus as potential RVFV reservoir and 

amplification host and therefore the investigation of the susceptibility of black rats to RVFV, 

the course of the infection and the possible virus persistence in the animal. Furthermore, a 

possible horizontal transmission between these rats was examined. In this study, eight out of 

12 infected rats showed evidence of RVFV replication in tissue and all rats that were kept 

longer than dpi 3 developed a viremia as well as antibodies against RVFV. It can thus be 

concluded that black rats are susceptible to RVFV infection. Despite of this susceptibility, no 

clinical manifestation of RVF was observed in any rat. None of the animals showed changes in 

weight (Sup. Figure 6.1.) or behavior until the end of the study. Therefore, the ideal 
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precondition to serve as an amplification host for RVFV, according to F. Rodhain (Rodhain, 

1998), is given in black rats. 

The investigation of the immunocompetence of black rats to RVFV revealed IgG generation as 

well as the presence of RVFV-neutralizing antibodies from dpi 14 (Figure 6.1). The comparison 

of antigen-specific immune responses showed highest immune responses against NP, 

followed by Gn, NSm and the major factor of virulence NSs (Figure 6.2). This is consistent with 

previous studies that reported highest antibody reaction against NP and comparable low 

immune responses to NSs after infection with wild-type RVFV (McElroy et al., 2009; Pepin et 

al., 2010).  

Despite the presence of neutralizing antibodies, replicable RVFV was detected in blood from 

dpi 4 to dpi 14 and viral RNA was even detected for seven days longer (dpi 3 – 21) (Figure 6.3). 

Rats were viremic for up to 17 days (Sup. Figure 6.2). This duration of viremia is comparable 

or even longer than that of highly susceptible ruminants. In sheep, experimental infection with 

RVFV 35/74 induces viremia that can be detected in plasma samples for up to 7 days 

(Oreshkova et al., 2013), but also the presence of viral RNA until dpi 16 was previously 

described in ovine plasma (Kortekaas et al., 2012). A viral load above 104.5 plaque-

forming units/ml, corresponding to 104.6 TCID50/ml, was previously proposed to be sufficient 

for RVFV host-mosquito-transmission (Golnar et al., 2014). Viral RNA levels in blood of 

susceptible small ruminants can reach over 109 copies/ml (Oreshkova et al., 2013) and titers 

of up to 106 TCID50/ml can be detected (Kortekaas et al., 2012). In this study, viremias of up to 

104 TCID50/ml were found in black rats. Since differences between loads of viral RNA in serum 

and blood cruor samples have been described before (unpublished data), TCID50 values may 

actually be higher in the circulating blood. We therefore assume that RVFV transmission from 

black rats to mosquitoes is likely, although viral loads found in this study are below the 

previously proposed viral titer sufficient for host-mosquito-transmission. Other published 

data indicated that infectious thresholds for virus transmission from animals to mosquitoes 

differ among mosquito species or even different mosquito species biotypes (Vloet et al., 

2017). The long viremic phase of up to 17 days may result in an increased likelihood of RVFV 

transmission to mosquitoes, but other studies on RVFV transmission have shown that 

transmission from sheep to Culex pipiens mosquitoes can only occur during peak of viremia 

(Vloet et al., 2017). In black rats, viremia peaked between dpi 5 and 7, but at dpi 14 again high 

amounts of viral RNA in blood cruor were detected. Together, these findings demonstrate that 

further comprehensive experimental infection studies are needed to evaluate RVFV 

transmission from black rats to different mosquito species. 

RNA of the virus was found in all seven examined tissues and in six tissues (lungs, spleen, 

kidney, heart, brain and intestine) it was detected until the last day of the experiment (dpi 28) 

(Figure 6.5). These results are remarkable compared to those obtained in susceptible small 
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ruminants. In various infection studies, viral RNA was found in kidneys, livers, spleens or brains 

(Busquets et al., 2010; Miller et al., 2015; Oreshkova et al., 2013; Wilson et al., 2016), but 

animals are often only positive in some of their tissues and virus can mostly not be found 

longer than dpi 21 (Busquets et al., 2010; Wilson et al., 2016). A study that examined tissues 

at dpi 28 after subcutaneous RVFV infection of goats found presence of RVFV RNA by qRT-PCR 

only in the brain and lymph nodes (Kroeker et al., 2018). The results in black rats may indicate 

RVFV persistence in tissues. In order to gain closer insights, the course of a RVFV infection 

after dpi 28 has to be further investigated. Despite of high amounts of viral RNA detected in 

tissues in the qRT-PCR, the TCID50 assay revealed only low viral loads and in three tissues 

(heart, brain, intestine) no replicable virus was detected (Figure 6.7). An infection study in 

goats found similar results with qRT-PCR positive tissues from which no virus could be isolated 

(Kroeker et al., 2018). Other studies have also shown that qRT-PCR is much more sensitive 

than virus isolation and here virus could only be isolated from samples containing RNA levels 

higher than 105 copies/ml (Kortekaas et al., 2012; Wichgers Schreur et al., 2016). In this study, 

only five tissue samples reached higher RNA levels (lungs, RR6 – 9; kidney, RR8), but viral loads 

could also be quantified in samples reaching qRT-PCR results below 105 copies/ml. However, 

we found a positive correlation between RNA loads in lungs, livers and kidneys and positive 

results in immunohistochemistry (Table 6.2). Most of the tissue samples with detectable viral 

loads were also positive in immunohistochemistry (Table 6.1). NP was found in livers, lungs 

and kidneys of animals euthanized at dpi 3 and 14 in the immunohistochemistry (Table 6.1). 

Despite this evidence of viral replication, no unequivocally virus-induced histopathologic 

lesions were observed in any tissue at any sampling day. These findings suggest a possible 

persistence of RVFV in tissues of black rats without affecting the animal. They differ markedly 

from results of RVFV infection studies on susceptible ruminants in which pathological lesions 

occur in the infected animals (Wichgers Schreur et al., 2016; Wilson et al., 2016). Previous 

experimental studies on in-bred rats revealed different infection pattern in rats, depending on 

their genetic background. Wistar-Furth rats are very sensitive to RVFV infection and develop 

progressing lethal hepatic disease. Lewis rats, in contrast, are less susceptible to RVFV 

infection, but can develop encephalitic lesions (Anderson et al., 1987; Bales et al., 2012). 

However, high viral RNA levels until dpi 28 without evidence of illness have not been described 

in any vertebrate before. In order to verify whether genetic modifications of the virus in the 

rats led to a loss of pathogenicity, NGS was performed. Results revealed no mutations of the 

virus. The lack of pathogenicity may thus be due to species-specific characteristics of black 

rats regarding RVFV infection and should be further investigated.  

Due to its typical manifestation, we suspect that the perivascular pneumonia with alveolar 

edema and hyperplasia of foamy alveolar macrophages found in the majority of infected but 

also in contact animals and negative control rats was caused by Pneumocystis spp.-induced 

pulmonary pneumocystosis. This fungal infection probably already persisted in the rats before 
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infection with RVFV. As highest viral RNA loads have been found in the lungs of the animals, it 

is possible that this infection may have affected the course of the RVFV infection, especially 

because the lungs are normally not considered as a target tissue for RVFV (Bales et al., 2012). 

In field studies, Pneumocystis spp. has also been found in wildlife Rattus rattus (Rothenburger 

et al., 2015) and it can therefore be assumed that coinfection of these two pathogens is likely 

to occur in nature. More research is needed to evaluate a possible interplay of both 

pathogens.  

Additionally, oral, rectal and conjunctival virus shedding were observed in this study in the 

black rats and viral RNA was detected in swabs until the last sampling day (dpi 24) (Figure 6.4). 

The recurrent evidence of virus shedding found in this study points again to a possible RVFV 

persistence in black rats. However, horizontal transmission could not be found in this study as 

none of the contact animals were infected with RVFV. We assume that the detection of a few 

copies of viral RNA in the intestine of a contact animal (RR10) was due to oral RVFV exposure, 

which did not lead to infection or RVFV replication in the animal, as no other evidence of RVFV 

infection was observed in this rat and the TCID50 assay did not reveal viral activity. In 

susceptible livestock, virus shedding has also been shown, but nevertheless conflicting data 

are published concerning the occurrence of horizontal transmission in ruminants (Busquets et 

al., 2010; Wichgers Schreur et al., 2016). RVFV transmission from rats to other vertebrates, 

especially humans, should remain a concern and should be further investigated, as human 

infections via aerosol have been described repeatedly (Hoogstraal et al., 1979).  

In summary, it can be assumed from the results of this study that black rats are likely to be 

involved in the transmission cycle of RVFV. Further research is needed to investigate their 

potential role in the maintenance of the virus. Experimental studies and field studies during 

both enzootic and epidemic periods will help to assess the occurrence of an interaction 

between black rats and RVFV vectors as well as virus transmission from these rats to humans 

and livestock. 
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6.6  Tables 

 

Table 6.1  

Tissues 

 (A) Quantification of viral loads (TCID50/ml) (B) Immunohistochemistry (detection of RVFV NP) 

(A)                

                

Tissue RR1  RR2 RR3 RR4 RR5* RR6 RR7 RR8 RR9 RR10*  RR11 RR12 RR13 RR14* RR15  

liver 562.34 - 316.23 316.23 - 1778 316.23 562.34 3162 - - - - - - 

lungs - - - - - 316.23 1778 1778 3162 - - - 316.23 - - 

spleen - - - - - - - 56.23 - - - - - - - 

kidney - - - - - - - 100 - - - - - - - 

heart - - - - - - - - - - - - - - - 

brain - - - - - - - - - - - - - - - 

intestine - - - - - - - - - - - - - - - 

  dpi 3  dpi 14  dpi 28  

(B)                
                

Tissue RR1  RR2 RR3 RR4 RR5* RR6 RR7 RR8 RR9 RR10*  RR11 RR12 RR13 RR14* RR15  

liver - - + + - + + ++ + - - - - - - 

lungs - - - - - + + ++ ++ - - - - - - 

spleen - n.d. n.d. - - - - - - - - - - - - 

kidney - - - - - - - + + - - - - - - 

heart - - - - - - - - - - - - - - - 

brain - - - - - - - - - - - - - - - 

intestine n.d. n.d. n.d. n.d. n.d. n.d. n.d. - - n.d. n.d. n.d. n.d. n.d. n.d. 

  dpi 3  dpi 14  dpi 28  

 

 

            * = contact animals  

        n.d. = not determined  

           -  = no titer / viral antigen (0)  

           +  = focal or oligofocal (1)  

         ++  = multifocal (2) 
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Table 6.2 

Correlation between immunohistochemistry and qPCR-PCR results in tissues 

Tissue Spearman's rank correlation rho 95 % conficence interval p-value 

liver 0.8303 0.5534 – 0.9419 0.0001 

lungs 0.7929 0.4726 – 0.9282 0.0004 

spleen  n.d. n.d. n.d. 

kidney 0.6009 0.1281 – 0.8512 0.0178 

heart n.d. n.d. n.d. 

brain n.d. n.d. n.d. 

intestine n.d. n.d. n.d. 
 

 

Spearman's rank correlation rho:  0 = no correlation, >0 – 1 = positive correlation, <0 – -1 = negative correlation;  

n.d. = not determined 
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6.7  Figures  

 

 

Figure 6.1. Serology. Mean immune responses of the four tested rats per dissection day with 

corresponding standard deviation. Contact animals showed no seroconversion. (A) Competition ELISA. 

The cut-off is indicated by the black line. (B) Serum neutralization test (SNT). Neutralizing titers above 

1:10 were detected. 
 

  

Figure 6.2. Antigen-specific indirect IgG ELISA. Mean immune responses against glycoprotein N (Gn) 

and C (Gc), non-structural protein M (NSm) and S (NSs) and nucleoprotein (NP) of the four tested rats 

per dissection day with corresponding standard deviation. Contact animals showed no seroconversion. 

(A)

dpi

3 14 28

m
ea

n
 S

/N
%

0

20

40

60

80

100

120

(B)

dpi

3 14 28

m
ea

n
 N

D
5

0

0

100

200

300

400

500

600

p
o

si
ti

ve
n

eg
at

iv
e

dpi

3 14 28

m
ea

n
 O

D
4

0
5

 n
m

 

0,0

0,5

1,0

1,5

2,0

2,5

3,0

Gn 

Gc 

NSm 

NSs 

NP 



73 
 

 

Figure 6.3. Viremia. Only the sampling days are displayed as a number on the x-axis. Contact animals 

showed no evidence of RVFV infection. (A) qRT-PCR. Mean detected viral RNA in blood cruor per dpi 

with corresponding standard deviation. (B) Quantification of viral loads. Mean detected infectious 

doses in blood cruor per dpi with corresponding standard deviation. Only samples positive in the qRT-

PCR were analyzed. 

 

 

 

Figure 6.4. Shedding. Only the sampling days are displayed as a number on the x-axis. Contact animals 

showed no evidence of virus shedding. (A) qRT-PCR. Mean detected viral RNA in swabs per dpi with 

corresponding standard deviation. (B) Quantification of viral loads. Mean detected viral loads in swabs 

per dpi with corresponding standard deviation. Only samples positive in the qRT-PCR were analyzed. 

Detectable viral loads were found only in a single rectal and conjunctival swab. 
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Figure 6.5. Percentage of animals per tissue tested positive by qRT-PCR. Contact animals are not 

included. 

 

 

 

Figure 6.6. Viral RNA in tissues. Mean detected viral RNA (qRT-PCR) in tissues of the four tested rats 

per dissection day with corresponding standard deviation. Contact animals are not included. 
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Figure 6.7. Quantification of viral loads in tissues. Mean detected viral loads in tissues per dissection 

day with corresponding standard deviation. Only samples positive in the qRT-PCR were analyzed. 

Contact animals are not included. 
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Figure 6.8. Histopathology. Lack of virus-induced histopathologic lesions despite immunohistological 

proof of RVFV NP antigen in alveolar macrophages (B), hepatocytes (F), and a renal tubular epithelia 

(J) at dpi 14. A, B, E, F, I, J.) Rattus rattus. RVFV 35/74, subcutaneous infection, dpi 14. C, D, G, H, K, L.) 

Rattus rattus. Mock-infected negative control, subcutaneous inoculation, dpi 14. A-D.) Lungs. The 

lungs of the RVFV-infected and the mock-infected rat show a comparable, moderate, multifocal, 

perivascular, subacute, lymphohistiocytic interstitial pneumonia with alveolar edema and hyperplasia 

of foamy alveolar macrophages suggestive of a Pneumocystis spp.-induced pulmonary 

pneumocystosis, which is interpreted as a background lesion. E-H.) Liver. I-L.) Kidney. A, C, E, G, I, K.) 

Hematoxylin-eosin; bar = 50 µm. B, D, F, H, J, L.) RVFV immunohistochemistry, avidin-biotin-peroxidase 

complex method including heat-induced epitope retrieval, a polyclonal sheep anti-RVFV MP12-strain 

NP antiserum (internal number: #SP24; diluted 1:4000), 3-amino-9-ethyl-carbazol as chromogen (red-

brown) and hematoxylin counterstain (blue); bar = 20 µm. 
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7 GENERAL DISCUSSION  
 

 

The mosquito-borne Rift Valley fever phlebovirus (RVFV) causes devastating outbreaks with 

high losses in livestock and thousands of affected people (Bird et al., 2009). Because of its 

substantial impact on the economy and health systems, it is considered one of the most 

important zoonotic diseases in Africa (Chevalier, 2013). Since its first description in Kenya in 

1931 (Daubney and Hudson, 1931), RVFV spread through major parts of sub-Saharan Africa, 

Egypt and the Arabian Peninsula. Once-affected areas are usually confronted with recurring 

RVF epidemics (Ahmed Kamal, 2011; Bob et al., 2017). Interestingly, periods with no effects 

on public health follow each epidemic. The mechanisms leading to RVFV maintenance during 

inter-epidemic periods (IEPs) are not conclusively identified and information on the 

distribution and circulation of the virus during these periods remains scarce (Bird and McElroy, 

2016). In order to prevent infections of humans and animals, it is indispensable to acquire a 

sound knowledge of RVFV ecology.  

To achieve this, the first study aimed to compile and evaluate existing data on potential 

mechanisms of RVFV maintenance during IEPs as well as information on the distribution and 

circulation of the virus in endemic and non-endemic countries. Additionally, data on RVFV 

introduction pathways into previously unaffected areas were analyzed, as knowledge of these 

routes of introduction is essential to prevent further and global spread of the virus.  

Currently, mosquitoes are considered to be the most important factor for long-term RVFV 

maintenance, but evidence of transovarial transmission has only been found in Aedes spp. 

mosquitoes in Kenya (Linthicum et al., 1985; Lumley et al., 2017). Thus, further research is 

needed to determine its actual impact on RVFV ecology and its occurrence in different 

ecological environments. Both field and experimental infection studies should also analyze the 

involvement of various mosquito species of the genera Culex spp., Mansonia spp. and 

Anopheles spp. that have been found to be carriers of the virus (Linthicum et al., 2016). 

Furthermore, it is assumed that only a balance between vertical transmission within the 

mosquito population and infection of amplification hosts can lead to RVFV maintenance 

(Manore and Beechler, 2015). Reservoir hosts may thus be able to compensate for a decline 

in mosquito populations during unfavorable conditions for breeding sites. Especially African 

buffaloes, bats and rodents have been repeatedly suggested to be potential RVFV amplifiers 

(Olive et al., 2012). A number of studies have further demonstrated that a forest ecosystem 

promotes RVFV emergence, indicating the involvement of forest-associated wildlife in RVFV 

maintenance (Davies, 1975; Owange et al., 2014; Smithburn et al., 1948). At present, however, 

evidence is not sufficient to definitively assess the role of reservoir hosts in maintaining RVFV. 

In addition, it has been shown that certain behaviors such as the renewal of livestock herds, 
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barter practice, nomadic animal husbandry and the use of live-attenuated vaccines during the 

breeding season of mosquitoes may support viral maintenance (Chamchod et al., 2015; 

Chevalier et al., 2011; Nicolas et al., 2013; Owange et al., 2014). Taken together, the 

assessment of the available data reveals that a complex interplay of all these factors promotes 

RVFV maintenance during IEPs. Depending on climatic conditions, the existence of individual 

factors may not be mandatory or may be compensated by others. 

Moreover, molecular and serological studies have contributed to gain insight into RVFV 

circulation during IEPs and thus to build a more thorough understanding of RVFV ecology. 

Circulation of the virus during IEPs has already been demonstrated in many countries 

(LaBeaud et al., 2011; Rissmann et al., 2017b; Saluzzo et al., 1984; Thonnon et al., 1999b), but 

data for most regions are still very limited. More in-depth analyses are therefore required in 

the concerned countries, but also in areas that are likely to be affected.  

In addition, repetitive RVFV introductions from endemic areas to regions with less favorable 

conditions have been identified as an important cause of recurrent RVF epidemics (Carroll et 

al., 2011). However, it has been shown that the introduced RVFV does not necessarily lead to 

an immediate outbreak of the disease, but can circulate locally at low levels until suitable 

environmental conditions for mass replication with subsequent epidemics arise (Rolin et al., 

2013). In most cases, imports of infected ruminants and camels are considered the main 

reason for the introduction of RVFV (Abdo-Salem et al., 2011b; Ahmed Kamal, 2011; Gad et 

al., 1986; Pfeffer and Dobler, 2010). These findings emphasize the urgent need for trade 

controls, adequate quarantine systems and active surveillance of imported livestock from 

endemic regions in the respective countries as well as the development and application of 

safe and effective vaccines. Intensive monitoring should be carried out in particular during 

critical events, such as inundations leading to an increase in the mosquito population or 

religious festivals involving the import of large numbers of susceptible animals (Abdo-Salem 

et al., 2011a). Finally, phylogenetic analyses are crucial to retrospectively identify routes of 

introduction by characterizing the circulating RVFV strains. 

Mauritania is one of the countries where RVFV initially persisted imperceptibly after its 

introduction. It is assumed that the construction of the Diama Dam has created favorable 

conditions for an increase in the mosquito population and thus for RVFV replication, which led 

to the first RVF outbreak in West Africa in 1987 (Digoutte and Peters, 1989). Since then, 

Mauritania has experienced recurring RVF epidemics affecting people and livestock (Bob et 

al., 2017). However, as in many other countries concerned, knowledge on RVFV circulation 

during IEPs and the presence and distribution of virus transmitting vectors is limited (Mint 

Mohamed Lemine et al., 2017).  
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On these grounds, in the second study, almost 5,000 mosquitoes were collected and 

virologically examined to elucidate the ecology of RVFV within the country. The collection was 

performed over the course of 2018 in three regions of the southern Sahel zone in Mauritania, 

where RVF epidemics have previously occurred (Digoutte and Peters, 1989; Sow et al., 2014). 

To gain insights into potential factors leading to RVFV maintenance, the mosquitoes were 

mainly captured during IEPs (4,241 individuals). However, in order to generally elucidate the 

occurrence of RVFV among mosquitoes in Mauritania, an additional collection 

(709 individuals) was carried out when RVF was observed on a cattle farm near the town of 

Rosso. An ongoing epizootic on the farm was retrospectively confirmed by the detection of 

RVFV-specific IgM antibodies in bovine sera, because IgM antibodies can only be found during 

the first months of infection (Pepin et al., 2010). The detection of IgM antibodies also in sera 

collected one month prior to the observation of RVF disease points to an onset of the epizootic 

even before the observed clinical manifestation.  

In line with previous studies in Mauritania, most collected mosquitoes belonged to the genus 

Culex spp. (Faye et al., 2007; Nabeth et al., 2001), but the genera Anopheles spp., Aedes spp. 

and Mansonia spp. were also captured. A total of 14 different species were identified among 

the mosquitoes. However, the vast majority belonged to four mosquito species that are 

believed to be involved in the RVFV transmission cycle: Culex quinquefasciatus (38 %), Culex 

poicilipes (15 %), Culex tritaeniorhynchus (12 %) and Anopheles pharoenis (11 %) (Linthicum et 

al., 2016).  

Evidence of RVFV was found in a pool of ten female Anopheles pharoensis mosquitoes that 

were captured during the RVF epizootic on the cattle farm. Natural infection of Anopheles 

pharoenis has previously been observed in Kenya (Chevalier et al., 2010; Linthicum et al., 

2016), but this is the first detection of RVFV in this mosquito species in Western Africa. In 

Mauritania, the virus has previously been isolated from Culex poicilipes and Culex antennatus 

mosquitoes, both during and between epidemics (Diallo et al., 2005; Faye et al., 2014; Faye et 

al., 2007). Although the detection of viral RNA (1,783 copies/µl; Ct value of 28) confirms the 

presence of RVFV in the Anopheles pharoensis mosquito pool, only the performance of vector 

competence studies can clarify whether the mosquito species is capable of transmitting RVFV 

from one host to another. The mere detection of the virus in captured mosquitoes may be 

based on virus-containing blood meals and therefore does not necessarily imply the vector 

competence of the examined mosquito species. The mosquitoes of the RVFV-positive 

mosquito pool showed no evidence of the presence of a blood meal in the morphological 

examination. Nevertheless, the presence of blood residues cannot be completely excluded. 

For the existence of vector competence, the virus taken up in the blood meal has to overcome 

the tissue barriers of the mosquito's midgut, which leads to systemic infection of the 

arthropod. If the virus, which replicates in cells of the mosquito, is also able to overcome the 

tissue barriers of the mosquito's salivary glands, the arbovirus can be transmitted to 
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vertebrates and the mosquito species can consequently be defined as vector competent 

(Franz et al., 2015; Lumley et al., 2017). Most vector competence studies have focused on 

investigating virus transmission by mosquitoes of the genera Aedes spp. and Culex spp. 

(Lumley et al., 2017). In Egypt, however, previous studies have examined the possibility of 

RVFV transmission by Anopheles pharoensis mosquitoes. A study by Gad et al. revealed the 

vector competence (transmission rate of 3.5 %) of field-caught Egyptian Anopheles pharoensis 

mosquitoes. The mosquitoes were infected by feeding on viremic hamsters with virus titers in 

blood comparable to those of RVFV-infected ruminants and humans (Gad et al., 1987). 

Especially in combination with these observations, the results of our study suggest the 

involvement of Anopheles pharoensis in the RVFV transmission cycle in Mauritania. However, 

since the detected transmission rate was relatively low (the transmission rate of Culex 

antennatus was 37.5 % in the same study) and contradictory studies on the vector 

competence of this mosquito species have been published in Egypt (Gad et al., 1987; Turell et 

al., 1996), future research is necessary to assess the capability of Anopheles pharoensis to act 

as a vector for RVFV. Furthermore, large differences in the ability to transmit RVFV were found 

in different geographical populations of the same mosquito species (Turell et al., 2013), which 

underlines the importance of RVFV competence studies with Anopheles spp. mosquitoes from 

West Africa to elucidate their role in RVFV ecology in this geographical region.  

This study found viral evidence only in the presence of RVF cases, even though the majority of 

mosquitoes were collected during IEPs. As shown in the first study of this thesis, this is in line 

with previous reports in endemic regions, demonstrating low infection rates in mosquitoes 

during IEPs (Gordon et al., 1992; Sang et al., 2017). Thus, further in-depth studies during IEPs 

are essential to identify vectors involved in RVFV maintenance in Mauritania. As stated above, 

information on the occurrence of a transovarial transmission between mosquitoes in different 

ecological environments is sparse. In order to investigate this mode of virus maintenance in 

Mauritania, captured male mosquitoes were examined in addition to blood-feeding female 

mosquitoes. However, none of the 571 male mosquitoes collected during IEPs showed 

evidence of RVFV infection. Future analyses of male mosquitoes, larvae and mosquito eggs 

during epidemics or epizootics would allow a better understanding of the role of vertical 

transmission in mosquitoes in Mauritania, given the higher infection rates at these times.    

To identify potential RVFV reservoir hosts, blood meals of 258 captured engorged mosquitoes 

were analyzed, with the successful identification of 183 feeding hosts. In line with previous 

studies on Anopheles spp. mosquitoes in Mauritania, the majority of mosquitoes fed on 

humans and cattle (Lekweiry et al., 2016; Ould Lemrabott et al., 2018). This highlights the risk 

posed by RVFV-infected mosquitoes, as both species are highly susceptible to the virus (Bird 

et al., 2009). About 10 % of the mosquitoes in this study fed on other vertebrates, including 

small ruminants (goats and sheep), donkeys, cats, dogs and straw-colored fruit bats. To our 

knowledge, this is the first description of a vector-host interaction between mosquitoes and 
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fruit bats in Mauritania, which is of particular interest considering that a number of field and 

experimental studies (Balkema-Buschmann et al., 2018; Boiro et al., 1987; Butenko, 1996; 

Crabtree et al., 2013; Fagre and Kading, 2019; Kading et al., 2018; Kading and Schountz, 2016) 

previously indicated a possible involvement of these animals in the ecology of RVFV. However, 

the actual importance of fruit bats in the RVFV transmission cycle has not yet been 

conclusively determined (Olive et al., 2012). 

Furthermore, the second study of this work revealed the circulation of dengue virus strain 2 

(DENV 2) in Mauritania. This is the first detection of the Flavivirus in mosquitoes in the 

country. Evidence of the virus was found in Aedes aegypti and in Culex quinquefasciatus 

mosquitoes. Although dengue fever represents the most frequent arboviral disease in 

humans, it has only recently been reported in Mauritania (Mint Mohamed Lemine et al., 2017; 

WHO Regional Office for Africa, 2018) and the importance of this disease may be largely 

underestimated due to its unspecific symptoms (Bhatt et al., 2013). Findings of this study 

demonstrate the ongoing circulation of DENV 2 in Mauritania and further studies should aim 

to clarify the incidence of the virus. 

In summary, the results of the second study demonstrate active RVFV and DENV 2 circulation 

in Mauritania. In order to protect human and animal health, more research is needed to 

determine the occurrence of arboviruses within the West African country. Additionally, 

factors contributing to RVFV maintenance in Mauritania should be further investigated, and, 

in particular, Anopheles pharoensis mosquitoes and fruit bats should be examined in more 

detail. 

Besides bats, rodents are also considered as potential RVFV reservoir. One of the most 

widespread rodents in Africa, found in all areas where RVF epidemics have occurred, is the 

black rat (Rattus rattus) (Olive et al., 2012). During the first recorded outbreak, rats were 

observed to be susceptible to the virus (Daubney and Hudson, 1932). Although several reports 

have posited the involvement of Rattus rattus in RVFV ecology (Gora et al., 2000; Hoogstraal 

et al., 1979; Imam et al., 1979; Lutomiah et al., 2014; Youssef and Donia, 2002), previously 

only one experimental infection with two black rats has been carried out, revealing the 

development of viremia in these animals (Hoogstraal et al., 1979).  

Therefore, the third study of this thesis aimed to evaluate more precisely the potential of 

Rattus rattus to act as RVFV reservoir host and their role in RVFV maintenance. An 

experimental infection of black rats with highly virulent RVFV was conducted to investigate 

the course of RVFV infection and the possibility of virus persistence in the rats. For 28 days, 

infected rats as well as non-infected contact animals were observed for clinical signs and blood 

and swab samples were taken regularly. The rats were euthanized and pathologically 

examined at three different time points of the study. 
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Throughout the experiment, no clinical RVF manifestation was observed in any of the black 

rats. Nevertheless, the rats were found to be highly susceptible to the virus. In all rats that 

have been kept longer than 3 days post infection, the development of both IgG and 

neutralizing antibodies was detected, demonstrating RVFV immunocompetence of the rats. In 

agreement with other studies, the highest immune responses were found against the 

nucleoprotein (NP), whereas generation of antibodies against non-structural protein NSs, the 

virus’ major factor of virulence, was comparatively low (McElroy et al., 2009; Pepin et al., 

2010). Despite the presence of neutralizing antibodies, the rats developed a viremia, lasting 

for up to 17 days. This duration of viremia is comparable to that of highly susceptible 

ruminants (Kortekaas et al., 2012). Viral loads found in blood cruor of the rats reached up to 

104 TCID50/ml, which is slightly below the viral load (104.6 TCID50/ml) that was proposed as 

sufficient for transmission of the virus from hosts to mosquitoes (Golnar et al., 2014). 

Nevertheless, we consider the transmission of RVFV from black rats to vectors to be possible, 

since it has previously been shown that viral loads in blood cruor are lower than those 

detected in the corresponding sera (unpublished data). Thresholds for infection may also vary 

between mosquito species (Vloet et al., 2017). However, in order to evaluate the transmission 

of RVFV from Rattus rattus to different mosquito species in detail, further comprehensive 

experimental infection studies should be conducted.  

The examination of tissues on different days post infection revealed the presence of viral RNA 

in all seven tissues tested. In contrast to results of studies in highly susceptible ruminants 

(Busquets et al., 2010; Miller et al., 2015; Oreshkova et al., 2013; Wilson et al., 2016), evidence 

of RVFV-specific RNA was found in most tissues until the last day of the experiment (dpi 28). 

These findings indicate a possible persistence of the virus in black rats, but to gain further 

insights, the course of infection after the first four weeks has to be studied in detail. In 

immunohistochemistry, RVFV NP was found in livers, lungs and kidneys of black rats. Despite 

this evidence of viral replication, no virus-induced histopathologic lesions were detected in 

any of the black rat tissues that were examined. These results also differ markedly from RVFV 

infection studies with other animals, where pathological lesions have been demonstrated to 

occur in various tissues of the infected animals (Bales et al., 2012; Wichgers Schreur et al., 

2016; Wilson et al., 2016). Since the analysis of the virus by NGS in collected specimens 

revealed no genetic modifications of the virus in the rats, we assume that this observed lack 

of pathogenicity can be attributed to species-specific characteristics of the black rats.  

Furthermore, a perivascular pneumonia with alveolar edema and hyperplasia of foamy 

alveolar macrophages was diagnosed in the majority of the rats in this study, including contact 

and negative control animals. Due to the typical manifestation, this is most likely attributable 

to a pulmonary pneumocystosis (induced by Pneumocystis spp.), which may have persisted in 

the rats prior to RVFV infection. Since the highest viral RNA loads were found in the lungs of 

the rats and lungs are not regarded as usual target tissue of the virus (Bales et al., 2012), it is 
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possible that the fungal infection may have influenced the course of RVFV infection. For this 

reason, a potential interplay of the two pathogens should become the subject of further 

research, especially because Pneumocystis spp. has already been detected in wild 

Rattus rattus (Rothenburger et al., 2015), which leads to the assumption that co-infections 

also occur in nature.   

Finally, oral, rectal and conjunctival virus shedding was detected in the infected rats and lasted 

until the final day (dpi 24) of sampling, again pointing to a possible persistence of the virus 

within black rats. Considering that human infections via aerosol have been repeatedly 

described (Hoogstraal et al., 1979), transmission of the virus from Rattus rattus to humans (or 

other vertebrates) poses a potential risk, although no evidence of horizontal transmission was 

found in any of the contact animals. 

Taken together, the results of the third study indicate the involvement of black rats in the 

RVFV transmission cycle. According to Rodhain, the ideal precondition to serve as reservoir 

host is a general susceptibility to the pathogen with the development of viremia, but without 

severe clinical manifestation (Rodhain, 1998). As these required characteristics are observed 

in black rats, the role of Rattus rattus in RVFV maintenance should be further investigated 

urgently. A shared habitat of the reservoir host with mosquitoes may additionally increase the 

probability of virus transmission (Rodhain, 1998). Both experimental and field studies during 

enzootic as well as epidemic periods will help to assess the occurrence of interaction between 

black rats and RVFV vectors in different ecological habitats as well as virus transmission from 

these rats to humans and livestock. The blood meal analysis of mosquitoes carried out in the 

second study of this thesis did not reveal any evidence of an interaction between mosquitoes 

and rats in Mauritania. However, the occurrence of this vector-host interaction has already 

been demonstrated in East Africa (Kenya) by blood meal analysis (Lutomiah et al., 2014).  

In conclusion, it is shown that a complex interplay of numerous factors leads to the 

maintenance of RVFV during IEPs. Presented results underline that further studies are 

required to define and examine aspects of RVFV maintenance in different ecological habitats 

in order to prevent human and animal infections. The West African country Mauritania is 

periodically affected by RVF epidemics and other important arboviruses are known to be 

present. However, information on the occurrence of these viruses and the abundance of 

vectors is scarce, as it is currently the case for many affected regions. In this study, the first 

results demonstrating RVFV circulation in Anopheles pharoensis mosquitoes in Mauritania are 

presented, thus revealing the need for RVFV vector competence studies with this mosquito 

species. Additionally, first evidence of DENV 2 circulation in mosquitoes in the West African 

country was found. Furthermore, the direct evidence of a vectors-host interaction between 

mosquitoes and fruit bats is presented, underlining their potential role in RVFV ecology in this 

geographical region. Finally, susceptibility to RVFV was demonstrated in black rats, which are 
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widespread throughout Africa, without any impairment of the animals by the infection. These 

findings suggest that black rats are involved in RVFV maintenance, which demands further 

investigation as a means of preventing devastating outbreaks. 
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8   SUMMARY 
 

 

Anne Franziska Stoek 

Maintenance of Rift Valley fever phlebovirus during inter-epidemic periods –  
Monitoring of vectors and identification of potential reservoir hosts 

 

The Rift Valley fever phlebovirus (RVFV) is a mosquito-borne virus that causes severe disease 

in animals and humans. The virus primarily affects ruminants, with massive abortions in 

infected dams and fatality rates of up to 100 % in newborn animals. Besides infection via bites 

of mosquitoes, transmission to humans can also occur through direct contact to infected 

animals or their tissues. Since its first description in Kenya in 1931, RVFV has spread over most 

of sub-Saharan Africa and to the Arabian Peninsula. In addition, recent evidence of the virus 

circulating in Turkey, Iran and Libya highlights the potential risk of its spread to remote and 

previously unaffected regions.  

The RVFV transmission cycle can be divided into two consecutive cycles. The epidemic cycle 

occurs when environmental conditions, such as high precipitation, favor a sudden increase in 

the mosquito population. The presence of high numbers of mosquitoes enhances the risk of 

infection for humans and animals. Subsequently, the infected individuals transmit the virus to 

other mosquitoes, humans and animals, which in turn spread the virus further. Since its first 

isolation from mosquitoes in 1948, RVFV has been detected in more than 40 different 

mosquito species, suggesting a broad species involvement in the ecology of the virus. During 

the enzootic (inter-epidemic) cycle, in the absence of suitable conditions for the presence of 

large mosquito populations, RVFV is maintained by vertical (transovarial) transmission 

between mosquitoes (Aedes spp.) and by occasional infections of vertebrates. Furthermore, 

it is assumed that currently unidentified wildlife reservoir hosts contribute to the maintenance 

of the virus during inter-epidemic periods. However, the factors leading to RVFV persistence 

have not been conclusively determined. 

The first part of this work therefore examined current literature to identify potential 

mechanisms leading to the maintenance of the virus in the absence of favorable conditions 

for RVFV replication. To sustain the enzootic cycle, a complex interplay of various factors is 

required, varying depending on the prevailing climatic conditions. In addition to transovarial 

RVFV transmission by mosquitoes and the involvement of a wildlife reservoir, access to water 

as a prerequisite for a stable mosquito population, as well as livestock trade and the use of 

live-attenuated vaccines with residual virulence may promote RVFV transmission. In many 

regions, serological and virological studies have demonstrated the circulation of the virus in 
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mosquitoes, animals and humans during the absence of reported outbreaks. Nevertheless, 

data are limited or not available for many of the affected countries. The (re-)introduction of 

the virus from areas with favorable conditions for endemic virus circulation is one of the 

reasons for the occurrence of epidemics, with the import of infected livestock being 

considered the primary cause. This highlights the need for active surveillance systems, the 

development of safe vaccines and retrospective analysis of introduction routes to prevent 

further RVFV spread. Further in-depth studies are essential to better understand the 

mechanisms of virus maintenance.  

In Mauritania, several mosquito-borne viruses have been described that can cause severe 

disease in animals and humans. The West African country has been affected by recurrent Rift 

Valley fever (RVF) epidemics, with the first outbreak having occurred in 1987. Although a 

number of studies have confirmed the endemic RVFV circulation in Mauritania, scarce 

information is available on the occurrence and distribution of the virus and its vectors. 

Therefore, in the second study of this thesis, 4,950 mosquitoes (14 species of four genera) 

were collected in Nouakchott and southern parts of the country and subsequently analyzed 

virologically. Evidence of RVFV was found in a pool of female Anopheles pharoensis 

mosquitoes collected on a cattle farm near the Senegal River where animals showed clinical 

RVF manifestation. These findings demonstrate active RVFV circulation in Mauritania. 

Moreover, dengue virus (serotype 2) (DENV 2) was detected in one pool each of mosquitoes 

of the species Aedes aegypti and Culex quinquefasciatus that were also collected near the 

Senegal River, in the town of Rosso. As very little is known about the occurrence of DENV in 

Mauritania, future studies are needed to investigate the spread of this virus, which is 

responsible for the affliction of millions of people worldwide. Additionally, blood meal analysis 

of 258 engorged mosquitoes revealed that the majority of collected mosquitoes fed on 

humans (urban areas) and cattle (rural areas). Furthermore, small ruminants, donkeys, cats, 

dogs and straw-colored fruit bats were identified as feeding hosts. This is the first 

identification of a vector-host interaction between mosquitoes and fruit bats in Mauritania, 

which is of particular interest as it identifies fruit bats as a possible RVFV reservoir, indicating 

that these animals should be the subject of further research. 

In addition to fruit bats, various studies indicate a possible involvement of black rats (Rattus 

rattus) in RVFV transmission cycle. However, research to evaluate the role of these rodents, 

which are widespread in Africa, is insufficient. Therefore, in the third part of this work, an 

experimental infection study with black rats was carried out. The rats were subcutaneously 

infected with a highly virulent RVFV strain and the susceptibility of the animals as well as the 

course of the disease were examined. With additional non-infected contact animals, the 

occurrence of a horizontal infection between rats was evaluated. On days 3, 14 and 28 post 

infection, animals were sacrificed and examined. Viremia in the black rats lasted for up to 
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17 days, and in all rats, generation of RVFV-specific antibodies from day 14 post infection was 

detected. In addition, viral RNA was found up until the last day of the experiment in tissues of 

the rats. Despite this observed susceptibility, none of the animals showed clinical symptoms 

of RVF manifestation and no unequivocally virus-induced lesions were detected in 

histopathology. These results differ from characteristics typically observed in susceptible 

animals and may indicate persistence of the virus in this rodent species without affecting the 

animals. Additionally, long-lasting oral, rectal and conjunctival virus shedding was found, but 

evidence of horizontal transmission was not observed in any of the contact animals. Taken 

together, the results of this study strongly suggest the involvement of black rats in RVFV 

ecology, laying the groundwork for future studies.   
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9   ZUSAMMENFASSUNG  

 

Anne Franziska Stoek 

Rifttalfieber-Virus in der interepidemischen Phase: 

Stechmückenmonitoring und Identifizierung potenzieller Reservoirwirte 
 

Das Rifttalfieber-Virus ist ein von Stechmücken übertragenes Virus, das schwerwiegende 

Erkrankungen bei Mensch und Tier verursacht. Hauptwirte des Virus stellen Wiederkäuer dar, 

bei denen es zu dem massenhaften Auftreten von Aborten sowie zu einer hohen 

Sterblichkeitsrate bei Jungtieren kommen kann. Zusätzlich zu der Infektion über den Stich 

infizierter Mücken können Menschen sich auch durch den Kontakt mit ausscheidenden Tieren 

und deren infektiösen Geweben infizieren. Erstmals wurde das Virus 1931 in Kenia 

beschrieben. Seitdem hat es sich über weite Teile Subsahara-Afrikas und bis auf die 

Arabischen Halbinsel verbreiten können. Auch neueste Nachweise einer Zirkulation des Virus 

in der Türkei, dem Iran und Libyen verdeutlichen die Gefahr einer Ausbreitung des Virus in 

entlegenere und bisher nicht betroffene Gebiete.  

Der Übertragungszyklus des Rifttalfieber-Virus lässt sich in zwei ineinander übergehende 

Zyklen unterteilen. Zum epidemischen Zyklus kommt es, wenn Umweltbedingungen, wie z.B. 

starke Regenfälle, einen sprunghaften Anstieg der Mückenpopulation begünstigen. Durch das 

Auftreten hoher Mückenzahlen wird die Ansteckungsgefahr für Mensch und Tier erhöht und 

die infizierten Individuen übertragen das Virus weiter auf andere Mücken, Menschen und 

Tiere. Seit seiner Entdeckung wurde das Rifttalfieber-Virus in über 40 verschiedenen 

Stechmückenarten nachgewiesen, was auf eine Beteiligung dieser Arten an der Virusökologie 

schließen lässt. Während des enzootischen Zyklus (interepidemische Phase) hingegen, wenn 

für eine Vermehrung der Stechmücken eher ungünstige Bedingungen vorherrschen, zirkuliert 

das Rifttalfieber-Virus innerhalb der Mückenpopulation durch vertikale (transovarielle) 

Übertragung (Aedes-Mücken) und gelegentliche Infektionen von Tieren. Zudem wird davon 

ausgegangen, dass ein bisher unbekanntes Wildtierreservoir an der Aufrechterhaltung der 

Viruszirkulation beteiligt ist. Welche Faktoren jedoch wirklich zum Überdauern des Virus 

während der Abwesenheit geeigneter Bedingungen für das Auftreten von Epidemien führen, 

ist bisher nicht eindeutig geklärt.  

Im ersten Abschnitt dieser Arbeit wurden deshalb zunächst die Mechanismen, welche nach 

derzeitigem Wissensstand zu einer Viruszirkulation während des enzootischen Zyklus führen, 

zusammengestellt und bewertet. Ein komplexes Zusammenspiel vieler verschiedener 

Faktoren, die je nach vorherrschenden klimatischen Bedingungen variieren, ist für die 
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Aufrechterhaltung der Viruszirkulation erforderlich. Neben der bereits erwähnten 

transovariellen Virusübertragung bei Mücken und der Beteiligung von Wildtieren gehören 

hierzu auch Umweltbedingungen, wie das Vorhandensein von Wasser als Grundlage für eine 

stabile Mückenpopulation, und menschliche Verhaltensweisen, wie der Handel mit Tieren 

oder die Verwendung von Lebendimpfstoffen mit bestehender Restvirulenz. Mittels 

serologischer und virologischer Untersuchungen von Mücken, Tieren und Menschen ist die 

Zirkulation des Rifttalfieber-Virus in Abwesenheit von Ausbrüchen der Krankheit bereits in 

verschiedenen Regionen nachgewiesen worden. Für viele Länder existieren jedoch noch 

immer sehr wenige Informationen. Die (Wieder-)Einschleppung von Rifttalfieber-Virus aus 

Gebieten, in denen das Virus zirkuliert, wird als eine der Hauptursachen für das Auftreten von 

Epidemien angesehen. Der Import von infizierten Nutztieren ist hierbei eine der wichtigsten 

Ursachen. Dies verdeutlicht die Notwendigkeit von Kontrollen bei der Tiereinfuhr aus 

Risikogebieten sowie von der Entwicklung sicherer Impfstoffe. Umfassende Studien sind 

zukünftig nötig, um die Mechanismen der Virusüberdauerung aufklären zu können. Die 

retrospektive Ermittlung der Einschleppungsursachen in betroffene Regionen kann zusätzlich 

helfen, einer weiteren Verbreitung des Virus vorzubeugen.  

In dem westafrikanischen Land Mauretanien ist das Vorkommen verschiedener von Mücken 

übertragener Viren mit schwerwiegenden Auswirkungen auf die Gesundheit von Mensch und 

Tier beschrieben worden. 1987 kam es hier erstmals zu einem Rifttalfieberausbruch und das 

Land ist seitdem immer wieder von Epidemien betroffen gewesen. Obwohl bereits mehrfach 

eine endemische Zirkulation des Virus in Mauretanien nachgewiesen wurde, ist nur sehr wenig 

über das Vorkommen und die Verbreitung von virusübertragenden Stechmücken, sowie des 

Rifttalfieber-Virus selbst, bekannt. In der zweiten Studie dieser Arbeit wurden daher 

4950 Mücken (14 Spezies aus vier Gattungen) in Nouakchott sowie in zwei südlichen Regionen 

des Landes gesammelt und virologisch untersucht. Das Rifttalfieber-Virus wurde in einem 

Mückenpool weiblicher Anopheles pharoensis Mücken nachgewiesen, die auf einer 

Rinderfarm nahe des Senegal Flusses gesammelt wurden, auf der die Tiere klinische 

Symptome einer Rifttalfieber-Viruserkrankung zeigten. Dieser Nachweis belegt die aktive 

Zirkulation des Virus in Mauretanien. Zudem wurde in jeweils einem Pool von Mücken der 

Spezies Aedes aegypti und Culex quinquefasciatus, Dengue-Virus (Serotyp 2) detektiert. Auch 

diese Mücken wurden nahe des Senegal Flusses, in Rosso, gesammelt. Über die Verbreitung 

von Dengue-Virus in Mauretanien ist bisher nur sehr wenig bekannt und zukünftige Studien 

sollten das Vorkommen dieses Virus, das weltweit für die Erkrankung von Millionen von 

Menschen verantwortlich ist, weiter untersuchen. Die Blutmahlzeitanalyse von 

258 blutgefüllten Stechmücken zeigte, dass die Mehrheit der gesammelten Stechmücken auf 

Menschen (städtische Gebiete) und Rindern (ländliche Regionen) Blut gesaugt hatte. 

Zusätzlich konnten auch kleine Wiederkäuer, Esel, Katzen, Hunde sowie Palmenflughunde als 

Wirte der Mücken identifiziert werden. Der Nachweis einer Vektor-Wirt-Interaktion zwischen 
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Flughunden und Mücken in Mauretanien ist von besonderem Interesse, da Flughunde als ein 

mögliches Reservoir des Rifttalfieber-Virus diskutiert werden. Die Erforschung der Beteiligung 

dieser Tiere an der Aufrechterhaltung des Virus während interepidemischer Phasen sollte 

daher Gegenstand weiterer Studien werden.  

Ebenso wie Flughunde, sind auch Ratten wiederholt als Reservoir des Rifttalfieber-Virus 

diskutiert worden. Im dritten Teil der Arbeit wurde ein Infektionsversuch mit Hausratten 

(Rattus rattus) durchgeführt, da die Rolle dieser in Afrika weit verbreiteten Nagetiere an der 

Virusökologie bisher nicht geklärt ist, obwohl verschiedene Studien auf ihre mögliche 

Beteiligung hindeuten. Die Ratten wurden subkutan mit einem hochvirulenten Rifttalfieber-

Virusstamm infiziert und anschließend wurde die Empfänglichkeit der Tiere und der Verlauf 

der Erkrankung überprüft. Nicht infizierte Kontakttiere dienten zur Überprüfung einer 

horizontalen Infektion zwischen den Ratten. An den Tagen 3, 14 und 28 nach Infektion wurden 

Ratten aus dem Versuch genommen und untersucht. Die Virämie in den Hausratten hielt bis 

zu 17 Tage an und in allen Ratten wurde ab Tag 14 nach Infektion die Entwicklung von 

Antikörpern gegen das Virus nachgewiesen. Zudem wurde virale RNA bis zum letzten Tag des 

Experiments in Organen der Tiere detektiert. Trotz dieser eindeutigen Empfänglichkeit der 

Hausratten für das Rifttalfieber-Virus zeigte keines der Tiere Krankheitssymptome und auch 

in der Histopathologie konnten keine eindeutig Virus-induzierten Läsionen beobachtet 

werden. Diese Ergebnisse unterscheiden sich sehr stark von dem Krankheitsverlauf in anderen 

empfänglichen Tieren und könnten eine mögliche Persistenz des Virus in dieser 

Nagetierspezies bedeuten, ohne die Tiere jedoch zu beeinträchtigen. Hinweise auf eine 

horizontale Übertragung wurden in keinem der Kontakttiere gefunden, obwohl die infizierten 

Tiere über einen langen Zeitraum eine orale, rektale sowie konjunktivale Virusausscheidung 

zeigten. Die Ergebnisse dieser Studie deuten darauf hin, dass Hausratten mit großer 

Wahrscheinlichkeit an der Ökologie von Rifttalfieber-Virus beteiligt sind und zukünftige 

Studien sollten dies überprüfen.  
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11   SUPPLEMENTS  
 

11.1   Manuscript II (Section 5) 

 

11.1.1  Figures 
 

 

Sup. Figure 5.1. Numbers of captured mosquitoes over the year 2018 

Sup. Figure 5.2. IgM capture ELISA 
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11.2   Manuscript III (Section 6) 

 

11.2.1  Tables 
 

Sup. Table 6.1.  
 

Experimental design and evidence of RVFV in samples. 
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      BS  = blood sample; SS = swab samples; † = dissection;  
            * = contact animal; RR16-18 = negative controls for pathological examination 
                    = infection with 0.25 ml 1x105 TCID50/ml RVFV 35/74 (RR1-4, RR6-9, RR11-13, RR15) / inoculation of  
                   0.25 ml  sterile medium (contact animals and negative controls 
   = evidence of RVFV (detection of viral RNA / and replicable virus) 
 
 
 
 

11.2.2  Figures 
 

 

Sup. Figure 6.1. Weight progression of rats during the course of the experiment. Only the sampling 

days are displayed as a number on the x-axis. 
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Sup. Figure 6.2. Viremia and shedding in qRT-PCR-positive rats. Detected viral RNA per animal and 

dpi. Only the sampling days are displayed as a number on the x-axis. 
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Sup. Figure 6.3. Lungs (RR9). Multifocal to coalescing white nodules interpreted as foam cell 

granulomas. 
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