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1  Introduction 

 

Avian Metapneumovirus (aMPV) is a member of the subfamily Pneumovirinae under the 

family Paramyxoviridae (PRINGLE 1998).  Only one serotype of aMPV has been identified 

so far. Four different subtypes of aMPV have been differentiated by nucleotide sequence 

analysis on the basis of the attachment (G) protein (JUHASZ and EASTON 1994) and 

neutralization test using monoclonal antibodies (COLLINS et al. 1993; COOK et al. 1993a).  

While subtype A and B viruses are mainly prevalent in Europe (COLLINS et al. 1993; 

HAFEZ et al. 2000), Asian countries (MASE et al. 2003), and the Middle East (BANET-

NOACH et al. 2005; GHARAIBEH and ALGHARAIBEH 2007), subtype C is most prevalent 

in the United States (SEAL 1998, 2000; SHIN et al. 2002a).  An additional subtype D has 

been first reported in France (TOQUIN et al. 1999a; BÄYON-AUBOYER et al. 2000). 

aMPV causes Turkey Rhinotracheitis (TRT), an acute respiratory tract infection in turkeys of 

all ages.  The virus is also associated with swollen head syndrome (SHS) in broilers and 

broiler breeders (O’ BRIEN 1985; WYETH et al. 1987; PATTISON et al. 1989; JONES et al. 

1991; GOUGH et al. 1994) and egg production losses in layers (COOK et al. 1996, 2000; 

SUGIYAMA et al. 2006).  SHS occurs mainly in broilers at 4 to 6 weeks of age and broiler 

breeders at 30 weeks of age.  The infection causes high economic losses by increased 

mortality rates, increased medication costs, drop in egg production and quality, and decrease 

in hatchability (Reviewed by HAFEZ 1993; NAYLOR and JONES 1993; COOK 2000). 

Most of the pathogenesis studies regarding different subtypes of aMPV have been done in 

turkeys (COOK et al. 1991; WILLIAMS et al. 1991a; VAN DE ZANDE et al. 1999; JIRJIS et 

al. 2000, 2002, 2004; ALKHALAF et al. 2002a; TURPIN et al. 2002; TIWARI et al. 2006; 

TOQUIN et al. 2006; LIMAN and RAUTENSCHLEIN 2007).  Not much is known about the 

pathogenesis of aMPV in broilers.  In addition, comparative pathogenesis studies of aMPV 

subtype A and B have been mainly conducted in turkey poults (VAN DE ZANDE et al. 1999; 

TOQUIN et al. 2006; LIMAN and RAUTENSCHLEIN 2007).  VAN DE ZANDE et al. 

(1999) found no differences in pathogenesis between the two subtypes in turkey poults,  while 

other studies demonstrated that a higher percentage of turkeys showed clinical signs in the 

subtype B than in subtype A inoculated group (TOQUIN et al. 2006; LIMAN and 

RAUTENSCHLEIN 2007).  However, there is no report on comparative pathogenesis studies 

of aMPV subtype A and B in broilers. 

Previous aMPV-pathogenesis studies in chickens have shown that mainly upper respiratory 

tract tissue such as nasal turbinate, infraorbital sinuses, and trachea are involved in the 
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development of microscopical lesions (JONES et al. 1987; MAJÓ et al. 1995; CATELLI et al. 

1998).  In addition, MAJÓ et al. (1995) found infiltration of inflammatory cells in the 

submucosa of bronchi.  There is no report on histopathological changes due to aMPV in 

paraocular glands, such as Harderian gland and lachrymal glands.  Due to the localization of 

these glands at the place of primary contact with antigens (BURNS 1976, 1977; JEURISSEN 

et al. 1994) and as a site of defence against respiratory infections (DAVELAAR and 

KOUWENHOVEN 1976; SURVASHE et al. 1979; MONTGOMERY et al. 1991; TORO et 

al. 1996), it is speculated that aMPV infection may also affect these glands in the early phase 

of infection. 

Most of the studies on immune mechanisms against aMPV have been conducted in turkeys 

(CHARY et al. 2002a; SHARMA and GERBYSHAK-SZUDY 2002; SHARMA et al. 2004; 

CHA et al. 2006; LIMAN and RAUTENSCHLEIN 2007).  The information about immune 

reactions against aMPV infections in broilers are scarce. 

Since aMPV is a pathogen of the respiratory tract (JONES et al. 1987, 1988; COOK et al. 

1991, 1993b; MAJÓ et al. 1995), it is speculated that local immune reactions at the 

respiratory mucosa may be induced by aMPV infection in chickens.  In addition, since the 

correlation between levels of humoral antibodies and protection against aMPV challenge is 

poor (COOK et al. 1989b; WILLIAMS et al. 1991b; JONES et al. 1992), cell mediated 

immunity may play a role in the protective immune response to aMPV. 

The ultimate goal of this study was to understand more about the pathogenesis of aMPV 

subtype A and B in broilers.  Therefore, the present study was conducted with the following 

objectives: 

a) to compare the pathogenesis of aMPV subtype A and B in broilers free of maternal 

antibodies (Mab) 

b) to determine microscopic lesion development not only in the respiratory tract but also 

in paraocular glands after aMPV infection 

c) to investigate local and systemic immune reactions to aMPV in broilers, such as 

systemic and local humoral antibody responses, systemic T cells reactivity, and local 

induction of T cell-infiltration into the Harderian gland. 
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2 Review of Literature 

2.1. General characteristics of the virus 

2.1.1  Taxonomy 

 

aMPV has a single-stranded, non-segmented, negative-sense RNA genome and is classified as 

a member of the genus Metapneumovirus, subfamily Pneumovirinae under the family 

Paramyxoviridae (CAVANAGH and BARRETT 1988; COLLINS and GOUGH 1988; 

PRINGLE 1998).  The recently identified human Metapneumovirus also belongs to this virus 

genus (VAN DEN HOOGEN et al. 2001).  Related viruses include human, bovine, ovine and 

caprine respiratory syncytial viruses and pneumonia virus of mice (EASTON et al. 2004). 

 

2.1.2  Genomic structure of the virus 

 

The aMPV genome consists of approximately 13 kb of negative–stranded RNA, which 

encodes eight proteins: nucleocapsid protein (N), phosphoprotein (P), matrix protein (M), 

fusion protein (F), second matrix protein (M2), small hydrophobic protein (SH), surface 

attachment glycoprotein (G), and RNA-dependent RNA-polymerase (L).  The absence of two 

non-structural proteins (NS1 and NS2) found in the respiratory syncytial pneumoviruses, and 

the unique gene order of 3′-N-P-M-F-M2-SH-G-L-5′ identifies aMPV and human 

Metapneumovirus (hMPV) as Metapneumoviruses (LING and PRINGLE 1988; LING et al. 

1992; YU et al. 1991, 1992a, b; RANDHAWA et al. 1996, 1997). 

 

2.1.3  Physiochemical and biological properties of the virus 

 

Electron microscopy studies have shown that aMPV has pleomorphic and spherical, but also 

filamentous and bizarre forms.  The mean diameter varies between 80-200nm, but can also 

range between 70 and 600nm.  The filamentous form may be over 1000nm in length.  The 

membrane envelope is coated with a fringe of spikes, which are between 13 to 15 nm long.  

The helical nucleocapsid has 14nm in diameter with an estimated pitch of 7 nm per turn 

(WYETH et al. 1986; McDOUGALL and COOK 1986; JONES et al. 1986; GIRAUD et al. 

1986a; COLLINS and GOUGH 1988).  Like other members of the family Paramyxoviridae, 

the infectivity of aMPV is rapidly destroyed by lipid solvents, heat (56ºC for 30 minutes), and 

extreme pH (GOUGH et al. 1998).  Unlike other members of the family Paramyxoviridae, 

aMPV does not possess haemagglutination or neuraminidase activity (WYETH et al. 1986; 
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BUYS et al. 1989b).  There is no antigenic relationship between aMPV and other avian 

paramyxoviruses (ALKHALAF and SAIF 2003).  aMPV can survive in built-up turkey litter 

up to 3 days at 20-25ºC, and up to 60 days at a temperature of -12ºC (VELAYUDHAN et al. 

2003). 

 

2.1.4  Subtype differentiation 

 

aMPV was first isolated in South Africa during the late 1970s (BUYS et al. 1989a,b).  Only 

one serotype of aMPV has been identified.  Four different subtypes of aMPV have been 

differentiated by nucleotide sequence analysis on the basis of the attachment (G) protein 

(JUHASZ and EASTON 1994) and monoclonal antibodies in the neutralization test 

(COLLINS et al. 1993; COOK et al. 1993a). 

There is a good antigenic relationship between European isolates of different aMPV subtypes 

(BAXTER-JONES et al. 1987; GOUGH and COLLINS 1989; COLLINS et al. 1993; COOK 

et al., 1993a, 1995, 1999, 2000; ETERRADOSSI et al. 1995, TOQUIN et al. 1999b), and also 

between European and South African isolates (COOK et al. 1993a).  But there is a lack of 

antigenic relationship between European aMPV A, B, and the US isolates of aMPV subtype C 

(SEAL 1998, 2000; COOK et al. 1999; TOQUIN et al. 2000). 

The homology between the proteins of subtype A and B is generally higher than the protein 

identity of these subtypes with subtype C.  On the amino acid sequence level the homology of 

the virus proteins of subtype A and B viruses varies between 89-91% for the N protein (LI et 

al. 1996; SHIN et al. 2002a), 70-71% for the P protein (SHIN et al. 2002a), 89% for the M 

protein (RANDHARA et al. 1996; SHIN et al. 2002a), 83-84% for the F protein (NAYLOR et 

al. 1998; SHIN et al. 2002a), and 89% for the M2 protein (SHIN et al. 2002a; DAR et al. 

2003).  The protein homology between these subtypes and subtype C is lower; about 59-70% 

for the N protein (DAR et al. 2001; SHIN et al. 2002a), 46-53% for the P protein (DAR et al. 

2001; SHIN et al. 2002a), 77-78% for the M protein (SEAL 1998; SHIN et al. 2002a), 70-

72% for the F protein (SEAL et al. 2000; TARPEY et al. 2001; SHIN et al. 2002a), and 65-

70% for the M2 protein (SHIN et al. 2002a; DAR et al. 2003). 

The average predicted amino acid identity between G proteins of the subtypes A, B, and D is 

38-46% (JUHASZ and EASTON 1994; TOQUIN et al. 2003).  Comparison of the G protein 

amino acid sequence of aMPV C with those of aMPV A, B, and D revealed sequence 

identities ranging from 4-21% (ALVAREZ et al. 2003; GOVINDARAJAN et al. 2004; 

TOQUIN et al. 2003).  The L protein of subtype C exhibits 55-65% amino acid identity with 
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subtype A and B.  There is also high divergence (5-22%) in the amino acid sequence of the 

SH protein of subtype C compared to subtype A and B (TOQUIN et al. 2003; BENNETT et 

al. 2005). 

aMPV C shows a closer resemblance to hMPV than to other aMPV subtypes of avian origin. 

Both viruses share amino acid identities of 56 to 88% in N, P, L, F, M2 and L proteins, but 

there is also high sequence divergence in their SH and G genes, 27% and 21-25%, 

respectively (VAN DEN HOOGEN et al. 2002; TOQUIN et al. 2003; GOVINDARAJAN et 

al. 2004). 

Within the same subtypes, the amino acid sequence identities of the F and G genes of subtype 

A and B are highly conserved (98.5 to 99.7% amino acid identity) (JUHASZ and EASTON 

1994; NAYLOR et al. 1998; CATELLI et al. 2006a).  The amino acid identity of the G gene 

of aMPV subtype C Colorado strain and Minesota isolate ranges from 72.7 to 98.6% 

(ALVAREZ et al. 2003). 

 

2.1.5  Difference between aMPVs of turkey and chicken origin 

 

aMPV has been successfully isolated from naturally infected turkeys (JONES et al. 1986; 

McDOUGALL and COOK 1986; WILDING et al. 1986; WYETH et al. 1986; GIRAUD et al. 

1988; BUYS et al. 1989b; SEAL 1998; PANIGRAHY et al. 2000) as well as from chickens 

(BUYS et al. 1989a; PICAULT et al. 1987; JONES et al. 1991; TANAKA et al. 1995; 

HAFEZ et al. 2000; MASE et al. 2003; BANET-NOACH et al. 2005).  It is speculated that 

the chicken isolates may represent a subpopulation of the turkey isolates that had adapted to 

chickens (BUYS et al. 1989a).  Chicken isolates are antigenically closely related to turkey 

isolates (COOK et al. 1993a).  However, there may be biological differences in the in vivo 

characteristics of aMPV isolates from the two species.  These differences are not related to 

particular subtypes of the virus (BUYS et al. 1989a; COOK et al. 1993a). 

 

2.1.6  Characteristics of human metapneumovirus (hMPV) 

 

Human Metapneumovirus (hMPV) is the second member of the genus Metapneumovirus, and 

may induce serious respiratory disease in children (VAN DEN HOOGEN et al. 2001, 2002, 

2003). Two major genetic lineages (A and B) of hMPV and at least 4 subgroups have been 

identified based on the analysis of the fusion protein, attachment glycoprotein, and 

phosphoprotein genes (HAMELIN and BOIVIN 2005).  The disease caused by hMPV ranges 
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from mild upper respiratory tract infection to severe bronchitis and pneumonia.  It affects all 

age groups, but it is more severe in young, elderly, and immunocompromised patients 

(BOIVIN et al. 2002).  Recent studies have shown that the US isolates of aMPV subtype C 

show higher sequence homology to hMPV than to other aMPV subtypes (VAN DEN 

HOOGEN et al. 2001, 2002; TOQUIN et al. 2003; YUNUS et al. 2003; GOVINDARAJAN 

and SAMAL 2004, 2005; GOVINDARAJAN et al. 2004).  Experimental infection of juvenile 

turkeys and juvenile chickens with hMPV did not induce any clinical signs or virus 

replication (VAN DEN HOOGEN et al. 2001).  Recently, a contradictory finding was 

reported.  All the four genotypes of hMPV experimentally infected turkeys as evidenced by 

clinical signs, RT-PCR results and histopathological changes in the nasal turbinate and 

trachea of exposed turkeys (VELAYUDHAN et al. 2006; NAGARAJA et al. 2007).  

 

2.1.7  Isolation and propagation of the virus 

 

aMPV has been successfully isolated in embryonated eggs inoculated via yolk sac (GIRAUD 

et al. 1988; BUYS et al. 1989a, b; PANIGRAHY et al. 2000) or chicken and turkey embryo 

tracheal organ culture (TOC) (McDOUGALL and COOK 1986; WILDING et al. 1986; 

WYETH et al. 1986; GIRAUD et al. 1988).  Following primary isolation in one of these two 

systems, aMPV has been successfully adapted to grow in a variety of primary cell cultures: 

chicken embryo fibroblast (CEF) (GRANT et al. 1987; BAXTER-JONES et al. 1989; 

PANIGRAHY et al. 2000), chicken embryo liver (CEL) cells (BAXTER-JONES et al. 1989; 

WILLIAMS et al. 1991a), Vero cells (BUYS et al. 1989b; WILLIAMS et al. 1991a) or  

primary turkey embryo fibroblast (TEF) (PATNAYAK et al. 2005).  QT-35 cells, which 

originated from quail, were used for primary isolation aMPV subtype C in the US (CHIANG 

et al. 1998; GOYAL et al. 2000).  In addition, PATNAYAK et al. (2005) demonstrated the 

growth of aMPV vaccine strains in many other different cell lines such as: grivet monkey 

kidney cell (BGM-70), foetal rhesus monkey cells (MA-104), DF-1 cells of chicken origin, 

the McCoy cell line of mouse origin, and the BHK-21 cell line of hamster origin. 

After initial inoculation of avian cell cultures with aMPV, many non-adhent cells may be 

observed floating in the media, but no specific cytopathic effect (CPE) is seen.  However, 

CPE is observed after one or two further passages (BUYS et al. 1989b), characterized by 

cytoplasmic eosinophilic inclusions and polykaryocytes (GIRAUD et al. 1986b) and syncytial 

formation in CEF cell cultures (BUYS et al. 1989b; JIRJIS et al. 2000).  The CPE in Vero 

cells is observed after five days of inoculation with disseminated focal areas of cell rounding, 
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which lead to small syncytia formation on day 6 and large syncytial areas by day 7 after 

inoculation (BUYS et al. 1989b). 

The virus will typically cause ciliostasis in turkey TOC rings within 4 to 6 days, but this may 

take longer in chicken TOC rings, possibly up to 6 to 8 days (BAXTER-JONES and JONES 

1989; COOK and CAVANAGH 2002).  However, the US isolate of aMPV C does not appear 

to cause ciliostasis (COOK et al. 1999).  Using TOC, there was no loss of virulence of aMPV 

after 98 passages (BAXTER-JONES and JONES 1989; WILLIAMS et al. 1991a).  In 

contrast, passages of aMPV in other cell cultures rapidly lead to attenuation of the virus 

(BUYS et al. 1989b, WILLIAMS et al. 1991a).  Live attenuated aMPV strains may revert to 

virulence after repeated in vivo passages in turkey poults (COOK et al. 1989a; TIWARI et al. 

2006).  Under field condition, the attenuation of the aMPV-vaccine strain may be lost and the 

vaccine virus may cause disease with comparable severity to virulent field virus (CATELLI et 

al. 2006b). 

 

2.1.8  Reverse genetics system of aMPV 

 

Reverse genetics is usually defined as the ability to recover or rescue infectious virus from 

cloned complementary DNA (cDNA) (ELLIOTT 1999).  A reverse genetics system was 

established for aMPV A (NAYLOR et al 2004) and for aMPV C (GOVINDARAJAN and 

SAMAL 2006; YU and ESTEVEZ 2006).  This newly established virus rescue system will 

provide the possibility for the development of safe and more efficacious vaccine strains.  In 

addition, the manipulation of the aMPV genome at the DNA level will be a highly useful tool 

for further studies on aMPV virulence, pathogenesis, and molecular virology 

(GOVINDARAJAN and SAMAL 2006).  The growth properties of the rescued aMPVs in 

tissue cultures are similar to the wild-type or parental virus (NAYLOR et al. 2004; YU and 

ESTEVEZ 2006; GOVINDARAJAN and SAMAL 2006). 

By the development of a reverse genetics system for aMPV A, NAYLOR et al. (2004) 

demonstrated that the small hydrophobic (SH) and the attachment (G) proteins are not 

essential for virus viability.  Recombinant aMPV can be engineered as a viral-vector to carry 

foreign proteins of other pathogens.  Gene-deleted recombinant aMPV may be generated and 

used as a vaccine candidate (GOVINDARAJAN and SAMAL 2006). 
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2.2  Epidemiology 

2.2.1  Geographical distribution of SHS in chickens 

 

SHS has been described as a multi-factorial disease.  aMPV may cause the initial damage at 

the respiratory tract, allowing invasion of bacteria, especially Escherichia coli, which are 

responsible for the observed disease (JONES et al., 1987; NAYLOR and JONES 1993; 

MAJÓ et al. 1997; NAKAMURA et al. 1998). 

In the late 1970s, SHS in broilers was first reported in South Africa at the same time, when 

TRT was initially reported in turkeys (BUYS and DU PREEZ 1980).  The virus was first 

successfully isolated from broiler flocks with SHS in France (PICAULT et al. 1987) and later 

then in South Africa (BUYS et al. 1989a, MAHARAJ et al. 1994).  Thereafter, SHS 

associated with aMPV A or B in broilers or broiler breeders has been reported in England 

(WYETH et al. 1987; JONES et al. 1991; GOUGH et al. 1994; NAYLOR et al. 1997a), in 

Morocco (EL HOUADFI et al. 1991), in Mexico (DECANINI et al. 1991), in Taiwan (LU et 

al. 1994), in Japan (TANAKA et al. 1995; MASE et al. 2003), in Brazil (ARNS and HAFEZ 

1995; DANI et al. 1999; D’ARCE et al. 2005), in Germany (HAFEZ 1988; HAFEZ and 

LÖHREN 1990; HAFEZ et al. 2000), in Italy (CATELLI et al. 2004, 2006a), in Israel 

(PERELMAN et al. 1988; BANET-NOACH et al. 2005), in Saudi Arabia (AL-ANKARI et 

al. 2004), in Nigeria (OWOADE et al. 2006), and in Jordan (GHARAIBEH and 

ALGHARAIBEH 2007).  In an extensive survey of poultry flocks in Australia and Canada, 

no aMPV-positive sera were detected (BELL and ALEXANDER 1990; HECKERT and 

MYERS 1993). 

The aMPV seroprevalence in broilers and broiler breeders is widespread although it is not 

always accompanied by clinical signs of SHS (O’BRIEN 1985; WYETH et al. 1987; COOK 

et al. 1988; PERELMAN et al. 1988; PATTISON et al. 1989; HAFEZ and LÖHREN 1990; 

EL HOUADFI et al. 1991; DECANINI et al. 1991; ARNS and HAFEZ 1992; LU et al. 1994; 

TANAKA et al. 1996a; OTSUKI et al. 1996; OWOADE et al. 2006). 

 

2.2.2  Age and genetic background affecting susceptibility to SHS 

 

aMPV can infect chickens of all ages (HAFEZ 1993; COOK 2000).  The older chickens seem 

to be more susceptible to aMPV, although there is no firm evidence to suggest differences in 

susceptibility of chickens at different age (COOK et al. 1993b).  Broilers are mainly affected 

at 4 to 6 weeks of age (MORLEY and THOMPSON 1984), while broiler breeder flocks are 
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affected from peak of lay, at about 30 weeks, until approximately 52 weeks of age (O’BRIEN 

1985; PATTISON et al. 1989).  SHS has been mainly observed in broilers at 2 to 6 weeks of 

age and broiler breeders at 24 and 52 weeks of age (LISTER and ALEXANDER 1986; 

HAFEZ 1993; NAYLOR and JONES 1993; COOK 2000). 

There has been no field report so far on clinical SHS associated with aMPV in commercial 

layers (NAYLOR and JONES 1993).  However, aMPV has been shown to induce a 

significant drop in egg production and egg quality (COOK et al. 1996, 2000; SUGIYAMA et 

al. 2006). 

 

2.2.3  Transmission 

 

aMPV is spread by direct and indirect contact (SIMMONS and GRAY 1979; HAFEZ 1993).  

aMPV can also be transmitted horizontally by air flow.  GIRAUD et al. (1986b, 1988) 

demonstrated aerial transmission between infected turkey poults and SPF poults kept in 

separate cages.  In the UK, aMPV spread from East Anglia across most of England and Wales 

within 6 months.  Because of this speed of spread it is assumed that the transmission of aMPV 

must be airborne (NAYLOR and JONES 1993). 

Although the virus may infect the uterus epithelium of laying turkeys (JONES et al. 1988) and 

laying hens (COOK et al. 2000), there is no report of vertical transmission of subtype A and 

B.  However, due to the early infection of 3 to 16-days old turkeys, which are progeny of 

breeders flocks infected with aMPV, it was suggested that there may be vertical transmission 

of aMPV subtype C via eggs (SHIN et al. 2002b). 

It has been suggested that migratory birds may be involved the spread of aMPV (STUART, 

1989).  Serological and molecular survey data provide evidence for aMPV infection in wild, 

sentinel and free living birds (CATELLI et al. 2001; SHIN et al. 2000a; BENNETT et al. 

2002, 2004). 

 

2.3  aMPV infection 

2.3.1  Pathogenesis of aMPV in chickens 

 

A complete pathogenesis model for the different subtypes of aMPV in chickens has not been 

established yet.  Relatively few experimental studies with aMPV had been done in chickens 

(PICAULT et al. 1987; BUYS et al. 1989a; JONES et al 1987; MAJÓ et al. 1995; CATELLI 

et al. 1998). 
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aMPV targets the ciliated columnar epithelium of the upper respiratory tract and induces 

inflammatory lesions in the nasal turbinate, trachea (JONES et al 1987; MAJÓ et al. 1995; 

CATELLI et al. 1998), infraorbital sinuses epithelium (CATELLI et al. 1998) and bronchi of 

lungs (MAJÓ et al. 1995) between 3 to 14 days post infection.  aMPV can be re-isolated from 

nasal secretion, nasal turbinate, sinus tissue, trachea and lung up to 10 or 14 dpi (JONES et al 

1987; CATELLI et al 1998).  aMPV can also be re-isolated from the blood of aMPV subtype 

C-infected broilers between 3 to 6 days post infection (SHIN et al. 2000b).  Therefore, 

viraemia may occur at the early phase of aMPV-infection. 

There are two conflicting findings concerning the development of the clinical disease in 

chickens (see also chapter 2.3.5).  Inoculation of chickens with homogenized respiratory 

tissues or sinus exudates, which were collected from SHS-affected chickens, exhibited nasal 

discharge, followed by swelling of the periorbital sinuses at 4 days post inoculation 

(PICAULT et al. 1987; BUYS et al. 1989a).  However, experimental infection of chickens 

with isolated and in vitro propagated aMPV did not induce swollen sinuses.  Only respiratory 

signs such as coughing, rhinitis and mucoid secretion were observed between 4 and 10 days 

after aMPV inoculation of chickens (JONES et al. 1987; MAJÓ et al. 1995; CATELLI et al. 

1998). 

Chickens develop high aMPV serum antibody levels at about 2 weeks post infection 

(PICAULT et al. 1987; COOK et al. 1993b; CATELLI et al. 1998; SHIN et al. 2000b).  

However, there is lack of information about local and cell-mediated immune reactions in 

aMPV-infected chickens.  Therefore, the role of humoral and cell-mediated immune 

responses, locally or systemically, in the pathogenesis and viral clearance of aMPV in 

chickens is not clear. 

 

In addition to the respiratory tract problems in broilers, aMPV induces a substantial drop of 

egg production and quality in laying hens.  Intravenous inoculation, but not oculonasal 

inoculation, of aMPV to laying hens, was shown to induce diarrhoea, regression of the 

oviduct, egg peritonitis, a substantial drop in egg production and high incidence of soft and 

thin-shelled eggs (COOK et al. 2000; HESS et al. 2004a; SUGIYAMA et al. 2006).  aMPV-

positive cells in the epithelium of the oviduct of experimentally inoculated laying hens has 

been demonstrated by immunohistochemistry (KHERNA and JONES, 1999; COOK et al. 

2000). 
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2.3.2  Macroscopic and microscopic lesion development 

 

Besides swelling of periorbital sinuses (PICAULT et al. 1987; BUYS et al. 1989a) and 

purulent (MAJÓ et al. 1995) or clear nasal exudates (JONES et al. 1987; CATELLI et al. 

1998) no other macroscopic lesions due to aMPV have been reported in chickens.  The main 

histopathological lesions were observed in the epithelium of nasal turbinate and trachea 

between 3 and 10 days post inoculation (PICAULT et al. 1987; JONES et al. 1987; MAJÓ et 

al. 1995; CATELLI et al. 1998). 

In nasal tissues, catarrhal purulent rhinitis with exudates, epithelial exfoliation, focal loss of 

cilia, hyperaemia, and infiltration of mononuclear inflammatory cells in the submucosa were 

observed at 3 to 5 days post inoculation.  By days 6 and 10 post inoculation, the lesions in the 

nasal tissue were more pronounced, with mucous and epithelial cells in the lumen, epithelial 

hyperplasia, hyperaemia, congestion, mononuclear inflammatory infiltrates in the submucosa, 

hypertrophy of mucous glands, and sloughing off of the epithelium (JONES et al. 1987; 

MAJÓ et al. 1995; CATELLI et al. 1998).  Ten and 14 days post inoculation, areas of the 

lamina propria were still heavily infiltrated by lymphocytes, aggregated lymphoid nodules, 

and were covered by abnormal flattened epithelial cells devoid of cilia (CATELLI et al. 

1998).  Acidophilic cytoplasmic inclusions were observed in ciliated cells of nasal turbinate 

epithelium (PICAULT et al. 1987). 

In the trachea, focal deciliation and thickening of the mucosa, due to congestion, oedema and 

mononuclear cell infiltration in the lamina propria were observed at 4 to 10 dpi (MAJÓ et al. 

1995; CATELLI et al. 1998). 

Furthermore, submucosal mononuclear cell infiltrations in the bronchi (MAJÓ et al. 1995) 

and intraepithelial mononuclear cell infiltrations in the infraorbital sinuses (CATELLI et al. 

1998) have been reported.  In contrast to previous findings, CATELLI et al. (1998) reported a 

lack of heterophil infiltration in the lamina propria (JONES et al. 1987) and no purulent 

exudates in the lumen of the nasal cavity (MAJÓ et al. 1995). 

 

2.3.3  Immunosuppressive effect of aMPV 

 

It has been speculated that aMPV may have immunosuppressive effects (TIMMS 1986; 

TIMMS et al. 1986; CHARY et al. 2002b,c).  Temporary impairment of humoral and cell-
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mediated immunity was shown in turkey poults naturally infected with aMPV (TIMMS et al. 

1986).  During the first week after aMPV C exposure, infected turkey poults showed 

inhibition of the mitogenic response of splenic T cells (CHARY et al. 2002b).  The efficacy of 

a hemorrhagic enteritis virus vaccine was reduced in turkey poults, which had been pre-

exposed to aMPV C (CHARY et al. 2002c). 

 

2.3.4  Clinical signs of SHS in the field 

 

Clinical signs of SHS, which was suspected aMPV to be one of the major pathogens, usually 

last for up to 2 to 3 weeks and include depression, sneezing, coughing, head shaking, head 

scratching and swelling of periorbital sinuses.  Swelling is often unilateral but also may 

extend over the whole head descending to the submandibular region (MORLEY and 

THOMPSON 1984; O’ BRIEN 1985; PATTISON et al. 1989; HAFEZ 1993; NAYLOR and 

JONES 1993).  Mortality rates are low and usually between 1-5% by monocausal aMPV 

infections.  But, if complicated by other respiratory pathogens, the mortality rate can be as 

high as 20-30% (HAFEZ 1993; NAYLOR and JONES 1993). 

 

2.3.5  Experimental reproducibility of swollen sinuses with aMPV in chickens 

 

Clinical signs following experimental infection of chickens with aMPV have been described 

by only a few groups (PICAULT et al. 1987; BUYS et al. 1989a; JONES et al. 1987; COOK 

et al. 1993b; MAJÓ et al. 1995; CATELLI et al. 1998).  In the 1980s, swelling of periorbital 

sinuses was induced in SPF chickens by intranasal-inoculation of antibiotic-treated 

homogenates of larynx, trachea and lung of SHS-affected chickens (PICAULT et al. 1987) or 

with filtrated sinus exudates of broilers with SHS (BUYS et al. 1989a).  With exception of 

these two reports, it has been difficult to reproduce SHS in chickens under experimental 

conditions with the typical signs of swollen sinuses that are observed in field outbreaks.  

Chickens remained clinically healthy when placed in contact with turkey poults naturally 

infected with aMPV (SIMMONS and GRAY 1979; ALEXANDER et al. 1986).  Turkey 

isolates of aMPV did not induce clinical signs in chickens (GOUGH et al. 1988; BUYS et al. 

1989b).  In addition, experimental infection of broilers or layer type chickens with subtype A 

or B aMPV of turkey origin or chicken origin failed to reproduce swelling of infraorbital 

sinuses.  Only very mild clinical signs and microscopical lesions were detected in the upper 
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respiratory tract (JONES et al. 1987; COOK et al. 1993b; MAJÓ et al. 1995, 1996; CATELLI 

et al. 1998).  However, SHIN et al. (2000b) were able to reproduce swollen sinuses in one of 

fifteen broilers inoculated oculonasally with aMPV subtype C of turkey origin.  Therefore, the 

role of aMPV as a primary pathogen in broilers is less clear (COOK 2000; COOK and 

CAVANAGH 2002). 

 

2.3.6  Co-infection with different strains of Escherichia coli 

 

Due to the difficulties to reproduce SHS in chickens, there were some attempts to reproduce 

swollen sinuses in chickens by co-infection with aMPV and different strains of Escherichia 

coli (MAJÓ et al. 1997; NAKAMURA et al. 1998).  Chickens co-infected with aMPV and 

Escherichia coli showed clear facial swelling beginning at 1-day post inoculation.  This was 

accompanied by purulent nasal discharge and macroscopic lesions such as splenic necrosis, 

fibrinopurulent epicarditis, fibrinous airsaculitis, pericarditis, and perihepatitis (MAJÓ et al. 

1997; NAKAMURA et al. 1998). 

 

2.4  Immune responses to aMPV 

2.4.1  Humoral immunity to aMPV 

 

aMPV induced antibody response in turkeys with obvious clinical signs (GRANT et al. 1987; 

BAXTER-JONES and JONES 1989; BAXTER-JONES et al. 1989; COOK et al. 1991; 

WILLIAMS 1991b; ALKHALAF et al. 2002a; JIRJIS et al. 2000, 2002; LIMAN and 

RAUTENSCHLEIN 2007).  aMPV may induce antibody response in chickens without 

obvious clinical signs (GOUGH et al. 1988).  The antibody responses seem to be lower in 

chickens as compared to turkeys after infection with vaccine or virulent aMPV strains 

(COOK et al. 1993b; COOK and CAVANAGH 2002). 

Vaccination of 1-day-old specific pathogen free (SPF) chickens with live attenuated strains 

stimulates the release of aMPV-specific IgA in the lachrymal fluid after 14 days post 

vaccination (GANAPATHY et al. 2005).  In addition, after experimental infection with 

aMPV C, specific IgA was detected in the bile of turkey poults at 7 dpi (CHA et al. 2006).  

Virus neutralizing antibodies in tracheal washes of turkey poults increased significantly after 
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experimental infection with either aMPV subtype A or B between 5 to 28 dpi (LIMAN and 

RAUTENSCHLEIN 2007). 

aMPV may infect birds with high levels of circulating maternal antibodies (Mab) (NAYLOR 

et al. 1997b; CATELLI et al. 1998).  Mab may limit virus replication, but does not prevent 

lesion development (COOK et al. 1989b).  After in ovo vaccination of Mab positive and 

negative turkey embryos, Mab positive poults did not seroconvert but 77% were protected 

against clinical disease after challenge with virulence aMPV.  Mab negative birds developed 

high antibody levels after in ovo vaccination and 100% were protected against virulent aMPV 

challenge (WORTHINGTON et al. 2003).  A number of experimental and field observations 

demonstrated that laying birds with high serum antibody levels had an excellent protection 

against loss of egg production and quality (JONES et al. 1988; COOK et al. 1996, 2000; 

HESS et al. 2004a; GANAPATHY 2007). 

 

2.4.2  Cell-mediated immunity (CMI) to aMPV 

 

The cell-mediated immunity (CMI) to aMPV has not been studied directly.  However, there 

are many reports, which imply that CMI provides the main resistance to aMPV (COOK et al. 

1989b; WILLIAMS et al. 1991b; JONES et al. 1992).  Vaccinated turkey poults without a 

detectable antibody response were protected against challenge with virulent aMPV (COOK et 

al. 1989b; WILLIAMS et al. 1991b).  In addition, vaccinated turkey poults, which had been B 

cell depleted by cyclophosphamide treatment did not seroconvert, but were still protected 

against challenge with virulent aMPV (JONES et al. 1992).  Experimental infection of turkey 

poults with aMPV subtype C stimulated the accumulation of local CD4+ T cells 

subpopulations in the Harderian gland (SHARMA and GERBYSHAK-SZUDY 2002) and 

induced up-regulation of  interferon γ (IFN-γ) transcript levels in the Harderian gland and 

spleen (CHARY et al. 2002a; SHARMA et al. 2004).  Comparable to subtype C, subtype A 

and B aMPV also induced a transient increase in the percentage of CD4+ T cells and an 

increase of IFN-γ expression in the Harderian gland.  However, IFN-γ transcript level in 

spleen leukocytes of virulent subtype A and B-infected bird were not different to virus free 

controls (LIMAN and RAUTENSCHLEIN 2007). 
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2.5  Diagnosis 

 

The diagnosis of aMPV infections cannot rely only on clinical observation, as clinical signs 

are not specific for aMPV.  Therefore, there is a wide range of laboratory approaches for 

diagnosis of aMPV infections such as virus isolation, detection of the viral genome or viral 

antigen, and detection of specific antibodies. 

 

2.5.1  Collection of field samples for the isolation of aMPV 

 

The materials of choice for aMPV-isolation are nasal turbinate, sinus tissue, tracheal tissue 

(BAXTER-JONES and JONES 1989; COOK et al. 1991; TANAKA et al. 1995; 

PANIGRAHY et al. 2000), or tracheal swabs (TOQUIN et al. 1999a).  Lung does not appear 

to be useful tissue for aMPV isolation (COOK et al. 1991).  Comparing nasal, buccal cavity 

and pharyngeal swabs for the efficacy of aMPV-isolation from experimentally inoculated 

chickens, COOK et al. (2001) found that all three sites are equally suitable.  A major problem 

of virus isolation has been that once clinical signs appear, it may be very difficult to isolate 

the virus.  Therefore, taking samples from birds showing early signs of infection is extremely 

important (NAYLOR and JONES 1993; GOUGH et al. 1998; COOK and CAVANAGH 

2002).  In general, it has been much more difficult to isolate aMPV from chickens than from 

turkeys (JONES 1996; GOUGH et al. 1998). 

The methodology of aMPV isolation is described in chapter 2.1.6. 

 

2.5.2  Detection of aMPV 

 

Many different assays have been developed for the detection of the viral antigen.  

Localization of aMPV antigen in the respiratory tract tissues of turkeys and chickens was 

possible by using immunofluorescence (IF) (BAXTER-JONES et al. 1986; JONES et al. 

1986, 1987, 1988), immunoperoxidase (IP) (O’LOAN and ALLAN 1990; MAJÓ et al. 1995; 

CATELLI et al. 1998; JIRJIS et al. 2001) and immunogold staining tests (O’LOAN et al. 

1992). 

The reverse transcriptase polymerase chain reaction (RT-PCR) is used for detection of the 

aMPV genome based on the sequence of the F protein (YU et al. 1991; LI et al. 1993; MASE 
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et al. 1996; BÄYON-AUBOYER et al. 1999), G protein (JUHASZ and EASTON 1994; 

BÄYON-AUBOYER et al. 1999), M protein (RANDHAWA et al. 1996; SHIN et al. 

2000a,b,c) and N protein (LI et al. 1996; BÄYON-AUBOYER et al. 1999; ABBASSI et al. 

2007).  Since subtype differentiation has been based on the sequence of the attachment G 

gene (JUHASZ and EASTON 1994), subtype-specific RT-RCRs have been developed based 

on oligonucleotides specific for G gene sequences (CAVANAGH et al. 1999).  A reverse 

transcriptase-nested-polymerase chain reaction (RT-nested-PCR), based on the attachment G 

protein sequence, was used to detect and differentiate simultaneously aMPV A and B 

subtypes (COOK and CAVANAGH 2002; D’ARCE et al. 2005; CATELLI et al. 2006b).  

According to their long term field studies, COOK and CAVANAGH (2002) reported that 

single RT-PCRs sometimes failed to detect aMPV, whereas RT-nested-PCR may give 

positive results.  In addition, the RT-nested-PCR was more sensitive and the viral RNA was 

detected for a longer period than by a normal single RT-PCR (HESS et al. 2004a).  However, 

conventional RT-PCRs are not convenient for large scale epidemiological studies and provide 

no indication on the amount of virus RNA present in the samples (CAVANAGH et al. 1999).  

GUIONIE et al. (2006) reported that real-time RT-PCR assays can be considered as a 

powerful tool for the detection, the subtype identification and the quantification of the four 

aMPV subtypes.  Comparing a M protein based RT-PCR and a N protein based real time RT-

PCR, the latter was at least 10 times more sensitive than the M-based assay for the detection 

of aMPV subtype C (ABBASSI et al. 2007). 

 

2.5.3  Detection of aMPV antibodies 

 

Antibody titres are used to detect the response to both vaccination and field challenge (COOK 

et al. 1988, 1993b; GOUGH et al. 1988, WILLIAMS et al. 1991b).  The methods used for the 

detection of aMPV antibodies are an indirect immunofluorescence (IIF) test (BAXTER-

JONES et al. 1986, 1989), immunodiffusion test (GOUGH and COLLINS 1989), virus 

neutralization (VN) test (GIRAUD et al. 1986b; BAXTER-JONES et al. 1989; O’LOAN et al. 

1989; WILLIAMS et al. 1991b), and indirect enzyme-linked immunosorbent assays (ELISA) 

(GRANT et al. 1987; CHETTLE and WYETH 1988; CHETTLE et al. 1990; GOUGH et al. 

1988; BAXTER-JONES et al. 1989; COOK et al. 1988, 1989a, b; HAFEZ 1991; 

ETERRADOSSI et al. 1992, 1995; TOQUIN et al. 1992, 1996).  Among these tests, ELISA is 

the method of choice, since the tests are rapid, specific, easy to perform, require small volume 
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of serum, and allow the processing of many samples at the same time (BAXTER-JONES et 

al. 1989; BROWN et al. 2006).  TOQUIN et al. (2000) compared the use of ELISA and VN 

test for the detection of 4 different aMPV subtypes using antigens prepared from strains 

belonging to each subtype in both assays.  They found that the ELISA was more efficient than 

the VN test in differentiating between the 4 subtypes. 

Besides whole viral antigen preparations for coating of the ELISA plates, synthetic peptide 

antigens such as matrix protein (GULATI et al. 2000), nucleoprotein (GULATI et al. 2001; 

ALVAREZ et al. 2004) and fusion protein (BROWN et al. 2006) have been used for detection 

of aMPV antibodies.  The commercially available ELISAs are indirect ELISAs, which have 

whole viral preparation as a coating antigen (COOK and CAVANAGH 2002). 

HAFEZ (1991) compared ELISAs using three different aMPV strains as coating antigens, and 

found that not all antigens detected the heterologous antibodies in all the tested sera.  

However, many other observations indicated that ELISAs based on subtype A or B antigens 

may detect antibodies raised against both A and B subtypes, although the heterologous 

antibodies are detected to a lesser extent (ETERRADOSSI et al. 1992, 1995; BÄYON-

AUBOYER et al. 1999; TOQUIN et al. 2000).  It has been reported that the vaccine-induced 

antibodies may not be detected or detected only poorly, when a heterologous aMPV strain 

was used as coating antigen in the ELISA (ETERRADOSSI et al. 1995; TOQUIN et al. 1992, 

1996).  HAFEZ (1992) compared the antigenic relationship between aMPV isolates from 

England, Germany and France by using cross virus neutralization tests.  He found that the 

cross-reactivity between the aMPV-subtypes of European isolates is limited and isolates from 

France showed only partial cross-reaction with the others.  In contrast, other authors describe 

a good cross-neutralization between different aMPV subtypes of European isolates 

(COLLINS et al. 1993; COOK et al. 1993b, 1995, 1999, 2000; ETERRADOSSI et al. 1995, 

TOQUIN et al. 1999b). 

COOK et al. (1988) found good correlation between the results of aMPV-ELISA and VN 

assays by testing serum samples of commercially reared chicken flocks.  Good to excellent 

correlation between antibody levels in ELISA, VN, and indirect immunofluorescence assay 

were reported in naturally infected turkey flocks (BAXTER-JONES et al. 1989; 

ALKAHALAF et al. 2002b).  However, there was a discrepancy between the results of 

ELISA and indirect immunofluorescence (IIF) assay in a serological survey of turkey and 

chicken flocks in Northern Ireland (O’LOAN et al. 1990). 
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2.6  Vaccines and vaccination  

 

Attenuated live and inactivated vaccines are used to protect against aMPV field infections 

(GIRAUD et al. 1987; COOK et al. 1989a,b,c, 1995; WILLIAMS et al. 1991a,b NAYLOR et 

al. 2002; PATNAYAK et al. 2002; VAN DE ZANDE et al. 2002).  Immunity may develop 

within 6 days after vaccination of 7 days old aMPV antibody free poults with live attenuated 

vaccines.  Humoral antibodies persisted for at least 14 weeks after single vaccination (COOK 

et al. 1989b, 1995), and protected against challenge with virulent virus for at least 22 weeks 

post primary inoculation (WILLIAMS et al. 1991b).  In addition, a cold-adapted strain of 

aMPV C resulted in good protection against virulent aMPV C infection in turkeys 

(PATANAYAK and GOYAL 2004a,b). 

Most of broiler breeders and breeding turkeys are vaccinated with live attenuated and 

inactivated aMPV vaccines to provide early protection against aMPV infection in their 

progeny (CHETTLE 1991; GOATER 1991; HAFEZ 1993; COOK et al. 1996).  

Administration of a live attenuated aMPV vaccine at 1 week of age did not protect laying 

hens against respiratory signs, but provided good protection against the effects of challenge 

on laying performance (COOK et al. 1996).  However, in a later experimental study, neither 

the live nor the inactivated vaccine alone protected against respiratory infections in laying 

turkeys.  The inactivated, but not the live, vaccine did protect against the effect of the 

challenge on laying performance (COOK et al. 2000).  A combination of live priming 

followed by a booster with an inactivated vaccine provided excellent protection against both 

respiratory infection and drop in egg production in laying birds (COOK et al. 1996, 2000). 

Attenuated aMPV vaccines are known to revert to virulence under field conditions (COOK et 

al. 1993a; NAYLOR and JONES 1994; TIWARI et al. 2006; CATELLI et al. 2006b). 

Therefore, it is highly desirable to develop safe and more efficacious vaccine.  Studies have 

shown that fusion (F) and attachment (G), the two major surface proteins of paramyxoviruses, 

are the most important antigens for the induction of a protective immune response 

(OLMSTED et al. 1986; JOHNSON et al. 1987; JOHNSON and COLLINS 1988).  Attempts 

to vaccinate with a fowl pox virus recombinant vaccine expressing the F protein (YU et al. 

1994), a DNA vaccine expressing either the F or N protein (KAPCZYNSKI and SELLERS 

2003), or a virosome vaccine containing both the F and G protein (KAPCZYNSKI 2004), 

have conferred successful protection against virulent aMPV. 
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Several successful attempts of in ovo vaccination of chicken and turkey eggs with attenuated 

live virus vaccines have been reported (WORTHINGTON et al. 2003; HESS et al. 2004b, c; 

MALO et al. 2007; TARPEY and HUGGINS 2007).  Although there was no significant 

difference in seroconversion between birds, which had been vaccinated by eye-drop at 1 day 

post hatch and vaccinated in ovo, an earlier onset of immunity can be achieved by in ovo 

vaccination even in the presence of aMPV-Mab (MALO et al. 2007; TARPEY and 

HUGGINS 2007). 

 

2.7  Objectives of this study 

 

SHS associated with aMPV A or B in broilers and broiler breeders has been reported in 

worldwide.  But it is still unknown whether there are any differences in pathogenicity of 

aMPV A and B in this species.  Since aMPV cause swelling of periorbital sinuses in chickens, 

aMPV may affect beside the upper respiratory tissues also the paraocular glands in this 

species. 

It is speculated that local immune reactions at the respiratory mucosa may be induced by 

aMPV infection in chickens.  It is known that, the correlation between levels of humoral 

antibodies and protection against aMPV challenge is poor (COOK et al. 1989b; WILLIAMS 

et al. 1991b; JONES et al. 1992).  Cell mediated immune reactions be induced and may play a 

role in protection against aMPV. 

The ultimate goal of this study was to understand more about the pathogenesis of aMPV 

subtype A and B in broilers.  Therefore, the present study was conducted with the following 

objectives: 

a) to compare the pathogenesis of aMPV subtype A and B in broilers free of maternal 

antibodies 

b) to determine microscopic lesions development not only in the respiratory tract but also 

in paraocular glands after aMPV infection 

c) to investigate local and systemic immune reactions to aMPV in broilers, such as 

systemic and local humoral antibody responses, systemic T cells reactivity, and local 

induction of T cell-infiltration into the Harderian gland. 
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3. Materials and Methods 

3.1  Viruses 

 

A virulent aMPV subtype A (BUT 1- 8544 strain) and a virulent aMPV subtype B (Italian 

strain), both isolated from turkeys, were used in this study (kindly provided by Dr. R. C. 

Jones, Liverpool, UK).  Both strains had been passaged various times in tracheal organ 

culture (TOC), and were then back-passaged in turkey poults to increase virulence. These 

passages were conducted by R. C. Jones prior to arrival of these strains at our laboratory.  For 

our in vivo studies, the viruses were propagated (2-3 passages for each virus subtype) and 

titrated in chicken TOCs. 

 

3.1.1  Tracheal organ culture (TOC) 

 

TOC rings were prepared from 19 to 20-day-old SPF chicken embryos (GOUGH et al. 1998). 

Eagle’s minimum essential medium (MEM) (Biochrom AG, Berlin, Germany, Cat. No. F 

0355) supplemented with penicillin (200 U/ml), streptomycin (200 μg/ml) (Biochrom AG, 

Germany, Cat. No. A 2213), and 2mM L-glutamine (Biochrom AG, Germany, Cat. No. K 

0283) was used as medium.  Sterile polystyrene 5ml round-bottom tubes (BD Falcon™, 

Belgium) were used for cultivation of TOC.  The tubes were filled with 750µl of the medium 

and placed overnight in an incubator at 37ºC before the preparation of TOC rings.  The 

embryos were killed humanely at 19 to 20-day-old.  From the embryos, the entire trachea 

from the glottis to the syrinx was removed and placed in a petridish containing medium.  The 

extraneous tracheal tissue was removed by a small scapel blade and forceps.  The trachea was 

then placed on sterile filter paper on a petridish and cut into rings of 0.6 to 0.8 mm thickness 

with a sterile scapel blade.  A few rings from each end were discarded and the remaining rings 

were placed into the already prepared tubes, one ring per tube.  The tubes with the tracheal 

rings were placed in a rotating drum (20rpm) in an incubator and incubated overnight at 37ºC.  

The next day, TOC rings were examined under the microscope at low magnification (100 x) 

for ciliary activity.  The rings with 100% ciliary activity were used for propagation of aMPV. 

For propagation of aMPV, the TOC medium was replaced by 100µl of medium containing the 

avian Metapneumovirus.  Virus-free TOC rings were also kept and their medium was 

replaced by 100µl of virus-free medium to determine ciliary activity and bacteria 

contamination.  The tubes were then returned to the incubator at 37ºC for 1 hour.  After 1 

hour of incubation, the inoculum was replaced by 750µl of the fresh medium.  The tubes were 
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subsequently incubated at the rotating drum (20rpm) in the incubator at 37ºC for 7 to 10 days.  

The virus from the TOCs was harvested by three cycles of freeze (-70ºC)-thawing (37ºC).  

The TOC supernatants were pooled for each subtype, then mixed, and consecutively aliquoted 

into 5ml tubes and stored at -70ºC.  Both aMPV subtypes were propagated in separate tubes.  

No cross contamination occurred between the two propagated virus subtypes as confirmed by 

subtype specific RT-nested-PCR (see Chapter 3.5).   

Titration of the viruses was also conducted in the chicken TOC as described above.  Serial 

ten-fold dilutions of the original virus suspension were inoculated to 10 tubes of TOC rings 

for each dilution.  The ciliary activity was investigated up to 10 days post inoculation.  The 

median ciliostasis dose (CD50) was calculated by the method of REED and MUENCH (1938). 

 

3.2  Chickens 

 

One-day old commercial Ross-type broilers were obtained from a local commercial hatchery 

(BWE-hatchery, Lower Saxony, Germany) and raised in the isolation units of the Clinic for 

Poultry, University of Veterinary Medicine Hannover, according to animal welfare guidelines 

and under strict biosecurity measures. Feed and drinking water were provided ad libitum. 

 

3.3  Samples for antibody detection 

 

Parts of the trachea from glottis to syrinx at the level of bifurcation were dissected.  The 

trachea was clumped with two artery forceps at the region of larynx and syrinx.  The trachea 

was washed with 750µl of phosphate buffered saline (PBS), which contained penicillin (100 

U /ml) and streptomycin (100µg/ml) (Biochrom AG, Germany, Cat. No. A 2213), using a 1 

ml syringe and a 19 gauge (1.1 x 30 mm) injection needle. Tracheal washes were centrifuged 

at 3000 x g for 5 minutes and the supernatants were collected. 

Bile was aspirated from the gallbladder with a 1 ml syringe and a 19 gauge (1.1 x 30 mm) 

injection needle. Bile was transferred to a 1.5ml tube, which contained 500μl of PBS 

supplemented with penicillin (100U/ml) and streptomycin (100µg/ml) (Biochrom AG, 

Germany, Cat. No. A 2213).  Bile samples were centrifuged at 4000 x g for 20 minutes three 

times and the supernatants were collected. 

The collected samples were stored at -20°C until the assessment for specific aMPV-antibodies 

by VN test and ELISA. 
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3.4.  Clinical score 

 

The clinical signs such as depression, coughing, ruffled feather, nasal discharges, frothy eyes, 

and swelling of infraorbital sinuses were observed.  The clinical scores were determined 

according to the scoring system previously described by JONES et al. (1992) and NAYLOR 

and JONES (1994): score 0: no clinical signs; score 1: clear nasal exudates; score 2: turbid 

nasal exudates; and score 3: swollen infraorbital sinus and/or frothy eyes.  The clinical score 

index of each group was calculated based on the sum of scores observed per total number of 

chickens investigated at each day post inoculation.  

 

3.5  Histopathological staining and evaluation 

 

Collected tissue samples were fixed in 10% formalin (Carl ROTH GmbH, Germany, Art. No. 

P7332).  Dehydration and paraffinization of the samples were carried out at room temperature 

in the tissue processor (Citadel™ 1000, Shandon GmbH, Germany) through a consecutive 

series of isopropanol (Carl ROTH GmbH, Germany, Art. No. 9866.4) and acetone (Carl 

ROTH GmbH, Germany, Art. No. 5025.4) solutions: isopropanol 50% for 60 minutes, 

isopropanol 70% for 60 minutes, isopropanol 80% for 60 minutes, isopropanol 90% for 60 

minutes, isopropanol 100% for 60 minutes two times, isopropanol/acetone (1:1) for 90 

minutes two times, acetone for 60 minutes two times.  Afterwards, tissues were embedded in 

purified paraffin medium (Paraplast® PLUS, Carl ROTH GmbH, Germany) for 180 minutes 

for 2 times.  The tissue blocks were subsequently prepared for cutting at the Histocenter 

(Shandon GmbH, Germany), and stored at room temperature. 

Before cutting, the tissue blocks were placed overnight at -20ºC.  By using a microtome 

Autocut (Reichert-Jung 2040, Cambridge Instruments GmbH, Nussloch, Germany), tissue 

sections (2µm) were cut from each paraffin embedded tissue block.  Tissue sections were 

floated on a water bath at 40ºC and mounted on glass slides, which were pre-coated with 

serum-glycerine (Chroma-Gesellschaft mbH & Co. Münster, Germany).  After drying of the 

slides overnight at room temperature, tissue sections were stained with haematoxylin (MERK, 

Germany, Art No. 4302) and eosin (MERK, Germany, Art. No. 1345)(H & E).  Staining was 

done in an automatic stainer (Varistain® 24-2, Shandon GmbH, Germany).  The staining 

procedure is described in Table 1.  After staining, tissue sections were mounted with 

mounting medium (Leica CV Ultra, Leica Microsystems, Germany), covered with coverslip, 

and then examined under the microscope (Leica DFC320, Germany). 



 

 

27

Based on the microscopical findings, histopathological lesions in the nasal turbinate and 

trachea were scored as follows: score 0: no significant finding; score 1: mild intraepithelial or 

lamina proprial infiltration of lymphocytes or heterophils, ≥ 3 foci of infiltrated cells; score 2: 

massive focal or diffuse infiltration of inflammatory cells in the epithelium or lamina propria 

and hypertrophy of mucous glands; score 3: massive infiltration of inflammatory cells in the 

epithelium or lamina propria and sloughing off of ciliated respiratory epithelium. 

 

Table 1: Protocol for haematoxylin and eosin (H & E) staining 

Step Chemical Duration time (Minute) 

1 N-Butylacetate 10 

2 N-Butylacetate 10 

3 Isopropanol 100% 5 

4 Isopropanol 90% 5 

5 Isopropanol 70% 5 

6 Isopropanol 50% 5 

7 Double distilled water 5 

8 Meyers haematoxylin working solution 10 

9 Tap water 10 

10 Double distilled water 2 

11 Eosin working solution 10 

12 Double distilled water 0.5 

13 Double distilled water 0.5 

14 Isopropanol 70% 0.5 

15 Isopropanol 96% 2 

16 Isopropanol 100% 2 

17 N- Butylacetate 10 

 

 

3.6  Detection of the aMPV genome by RT-nested-PCR 

 

The aMPV genome was detected by subtyping reverse transcriptase-nested-polymerase chain 

reaction (RT-nested-PCR) based on the attachment protein gene (G) sequence and allowed to 

differentiate aMPV A and B subtypes (CAVANAGH et al. 1999). 
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3.6.1  RNA isolation 

 

Total RNA was isolated from individual tissue samples by using TRIzol® (Invitrogen™ Life 

Technologies, USA, Cat. No. 15596-026) following the single-step RNA isolation method 

(CHOMZYNSKI and SACCHI 1987). 

Each tissue sample was collected in a 1.5 ml tube with 1ml of TRIzol®.  The tissue sample 

was homogenized with a tissue crusher (SLG® Pistille, Süd-Laborbedarf GmbH, Gauting, 

Germany) and incubated at room temperature for 5 minutes.  After addition of 200µl of 

chloroform, the tube was inverted repeatedly for 15 seconds and incubated at room 

temperature for 3 minutes.  After centrifugation at 12000 x g and 7ºC for 15 minutes, the 

sample was separated into an aqueous phase and organic phase.  RNA remains exclusively in 

the aqueous phase.  After transfer of 500µl of the aqueous phase into a new tube, the RNA 

was recovered by precipitation with 500µl of 100% isopropanol (AppliChem GmbH, 

Darmstadt, Germany, Cat. No. 67630) at room temperature for 10 minutes.  Following 

centrifugation at 12000 x g and 7ºC for 10 minutes, a small RNA pellet was obtained at the 

bottom of the tube.  The aqueous phase was removed.  The RNA sample was washed with 

1ml 75% ethanol (AppliChem GmbH, Darmstadt, Germany, Cat. No. 64175) and centrifuged 

at 7500 x g 7ºC for 5 minutes.  After removal of the aqueous phase, the RNA pellet was dried 

at room temperature for 10 minutes.  30 µl of nuclease free water were added to each RNA 

sample, and mixed thoroughly.  For better dissolving of the RNA in the nuclease free water, 

the tubes were then incubated in a water-bath at 60ºC for 10 minutes.  Total RNA 

concentrations were determined in selected samples with a spectrophotometer, RNA 

concentrations ranged from 0.271 to 0.425 ng/µl at 280nm (1.684 to 1.849 in 260/280 ratio).  

Five µl of each isolated RNA sample were pooled per organ, group, and sampling day and 

stored at -70ºC until assessment by RT-nested-PCR. 

 

3.6.2  Reverse transcription 

 

The reverse transcription (RT) reaction was performed with random primers (Invitrogen™ 

Life Technologies, USA, Cat. No. 48190-011) and ImProm-II™ reverse transcriptase 

(Promega, Mannheim, Germany, Cat. No. A 3800) according to the manufacturer’s 

recommendation.  

For each pooled RNA, 4µl of RNA sample (250ng/µl) were mixed with 1µl of random primer 

(20µM) in a 0.5ml tube (Biosphere®, Germany).  The RNA-primer mixture was incubated at 
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70ºC for 5 minutes, and then quickly chilled at 4ºC for 5 minutes.  Preparation of the master 

mix and RT programme are described in Table 2 and Table 3, respectively. 

 

Table 2:  Preparation of the master mix for each RT reaction 

Reagent Final Concentration Volume (µl) 

Nuclease free water  3.2 

5X Reaction Buffer 1X 4 

MgCl2 3mM 4.8 

dNTP mix 0.5mM 1 

RNasin® Ribonuclease inhibitor 1U/µl 1 

ImProm II (Reverse transcriptase) 1U/reaction 1 

Total volume  15 µl 

 

Table 3:  RT programme 

Process Temperature Duration 

Annealing 25ºC 5 minutes 

Extension 42ºC 60 minutes 

Incubation 70ºC 15 minutes 

End of processing 4ºC Forever 

Total duration time  About 1 hour and 32 min 

 

 

3.6.3  Nested-PCR 

 

The first step PCR was performed with 2µl of RT product (Complementary DNA : cDNA) 

and the second step PCR was performed with 2µl amplified product of the first step PCR.  

TaqPol polymerase (Taq DNA polymerase PeqLab®, Biotechnology GmbH, Erlangen, 

Germany) was used for the nested-PCR.  The primers used in the first and second step PCRs 

are presented in Table 4.  Preparation of the master mix and the programme for both steps of 

PCR are described in Table 5 and Table 6, respectively.  

After the second step PCR, 8µl of the PCR product were mixed with 3µl of gel loading buffer 

(0.42mg/ml Bromophenol Blue- 66.66mg/ml Sucrose) and passed through a 2% Agarose gel 

(SeaKem® LE Agarose, Cambrex Bioscience, USA. Cat. No. 50002) in electrophoresis buffer 

(40mM Tris-acetate and 1mM EDTA (TAE)) using a gel electrophoresis device (Bio-Rad, 
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USA) at 67 Volt for 48 minutes.  Following gel electrophoresis, the gel was stained with 

ethidium bromide (0.5µg/ml) for 15 minutes and the bands were visualized over the 

ultraviolet transilluminator.  The second step PCR product was identified by using a 1Kb Plus 

DNA Ladder (Invitrogen™ Life Technologies, USA, Cat No. 10787-018).  Specific positive 

bands at 268bp and 361bp were visualized for subtype A and B aMPV, respectively.  The first 

step PCR product showed a band of 444bp. 

 

Table 4: The primers used in the nested-PCR (CAVANAGH et al. 1999) 

Used in PCR Step Primer Sequence 

1 Reverse G6- 5'-CTG ACA AAT TGG TCC TGA TT-3' 

1 Forward G1+A 5'-GGG ACA AGT ATC TCT ATG-3' 

1 Forward G1+B 5'-GGG ACA AGT ATC CAG ATG-3' 

2 Reverse G5- 5'-CAAAGA RCC AAT AAG CCC A-3' 

2 Forward G8+A 5'-CAC TCA CTG TTA GCG TCA TA-3' 

2 Forward G9+B 5'-TAG TCC TCA AGC AAG TCC TC-3' 

PCR product size: for first step PCR 444bp, for second step PCR 268bp and 361bp for subtype A and 

B, respectively. 

 

Table 5:  Preparation of the master mix for four cDNA samples (For both steps of PCR) 

Reagent Final concentration Volume (µl) 

Nuclease free water  73.5 

10X Buffer  1X 10 

dNTP-Mix 200µM 2 

Reverse primer 200nM 2 

Forward primer for subtype A 200nM 2 

Forward primer for subtype B 200nM 2 

TaqPol Polymerase 1.25 U/reaction 0.5 

Total volume  92 µl 
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Table 6:  Nested-PCR programme 

Step Process Temperature Duration 

1 Initial denatuaring 94ºC 5 minutes 

2 Denaturing 94ºC 45 seconds 

3 Annealing 54ºC 45 seconds 

4 Extension 72ºC 45 seconds /35 seconds* 

5 29 Cycles of Step 2 to 4   

6 Final extension 72ºC 10 minutes 

7 Storage of PCR product 4ºC  

 Total duration time  About 1 hour and 50 min 
*Extension time 45 and 35 seconds for 1st step and 2nd step PCRs, respectively.  

 

3.7  Detection of aMPV-antibodies 

3.7.1  Enzyme-Linked Immunosorbent Assay (ELISA) 

 

Specific aMPV-maternal antibodies and induced aMPV-antibodies in serum samples were 

detected by a commercially available enzyme-linked immunosorbent assay (ELISA) system 

(Avian Rhinotracheitis Antibody Test Kit©, CK 120, BioChek, Netherlands) according to the 

manufacturer’s recommendation.  All steps were carried out at room temperature and the 

ELISA plate was adapted to room temperature for 30 minutes before use. 

Briefly, each test sample was diluted 1:500 by adding 1 µl of sample to 0.5 ml of sample 

diluent and mixed well by vortexing.  After the addition of 100µl positive and negative 

control samples to the indicated wells of the ELISA plate, 100 µl of diluted sample were 

added to the appropriate well of the ELISA plate.  The ELISA plate was covered with a 

plastic cover (Nunc™, Denmark, Cat. No. 236269) and incubated at room temperature (22-

27ºC) for 60 minutes.  After incubation, the contents of the plate were aspirated and the plate 

was washed 4 times with 300µl/well of wash buffer.  After addition of 100µl/well of 

conjugate reagent (Sheep anti-Chicken IgG labelled with the enzyme alkaline phosphate), the 

plate was covered again and incubated at room temperature (22-27ºC) for 60 minutes.  

Following 4 washing steps with 300µl/well of wash buffer, 100µl/well of substrate reagent 

were added and the plate was incubated at room temperature for 30 minutes.  The reaction 

was stopped by the addition of stop solution (100µl/well).  Optical density (OD) values of the 

samples were obtained with a microplate reader at 405nm OD.  Sample to positive ratios   
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(S/P ratio) of each sample were calculated with reference to the OD values of positive and 

negative controls using the following equation. 

 
OD of test sample - Mean OD of negative control 
Mean OD of positive control - Mean OD of negative control = S/P 

 
Samples with S/P ratios of 0.5 or greater are considered as aMPV antibody positive.  Based 

on the S/P ratios, the antibody titres of the samples were calculated.  The following equation 

relates the S/P ratio of a sample at a 1:500 dilution to an end point titre. 

 

Log10 Titre = 1.0 (log10 S/P) + 3.52 

Antilog = Titre 

 

For the detection of specific aMPV-antibodies in tracheal washes and bile samples, the 

procedure was modified by diluting each test sample only 1:5 instead of 1:500. 

 

3.7.2  Virus neutralization (VN) test 

 

The microtitre method of the virus neutralization test (β method) was carried out for the 

detection of specific antibodies in serum samples, tracheal washes and bile samples 

(BAXTER-JONES et al. 1989).  The CEF culture adapted aMPV subtype A strain BUT1-

8544 was used for the VN test (WILDING et al. 1986; BAXTER-JONES et al. 1989).  L-15 

Leibovitz (Invitrogen™ Life Technologies, USA, Cat. No. 11415-049) and McCoy’s 5A 

(Invitrogen™ Life Technologies, USA, Cat. No. 26600-023) (1:1) medium composed of 

2mM L-glutamine (Biochrom AG, Germany, Cat. No. K 0283), 1% foetal bovine serum (FBS 

Superior, Biochrom AG, Berlin, Germany, Cat. No. S 0615), penicillin (100 U/ml) and 

streptomycin (100 μg/ml) (Biochrom AG, Germany, Cat. No. A 2213) was used for CEF cell 

culture. 

Briefly, duplicates of each test sample were serially diluted 2-fold with medium using 96-well 

microplates (NunclonTM Δ Surface, NuncTM, Denmark, Cat. No. 161093).  50µl of aMPVA 

(102 tissue culture infective dose50 (TCID)50/well in medium was added to 50µl of diluted test 

sample.  The plate was incubated at 37ºC and 5% CO2 for 1 hour.  100µl of CEF cell 

suspension (5 x 105cells/ml) were added to 100µl of virus-sample mixture.  The microtitre 

plate was incubated at 37ºC and 5% CO2 for 7 days.  After 7 days of incubation, the plates 

were examined for cytopathic effects (CPE) under low power (100 x) magnification with a 
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microscope.  The antibody titre of each sample was determined by the dilution end point, 

where 50% CPE occurred. 

 

3.8  Immunohistochemical staining and evaluation 

 

Indirect immunohistochemical staining was conducted to quantify immune cells population 

using the VECTASTAIN® Elite ABC Kit (Vector Laboratories, Inc., Burlingame, CA 94010 

USA).  Frozen Harderian gland samples were sectioned (5µm) (Jung Frigocut 2800E, Leica 

Instruments GmbH, Nussloch, Germany) and mounted on SUPERFROST ULTRA PLUS® 

glass slides (Menzel GmbH & Co. KG, Braunschweig, Germany).  For fixation, sections were 

immersed in ice-cold (-20ºC) acetone for 10 minutes, and then air dried at room temperature 

for 10 minutes.  Endogenous peroxidise enzyme activity was blocked with 0.04% hydrogen 

peroxide for 5 min.  Endogenous biotin or biotin-binding proteins were blocked using an 

avidin-biotin blocking kit (Vector Laboratories, Inc., Burlingame, CA 94010 USA) by 

addition of 20% avidin-blocking solution to the blocking antibody solution, and by addition of 

20% biotin-blocking solution to the diluted primary antibody solution.  Following blocking of 

the Fc receptors with 3% normal mouse serum, tissue sections were incubated with the 

primary antibodies: CD4+ at 0.5µg/ml and CD8+ at 0.625µg/ml.  All monoclonal antibodies 

were purchased from SouthernBiotech (Birmingham, AL 35260, USA).  After 60 minutes of 

primary antibody incubation, 3 washing steps with PBS followed. Tissue sections were then 

incubated with (1.5%) secondary biotinylated antibody conjugate (Goat anti mouse IgG) for 

30 min.  After washing 3 times with PBS, sections were incubated with 1% Avidin DH and 

1% biotinylated horseradish peroxidase H reagents (ABC reagent).  After 3 washes with PBS, 

colour development was achieved by addition of 4% 3,3-diaminobenzidine (DAB) substrate 

(SK-4100; Vector Laboratories) containing 2% hydrogen peroxide and 2% buffer stock 

solution.  Tissue sections were counter stained with hematoxylin (Carl ROTH GmbH, 

Germany, Cat No. T865.1) for 5 minutes, mounted with aquatic mounting medium 

(Microscopy Aquatex®, Merck, Darmstadt, Germany), and covered with a coverslip.  All 

antibodies used for immunohistochemical studies were diluted in PBS, and all incubation 

steps were carried out at room temperature. 

For each sample and each cell surface determinant (CD4+ and CD8+ T cells), all 

immunostained cells were counted in 5 randomly selected microscopic fields (400X 

magnification).  The average number of positive cells per 400X microscopic field was 

calculated for each sample. 
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3.9  Assessment of IFN-γ concentrations in spleen cell supernatant 

3.9.1  Isolation and ex vivo cultivation of splenic leukocytes 

 

Leukocytes were isolated by density centrifugation (ARCHAMBAULT et al. 1976) from 

single cell suspensions of spleens.  The spleen leukocytes were cultured in the RPMI 1640 

medium (Biochrom AG, Germany, Cat. No. FG 1255) supplemented with 2mM L-glutamine 

(Biochrom AG, Germany, Cat. No. K 0283), penicillin (200 U/ml) and streptomycin (200 

μg/ml) (Biochrom AG, Germany, Cat. No. A 2213), and 10% foetal bovine serum (FBS 

Superior, Biochrom AG, Berlin, Germany, Cat. No. S 0615). 

Briefly, each spleen was disrupted individually using a 70µm Nylon cell strainer (BD 

Falcon©, Heidelberg, Germany).  Leukocytes were collected from the interface after density 

centrifugation at 1100 x g and 20ºC for 12 minutes on Biocoll© (Biochrom AG, Berlin, 

Germany, Cat. No. L 6125).  Collected leukocytes were washed with PBS and resuspended in 

medium.  For ex vivo cultivation, triplicates of 106 spleen cells/well were incubated in 96-well 

cell culture plates (NunclonTM Δ Surface, NuncTM, Denmark, Cat. No. 161093).  After 48 

hours of incubation at 41°C and 5 % CO2, supernatants were harvested.  Assessment of IFN-γ 

concentration in spleen cells supernatants was conducted by using a commercially available 

IFN-γ capturing ELISA-system (Cytosets©, BioSource, Solingen, Germany) according to the 

manufacturer’s recommendations. 

Polystyrene microtitre plates (Nunc-Immuno, NuncTM, Denmark, Cat. No. 439454) were used 

for the IFN-γ capturing ELISA-system.  Standard assay buffer, coating buffer solution, 

blocking solution, wash buffer solution, and stop solution were prepared just prior to use 

following manufacturer’s recommendations and adjusted to obtain pH 7.4.  Standard IFN-γ 

(Recombinant Chicken IFN-γ), coating antibody (Anti-Chicken IFN-γ), and detecting 

antibody (Biotinylated Anti-Chicken IFN-γ) were diluted with standard assay buffer to obtain 

working solutions (1000pg/ml, 2µg/ml, and 1µg/ml, respectively), as recommended.  

Streptavidin-Horseradish Peroxidase (Streptavidin-HPR) conjugate was diluted 1:2000 with 

standard assay buffer.  ABTS peroxidase substrate was ready to use.  Samples were 8-fold 

diluted with spleen leukocyte medium to obtain optical density (OD)-values in the linear 

range of standard IFN-γ series’ regression curve.  The ELISA protocol is as followed. 
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Protocol for the interferon γ (IFN-γ) capturing ELISA 

 

Coating of the microtitre plate with 100µl/well with diluted coating antibody, 

incubation at 4ºC for 18 hours 

↓ 

Removal of coating antibody and tapping of the plate on absorbent paper 

↓ 

Blocking with 300µl/well of blocking solution at room temperature for 2 hours 

↓ 

Washing 4 times with 300µl/well of wash buffer solution 

↓ 

Addition of 100µl of standard IFN-γ and 8-fold diluted samples to indicated wells,  

serial 2-fold dilution of standard IFN-γ to appropriate wells 

↓ 

Addition of 100µl/well of diluted detecting antibody and incubation at room temperature with 

continual shaking (700rpm) for 2 hours 

↓ 

Washing 4 times with 300µl/well of wash buffer solution 

↓ 

Addition of 100µl/well of diluted streptavidin-HPR conjugate and incubation at room 

temperature with continual shaking (700rpm) for 30 minutes 

↓ 

Washing 4 times with 300µl/well of wash buffer solution 

↓ 

Addition of 100µl/well of ABTS peroxidase substrate and incubation at room temperature 

with continual shaking (700rpm) for 30 minutes 

↓ 

Addition of 100µl/well of stop solution 

↓ 

Reading with a microplate reader at 450nm OD 

↓ 

The IFN-γ-concentrations of the samples were determined with reference to the regression 

analysis of the OD values of serially 2-fold diluted standard IFN-γ, and are expressed in 

pg/ml. 
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3.10  Experimental design 

 

Two separate experiments were conducted. 

 

3.10.1  Experiment 1 

 

One hundred and twenty one-day-old commercial Ross-type broilers were included in 

Experiment 1.  At 7 and 12 days of age, fifteen serum samples were collected randomly and 

maternally derived aMPV-antibody titres were determined in the aMPV-ELISA.  At 16 days 

of age, when maternally derived aMPV antibodies of birds had waned, the chickens were 

randomly divided into three groups (n=40).  Chickens from the first group were inoculated 

oculonasally with 104 CD50 of aMPV subtype A, and chickens of the second group were 

inoculated with 104 CD50 of aMPV subtype B. The third group received virus-free TOC 

supernatant. All groups were maintained in separate isolation units.  After inoculation, 

broilers were observed for clinical signs daily up to 24 days post inoculation (dpi).  Five 

chickens from each group were exsanguinated at 3, 6, 11, 14, 17, 20, and 24 dpi and 

macroscopical lesions were determined.  Tracheal washes were collected for assessment of 

specific aMPV-antibodies.  Samples of nasal turbinate, Harderian gland, lachrymal gland, the 

middle part of trachea, lung, spleen, and bursa cloacalis were collected in the 10% formalin 

solution (Carl ROTH GmbH, Germany, Art. No. P7332) for histopathological examination 

and were also collected in TRIzol® for detection of the aMPV genome by RT-nested-PCR.  

Harderian gland samples were collected on tissue freezing medium® (Leica Microsystems 

Nussloch GmbH, Nussloch, Germany) for detection of CD4+, CD8+ T cells by 

immunohistochemistry, and stored at -70°C until sectioning.  Eight birds from each group 

were bled before inoculation and at 3, 6, 10, 14, 17, 20, and 24 dpi, and aMPV-antibodies 

were determined by ELISA and VN tests. 

 

3.10.2  Experiment 2 

 

This experiment was a repeat of Experiment 1 with 96 one-day-old Ross-type broilers.  At 7 

and 12 days of age, aMPV-Mab titres were assessed in 15 randomly collected serum samples 

by ELISA.  At 14 days of age, when aMPV-Mab titres had waned, broilers were randomly 

divided into three groups (n=32).  Two groups received intraoculonasally either 104 CD50 of 

aMPV subtype A, or 104 CD50 of aMPV subtype B.  The third group was inoculated with 
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virus-free TOC supernatant.  Clinical signs in broilers were observed daily up to 21 dpi.  Five 

chickens from each group were exsanguinated at 3, 6, 10, 14, and 21 dpi and macroscopical 

lesions were observed.  Tracheal washes were collected for the detection of aMPV-antibodies.  

Nasal turbinate, Harderian gland, the middle part of trachea, lung, spleen, and bursa cloacalis 

samples were collected in 10% formalin solution (Carl ROTH GmbH, Germany, Art. No. 

P7332) for histopathological examination, and were also collected in TRIzol® for detection of 

the aMPV genome by RT-nested-PCR.  In addition to Experiment 1, caecal tonsils and 

cloacal swabs were collected for the detection of the aMPV genome by RT-nested-PCR.  

Samples of the Harderian gland were collected on tissue freezing medium® (Leica 

Microsystems Nussloch GmbH, Nussloch, Germany) for detection of CD4+ and CD8+ T cells 

by immunohistochemistry  and stored at -70°C until sectioning.  Serum samples were 

collected from eight birds per group before inoculation and at 3, 6, 10, 14, 17, and 21 dpi, and 

of seven birds per group at 24 and 28 dpi.  Serum samples were investigated for aMPV-

antibodies by ELISA and VN assays. 

At 24 dpi, both experiments were terminated and all remaining birds sacrificed. 

 

3.11  Statistical analysis 

 

The data obtained were analysed by one-way analysis of variance (ANOVA), and the 

differences between means were compared by Duncan’s multiple range test (DMRT) using 

SPSS 11.5 (SPSS Inc., Chicago, IL, USA).  The cumulative clinical score indices between 

aMPV A and B inoculated chickens was compared by student t test. P<0.05 was considered 

as statistically significant.  The relationships between ELISA titres and VN titres of sera from 

each subtype-inoculated group was analyzed by regression analysis. 
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4  Results 
 

Two separate experiments were carried out to compare the aMPV-pathogenesis and immune 

reactions of aMPV subtype A and B-infected commercial broilers.  Sixteen-day-old and 14-

day-old commercial Ross type broilers free of aMPV maternal antibodies were used in the 

first and second experiment, respectively.  Two groups of broilers were inoculated 

oculonasally with 104 median ciliostatic doses (CD50) of turkey isolates of aMPV subtype A 

or aMPV subtype B.  The third group received virus free trachea organ culture (TOC) 

supernatant.  After experimental infections of broilers with aMPVs, the following 

observations were made: development of clinical signs and histopathological lesions, 

distribution of the aMPV-genome in different tissues, development of systemic and local 

aMPV-antibodies, and some selected aspects of cell-mediated immune reactions such as the 

release of IFN-γ from spleen leukocytes, and accumulation of CD4+ and CD8+ T cell in the 

Harderian gland. 

 
4.1  Development of clinical signs  

 

During both experiments, TOC media inoculated groups were free from clinical signs (Figure 

1a).  There was no mortality in either experiment.  Up to 3 dpi aMPV-inoculated broilers did 

not show any clinical signs.  At 4 dpi, broilers began to show depression, coughing, and clear 

nasal exudate followed by swelling of infraorbital sinuses at 5 dpi.  On 6 dpi, the maximum 

number of birds showed swollen sinuses.  In subtype A inoculated groups, 4 of 37 birds and 9 

of 27 birds showed swollen sinuses in Experiment 1 and 2, respectively.  In subtype B 

inoculated groups, 5 of 36 and 14 of 27 birds showed swollen sinuses in Experiment 1 and 2, 

respectively.  Swelling was confined around the eye, and did not involve the entire head 

(Figure 1b and 1c).  Swelling became clearer at 8 to 9 dpi in virus-inoculated broilers and 

lasted up to 12 dpi and 14 dpi in subtype A and B inoculated groups, respectively.  No turbid 

nasal exudates were recorded. 

Not all chickens from virus inoculated groups showed clinical signs during the experiments.  

The percentages of chickens showing clinical signs observed in Experiment 1 and 2 are 

shown in Figure 2a and 2b, respectively.  In Experiment 1, maximum clinical score indices of 

0.38 and 0.56 in aMPV A and B-inoculated groups, respectively, were observed at 6 dpi.  In 

Experiment 2, maximum clinical score indices of 1.0 and 1.59 in subtype A and B-inoculated 

groups, respectively, were detected at 6 dpi.  The cumulative clinical score indices (0.163 and 

0.436 for experiment 1 and 2, respectively) of subtype B inoculated groups were significantly 
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higher (P<0.05) than (0.112 and 0.252 for experiment 1 and 2, respectively) of subtype A 

inoculated groups. 

 

(a)  

(b)  

(c)  

Figure 1:  Clinical signs of aMPV-infected broilers at 9-dpi. While the virus-free broiler (a) 

did not show any clinical signs, aMPV A (b) and aMPV B (c) inoculated broilers showed 

swelling of periorbital sinuses (black arrow) and clear nasal exudate (white arrow). 
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(b) 

Figure 2:  Percentage of birds showing clinical signs in Experiment 1(a) in Experiment 2 (b). 

aMPV A: Broilers were inoculated with 104 CD50 of aMPV subtype A; aMPV B: Broilers 

were inoculated with 104 CD50 of aMPV subtype B; Virus free : Broilers were inoculated with 

TOC media only. 
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4.2  Development of pathological and histopathological lesions 

 

Except swelling of periorbital sinuses, no gross lesions were observed at necropsy in either 

experiment.  Histopathological changes were found not only in the respiratory tract but also in 

eye associated lymphoid tissues of virus-inoculated broilers.  No histopathological changes 

were detected in TOC media inoculated broilers (Figure 3a, 4a, 5a, 6a, 7a, 8a). 

In both experiments the most significant histological lesions were found in ciliated columnar 

epithelium of the nasal turbinate of aMPV A and B-inoculated broilers at 3 to 14 dpi (Table 

7).  Between 3 and 14 dpi thickening of the nasal turbinate epithelium was detected due to 

infiltration of inflammatory cells and formation of lymphoid follicles in the submucosa and 

lamina propria (Figure 3b and 3c).  Infiltration of lymphoid cells in the epithelial layer and 

lamina propria was already detected at 3 dpi in both subtype-inoculated groups.  By 6 and 11 

dpi, massive infiltration of lymphoid cells, sloughing off of the epithelium, and hypertrophy 

of mucous glands were seen.  Catarrhal exudates containing dead cells were detected in the 

lumen.  Beginning regeneration of the epithelium with non-ciliated flat cells was observed at 

14 dpi, which was still in progress by 21 dpi. 

Significant histological lesions in the tracheae of virus-inoculated chickens were observed at 6 

to 11 dpi in Experiment 1, and at 6 to 14 dpi in Experiment 2 (Table 7).  The following 

lesions were detected: thickening of the epithelial layer due to massive infiltration of 

lymphocytes and heterophils, oedema (Figure 4b and 4c), hypertrophy of mucous glands, and 

sloughing off of the epithelium.  Mild infiltration of lymphocytes and heterophils in the 

epithelium and lamina propria of tracheae of virus-inoculated broilers was already observed at 

3 dpi.  By 6 to 11 dpi, massive infiltration of lymphoid cells was detected in the tracheal 

epithelium, and ciliated epithelium was lost in some areas.  The destructed epithelium of the 

trachea showed beginning regeneration with non-ciliated flat cells at 14 dpi. 

Infraorbital sinuses also developed lesions including infiltration of lymphoid cells, exfoliation 

and destruction of the ciliated epithelium between 6 and 11 days after aMPV-inoculation 

(Figure 5b and 5c).  At the same time, infiltration of mononuclear inflammatory cells and 

development of lymphoid foci in the submucosa of secondary bronchi was detected in aMPV-

inoculated broilers. The ciliated epithelium of the secondary bronchi was still intact (Figure 

6b and 6c). 
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(a)  

(b)  

(c)  

Figure 3: Histopathological lesions of the nasal turbinate at 6 dpi (H & E stain, 200 x 
magnification).  The epithelium was still intact and ciliated (black arrow) in virus-free broilers 
(a), whereas the epithelium of aMPV A (b) aMPV B (c) inoculated broilers was thickened and 
destroyed due to infiltration of lymphoid cells and heterophils, and formation of lymphoid 
follicle in the epithelium (black arrow) and hypertrophy of mucous glands (white arrows). 
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(a)  

(b)  

(c)  

Figure 4: Histopathological lesions of the trachea at 6 dpi (H & E stain, 200x magnification).  
The epithelium was still intact and ciliated (black arrow) in virus-free broilers (a), whereas the 
epithelium of aMPV A (b) aMPV B (c) inoculated broilers was thickened due to infiltration of 
inflammatory cells (black arrow), and focal exfoliation or focal deciliation (white arrows). 
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(a)  

(b)  

(c)  

Figure 5: Histopathological lesions of the infraorbital sinus at 6 dpi (H & E stain, 100x 
magnification).  The epithelium was still intact and ciliated (black arrow) in virus-free broilers 
(a), whereas the epithelium of aMPV A (b) aMPV B (c) inoculated broiler showed thickening 
due to development of lymphoid follicles in the lamina propria (black arrows) or massive 
infiltration of lymphoid cells (black arrows), and destruction of the epithelium (white arrow). 
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(a)  

(b)  

(c)  

Figure 6: Histopathological lesions of the secondary bronchi of a lung at 6 dpi (H & E stain, 
100x magnification).  The epithelium was still intact and ciliated (black arrow) in virus-free 
broilers (a), whereas the epithelium of aMPV A (b) aMPV B (c) inoculated broilers was 
thickened due to development of lymphoid follicles in the submucosa (black arrows). 
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(a)  

(b)  

(c)  

Figure 7: Histopathological lesions of the Harderian gland at 6 dpi (H & E stain, 200x 
magnification).  A secondary collecting duct of the Harderian gland of a virus-free broiler (a) 
and of aMPV A (b) of aMPV B (c) inoculated broilers showing development of lymphoid 
follicles (black arrows) and infiltration of lymphocytes in the interstitial tissue. 
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(a)  

(b)  

(c)  

Figure 8:  Histopathological lesions of the lachrymal gland at 6 dpi (H & E stain, 100x 
magnification).  A lachrymal gland of a virus-free broiler (a) and of aMPV A (b) of aMPV B 
(c) inoculated broilers showing infiltration of lymphoid cells (black arrows) in the interstitial 
and interlobular tissue. 
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Table 7:  Mean histopathological lesion scores in aMPV-infected broilers 

 Mean histopathological lesion score ± standard error of the mean  
Nasal turbinate  Trachea Days post  

inoculation Virus free aMPV A aMPV B  Virus free aMPV A aMPV B 

Experiment 1       

3 0.0±0.00b* 1.2±0.37a 1.8±0.37a  0.0±0.00 0.4±0.24 0.8±0.37 

6 0.0±0.00b 2.4±0.24a 2.4±0.24a  0.0±0.00b 2.0±0.45a 2.4±0.24a

11 0.0±0.00b 2.0±0.32a 2.6±0.24a  0.0±0.00b 2.2±0.37a 2.4±0.32a

14 0.0±0.00 0.8±0.37 0.6±0.24  0.0±0.00 0.6±0.24 0.8±0.37 

17 0.0±0.00 0.4±0.24 0.4±0.24  0.0±0.00 0.2±0.20 0.6±0.24 

Experiment 2       

3 0.0±0.00b 1.4±0.40a 1.6±0.24a  0.00±0.00 1.2±0.37 1.0±0.55 

6 0.0±0.00b 2.6±0.24a 2.6±0.24a  0.00±0.00b 2.2±0.37a 2.8±0.20a

10 0.0±0.00b 1.6±0.40a 2.4±0.40a  0.00±0.00b 1.6±0.51a 2.2±0.37a

14 0.0±0.00b 1.4±0.24a 1.2±0.48a  0.00±0.00b 1.2±0.49a 1.2±0.20a

21 0.0±0.00 0.4±0.24 0.4±0.24  0.00±0.00 0.2±0.20 0.2±0.20 

*n=5, a, b Different superscript letters within the same row indicate that the mean values are 

significantly different between groups (P<0.05). aMPV A: Broilers were inoculated with 104 

CD50 of aMPV subtype A; aMPV B: Broilers were inoculated with 104 CD50 of aMPV 

subtype B; Virus free : Broilers were inoculated with TOC media only. 

 

In addition to respiratory tract tissues, Harderian glands and lachrymal glands were 

investigated for histopathological changes.  At 6 and 11 dpi, infiltration of lymphocytes and 

development of lymphoid follicles in the interstitial tissue and around the secondary 

collecting ducts was observed in the Harderian glands of virus-inoculated broilers (Figure 7b 

and 7c).  By 3 and 11 dpi, infiltration of lymphoid cells and lymphoid follicles in the 

interstitial tissue and in the interlobular tissue was detected in the lachrymal glands (Figure 8b 

and 8c).  No histopathological changes were observed in spleens and bursae cloacalis in either 

experiment. 

 

4.3  Distribution of the aMPV genome 

 

The distribution of the aMPV genome in different tissues of broilers from Experiment 1 and 2 

is summarized in Table 8.  Both aMPV subtypes were detected at 3 and 6 dpi by RT nested-

PCR in tissues of the upper respiratory tract such as nasal turbinate and Harderian gland 

(Experiment 1).  In subtype B-inoculated groups, the viral genome was detected in the trachea 
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up to 11 dpi in Experiment 1, and up to 10 dpi in the Harderian gland in Experiment 2.  In 

addition to the upper respiratory tract tissue, in subtype B inoculated broilers the aMPV-

genome was also detected in lung, spleen, bursa cloacalis, in both experiments, and in caecal 

tonsils and cloacal swabs in Experiment 2.  No aMPV genome was detected at 14 dpi in either 

group of broilers.  No aMPV genome was detected in TOC-media-inoculated birds. 

 

Table 8: Detection of the aMPV genome by RT-nested PCR  

Tissue Detection of aMPV at days post inoculation of 
samples 3-dpi  6-dpi  11/10-dpi 
 aMPVA aMPVB aMPVA aMPVB aMPVA aMPVB 
Nasal turbinate +/+* +/+  +/+ +/+  -/- -/- 
Harderian gland +/+ +/+  +/- +/+  -/- -/+ 
Trachea -/+ +/+  +/- +/+  -/- +/- 
Lung -/- -/+  -/- +/+  -/- -/- 
Spleen -/- -/-  -/- +/+  -/- -/- 
Caecal tonsil nd/- nd/-  nd/- nd/+  nd/- nd/- 
Bursa cloacalis -/- -/+  -/- +/-  -/- -/- 
Cloacal swabs nd/- nd/-  nd/- nd/+  nd/- nd/- 
* = Experiment 1/Experiment 2, Total RNA was isolated from individual samples, then pooled 
per organ (n=5), group, and day. aMPV A: Broilers were inoculated with 104 CD50 of aMPV 
subtype A; aMPV B: Broilers were inoculated with 104 CD50 of aMPV subtype B; Virus free : 
Broilers were inoculated with TOC media only. + = aMPV positive, - = aMPV negative,      
nd = not done. 

 

4.4  Systemic serum aMPV-antibody development 

 

At the day of aMPV inoculation, all broilers from both experiments were free of aMPV 

maternal antibodies in the ELISA.  Seroconversion was detected at 11 dpi in both aMPV-

inoculated groups in Experiment 1.  In Experiment 2, seroconversion was detected earliest at 

6 dpi in aMPV B inoculated broilers, and at 10 dpi in aMPV A inoculated broilers.  TOC-

media-inoculated broilers from both experiments were free of aMPV-antibodies throughout 

both experiments (Table 9). 

Mean aMPV-specific serum ELISA-antibody titres from Experiment 1 and 2 are shown in 

Figure 9a and Figure 9b, respectively.  According to the manufacturer’s recommendation 

regarding the ELISA kit, titres of 1158 or less were considered as negative.  All virus free 

chickens, which had received TOC media only, had ELISA titres lower than 1158 throughout 

the experimental period in both experiments.  In subtype B inoculated chickens, specific 

ELISA-antibodies had increased significantly (P<0.05) at 11 dpi in Experiment 1 and at 10 

dpi in Experiment 2 in comparison to virus free birds.  In subtype A inoculated groups, 
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aMPV-ELISA antibodies had increased significantly (P<0.05) at 14 dpi in both experiments 

in comparison to virus free birds.  aMPV ELISA antibody titres in virus-inoculated groups 

continued to increase further until the end of the experiments. 

The coating antigen of the ELISA kit applied in the current experiments was subtype B 

(Barend van Dam, BioChek B.V., Netherlands, Personal communication, 2007).  This may 

explain why the serum ELISA titres of subtype B inoculated groups were significantly higher 

(P<0.05) than of subtype A inoculated groups at 11, 14, 17, 20, and 24 dpi in Experiment 1, 

and at 10, 14, 17, 21, 24, and 28 dpi in Experiment 2. 

 

Table 9:  Seroconversion in broilers inoculated with aMPV A or B  

 Group inoculated with 
Experiment 1  Experiment 2 Days post  

inoculation aMPV A aMPV B Virus free  aMPV A aMPV B Virus free 
0 0/8* 0/8 0/8  0/8* 0/8 0/8 

3 0/8 0/8 0/8  0/8 0/8 0/8 

6 0/8 0/8 0/8  0/8 1/8 0/8 

10-11 4/8 7/8 0/8  7/8 8/8 0/8 

14 8/8 8/8 0/8  6/8 8/8 0/8 

17 7/8 8/8 0/8  7/8 8/8 0/8 

20-21 6/8 8/8 0/8  8/8 8/8 0/8 

24 8/8 8/8 0/8  7/7 7/7 0/7 

28 nd nd nd  7/7 7/7 0/7 

aMPV A: Broilers were inoculated with 104 CD50 of aMPV subtype A; aMPV B: Broilers 
were inoculated with 104 CD50 of aMPV subtype B; Virus free : Broilers were inoculated with 
TOC media only.  *Number of positive sera/number of tested sera per group. nd= not done. 

 

Mean aMPV-specific serum virus neutralizing (VN) antibody titres from Experiment 1 and 2 

are presented in Figure 10a and Figure 10b, respectively.  In both experiments, mean aMPV-

VN-antibody titres increased significantly (P<0.05) in virus-inoculated chickens in 

comparison to virus free chickens at 6 dpi.  In both virus-inoculated groups, VN titres reached 

peak level at 10 to 11 dpi, slightly declined at 14 to 17 dpi, and then increased again until the 

end of the experiments.  Cell culture adapted aMPV A was used for the VN test.  This may 

explain why aMPV VN antibody titres of subtype A-inoculated groups were significantly 

higher (P<0.05) than of subtype B-inoculated groups at 14 dpi in Experiment 1, and at 14 and 

17 dpi in Experiment 2. 
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Good correlations were found between the results of the ELISA and VN assays for both 

subtypes (Table 10). 

 

Table 10:  Correlation between aMPV-ELISA and aMPV-VN titres 
Experiment Subtype Number of 

tested sera 
Correlation  
  (r value) 

Significant level 

Exp 1 aMPV A 64 r = 0.619* P<0.001 
Exp 1 aMPV B 64 r = 0.631 P<0.001 
Exp 2 aMPV A 70 r = 0.741 P<0.001 
Exp 2 aMPV B 70 r = 0.705 P<0.001 
Exp 1 and 2 aMPV A 134 r = 0.699 P<0.001 
Exp 1 and 2 aMPV B 134 r = 0.672 P<0.001 
*r value < 0.3, the agreement is poor; r value between 0.3 and 0.5 is acceptable; r value 
between 0.5 and 0.7 is good; and r value > 0.7 is excellent (MARTIN and BONNETT 1987). 

 

4.5  Development of local aMPV-antibodies  

4.5.1  Development of VN and ELISA antibodies in tracheal washes 

 

Mean log2 aMPV-specific VN-antibody titres in tracheal washes of chickens from Experiment 

1 and 2 are shown in Figure 11a and Figure 11b, respectively.  In both experiments, VN-

antibody titres in tracheal washes increased significantly at 6 dpi (P<0.05) in virus-inoculated 

broilers in comparison to virus free broilers.  In both virus-inoculated groups VN-antibody 

titres in tracheal washes reached peak levels at 14 dpi in Experiment 1 and at 10 dpi in 

Experiment 2.  After 10 and 14 dpi, respectively, VN-antibody titres in tracheal washes 

declined gradually.  There was no significant difference between VN antibody titres of virus-

infected groups and virus free control groups at 24 dpi (Experiment 1). 

In subtype B inoculated broilers, ELISA antibody levels in tracheal washes reached peak 

levels at 14 to 17 dpi in Experiment 1, and at 10 dpi in Experiment 2 (Figure 12a and 12b). 

 

4.5.2  Development of VN and ELISA antibodies in the bile 

 

VN and ELISA antibody titres in bile samples reached their peak at 10 dpi (Figure 13a and 

13b).  VN-antibody titres and ELISA antibody levels in bile of both virus-inoculated groups 

were significantly higher (P<0.05) than of the virus free group at 10, 14 and 21 dpi 

(Experiment 2). 
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(b) 

Figure 9:  aMPV ELISA-antibodies in sera of aMPV-infected and virus free broilers            
(a) Experiment 1, n=8 (b) Experiment 2, n=8 and n=7 at 24 and 28 dpi. a, b, c  The different 
superscripts indicate significant differences between groups (DMRT) (P<0.05). aMPV A: 
Broilers were inoculated with 104 CD50 of aMPV subtype A; aMPV B: Broilers were 
inoculated with 104 CD50 of aMPV subtype B; Virus free : Broilers were inoculated with TOC 
media only.  Vertical bars represent standard error of the means. 
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(b) 

Figure 10:  aMPV VN-antibodies in sera of aMPV-infected and virus free broilers.               
(a) Experiment 1, n=8 (b) Experiment 2, n=8 and n=7 at 24 and 28 dpi. a, b, c  The different 
superscripts indicate significant differences between groups (DMRT) (P<0.05). aMPV A: 
Broilers were inoculated with 104 CD50 of aMPV subtype A; aMPV B: Broilers were 
inoculated with 104 CD50 of aMPV subtype B; Virus free : Broilers were inoculated with TOC 
media only.  Vertical bars represent standard error of the means. Titres less than log2 3 is 
considered as negative. 
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(b) 

Figure 11:  aMPV VN-antibodies in tracheal washes of aMPV-infected and virus free broilers 
(a) Experiment 1 (b) Experiment 2. a, b The different superscripts indicate significant 
differences between groups (DMRT) (P<0.05). aMPV A: Broilers were inoculated with 104 
CD50 of aMPV subtype A; aMPV B: Broilers were inoculated with 104 CD50 of aMPV 
subtype B; Virus free : Broilers were inoculated with TOC media only.  Vertical bars 
represent standard error of the means. n=5.  Titres less than log2 3 is considered as negative. 
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(b) 
Figure 12: aMPV ELISA-antibodies in tracheal washes of aMPV-infected and virus free 
broilers (a) Experiment 1 (b) Experiment 2. a, b, The different superscripts indicate significant 
differences between groups (DMRT) (P<0.05). aMPV A: Broilers were inoculated with 104 
CD50 of aMPV subtype A; aMPV B: Broilers were inoculated with 104 CD50 of aMPV 
subtype B; Virus free : Broilers were inoculated with TOC media only.  Vertical bars 
represent standard error of the means. n=5. 
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(b) 
Figure 13: aMPV VN-antibody levels (a) and ELISA-antibody levels (b) in bile samples of 
aMPV-infected and virus free broilers (Experiment 2).  a, b, c The different superscripts indicate 
significant differences between groups (DMRT) (P<0.05). aMPV A: Broilers were inoculated 
with 104 CD50 of aMPV subtype A; aMPV B: Broilers were inoculated with 104 CD50 of 
aMPV subtype B; Virus free: Broilers were inoculated with TOC media only.  Vertical bars 
represent standard error of the means. n=5. 
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4.6  Activation of cell-mediated immune reactions 

4.6.1  IFN-γ concentrations in spleen cell supernatant 

 

In both experiments, release of IFN-γ form the ex vivo cultivated spleen cells of virus-

inoculated groups were not different from virus free groups (data not shown). 

 

4.6.2  CD4+ and CD8+ T cell numbers in Harderian glands 

 

Infiltration of CD4+ and CD8+ T cells in the Harderian gland was investigated by 

immunohistochemistry.  The numbers of CD4+ T cells/ microscopic fields (at 400X) 

increased significantly (P<0.05) up to four-fold at 6 dpi in aMPV A and B-inoculated groups 

in comparison to virus free birds (Experiment 1).  In Experiment 2, numbers of CD4+ cells 

were significantly higher at 3 and 6 dpi in subtype B inoculated broilers, and at 6 dpi in 

subtype A inoculated broilers in comparison to virus free broilers (P<0.05) (Figure 16).  

CD4+ T cells infiltrated not only in a scattering pattern (Figure 14b and 14c) but also formed 

lymphoid follicles. 

In both experiments, numbers CD8+ T cells/ microscopic fields (400X) in the Harderian 

gland had increased significantly (P<0.05) two–three-fold at 6 dpi in aMPV A and B-

inoculated groups in comparison to virus free controls (Figure 17).  CD8+ cells infiltrated 

mainly in a scattering pattern (Figure 15b and 15c). 
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(a)  

(b)  

(c)  

Figure 14:  Immunohistochemical detection of CD4+ T cells in the Harderian gland (400x 

magnification) of a virus-free broiler (a), an aMPV A-inoculated broiler (b), and an aMPV B-

inoculated broiler (c) at 6 dpi (Experiment 2), CD4+ T cells are stained brown. 
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(a)  

(b)  

(c)  

Figure 15:  Immunohistochemical detection of CD8+ T cells in the Harderian gland (400x 

magnification) of a virus-free broiler (a), an aMPV A-inoculated broiler (b), and an aMPV B-

inoculated broiler (c) at 6 dpi (Experiment 2), CD8+ T cells are stained brown. 
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Figure 16: Average numbers of CD4+ T cells /400X microscopic field in the Harderian gland 
of aMPV-infected and virus free broilers (Experiment 2, as a representative Experiment).       
a, b The different superscripts indicate significant differences between groups (DMRT) 
(P<0.05). aMPV A: Broilers were inoculated with 104 CD50 of aMPV subtype A, aMPV B: 
Broilers were inoculated with 104 CD50 of aMPV subtype B, Virus free: Broilers were 
inoculated with TOC media only. Vertical bars represent standard error of the means. n=5. 
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Figure 17: Average numbers of CD8+ T cells/400X microscopic field in the Harderian gland 
of aMPV-infected and virus free broilers (Experiment 2, as a representative Experiment).       
a, b The different superscripts indicate significant differences between groups (DMRT) 
(P<0.05). aMPV A: Broilers were inoculated with 104 CD50 of aMPV subtype A, aMPV B: 
Broilers were inoculated with 104 CD50 of aMPV subtype B, Virus free: Broilers were 
inoculated with TOC media only. Vertical bars represent standard error of the means. n=5. 
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5  Discussion 

 

The objectives of this study were to compare the pathogenesis of aMPV subtype A and B of 

turkey origin in broilers and to investigate selected parameters of the immune response of 

broilers to aMPVs. 

 

5.1  Comparative pathogenesis between aMPV A and B 

5.1.1  Reproduction of swollen sinuses after aMPV infection of broilers 

 

After previous experimental studies it had been suggested that aMPV A and B of turkey 

origin do not induce respiratory signs in broilers or in layer-type chickens (GOUGH et al. 

1988; BUYS et al. 1989b).  It was suggested that chicken field isolates may represent a 

subpopulation of turkey rhinotracheitis virus that had adapted to chickens (BUYS et al. 

1989a).  Even with chicken isolates, which had been propagated under laboratory conditions, 

it had been difficult to reproduce under experimental conditions the typical swollen sinuses, 

which are observed in aMPV-infected broilers in the field (JONES et al. 1987; MAJÓ et al. 

1995, 1996; CATELLI et al. 1998; NAKAMURA et al. 1998).  The findings of this study 

indicate that aMPV A and B of turkey origin were both pathogenic for commercial broilers 

under experimental conditions, and induced swelling of periorbital sinuses and 

histopathological lesions in the upper respiratory tract.  Swelling of infraorbital sinuses in 

both infected groups began at 5 dpi, and lasted up to 12 dpi and 14 dpi in subtype A and B 

inoculated groups, respectively.  The pattern of swelling observed in the present study is 

confined only to the periorbital sinuses.  This clinical symptom had been also reported by 

early studies of PICAULT et al. (1987) and BUYS et al. (1989a), who had demonstrated 

swelling of periorbital sinuses in chickens following inoculation of homogenised upper 

respiratory tract organs or sinus exudates of SHS-affected chickens.  Both working groups 

described swelling of infraorbital sinuses after 4 day post inoculation.  By one and three 

weeks after inoculation some of the infected chickens showed transient nasal discharge 

(PICAULT et al. 1987). 

Secondary bacteria pathogens as a possible cause of swollen sinuses in the present 

experiments can be ruled out.  Previous studies have demonstrated that coinfection with 

Escherichia coli induced more severe facial swelling beginning at 1 dpi, which was not 

observed in these experiments.  Furthermore, secondary pathogens are known also to induce 
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accompanying gross lesions such as purulent discharge, spleenic necrosis, fibrinopurulent 

epicarditis, fibrinous air saculitis, pericarditis, and perihepatitis, which were not seen under 

our experimental conditions (MAJÓ et al. 1997; NAKAMURA et al. 1998). 

A variety of reasons on the virus as well as on the host side may account for the difficulties to 

experimentally reproduce clinical disease with aMPV in chickens.  Depending upon dose and 

virulence of the virus strain, the severity of clinical signs and development of 

histopathological lesions in aMPV-infected chickens may vary.  In previous studies, in which 

swelling of periorbital sinuses was not reproduced in chickens under experimental conditions 

(JONES et al. 1987; CATELLI et al. 1998; NAKAMURA et al. 1998), a challenge dose of 

lower than 104 CD50 per bird was used.  In the present studies, 104 CD50 of aMPV per bird 

were used as a challenge dose, which may explain the successful reproduction of respiratory 

signs.  The necessity to increase the dose of the challenge virus with increasing age of the bird 

in order to be able to reproduce clinical disease had been shown in turkeys before 

(WILLIAMS et al. 1991b). 

The median ciliostatic dose can be determined in turkey tracheal ring culture or chicken 

tracheal ring culture.  aMPV subtype A or B will typically cause ciliostasis in turkey TOC 

rings within 4-6 days, but this may take longer in chicken rings, possibly 6 to 8 days 

(BAXTER-JONES and JONES 1989).  In the current study, titration of the challenge virus 

suspension was conducted with chicken tracheal rings, and ciliostasis was observed beginning 

at 6 dpi.  Because of the time differences in the induction of ciliostasis between turkey rings 

and chicken rings, the calculated median ciliostatic dose (CD50) may also not be directly 

comparable between TOC of different species. 

It was demonstrated that live attenuated aMPV-strains may revert to virulence after repeated 

passages in turkey poults (COOK et al. 1989a; CATELLI et al. 2006b; TIWARI et al. 2006).  

In contrast to previous investigations, the virus strains used in the present experiments had 

been passaged in turkey poults to increase virulence, and were consecutively propagated in 

chicken TOC.  Therefore, it is speculated that the virulence of our challenge virus may have 

been higher than in many other studies, for which aMPV had been solely propagated in vitro 

in cell culture of chicken embryo fibroblasts or Vero cells, and had lost some of its virulence 

(BAXTER-JONES and JONES 1989; WILLIAMS et al. 1991a). 

On the host side, the development and severity of clinical disease under experimental 

conditions may vary based on the immune status of the aMPV-infected birds.  Although 

aMPV-maternal antibodies (Mab) cannot fully protect from clinical disease (NAYLOR et al. 

1997b; CATELLI et al. 1998), it was speculated that high levels of aMPV-Mab may reduce 
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the severity of the disease in chickens by limiting virus replication (COOK et al. 1989b).  

Furthermore, the age factor may also play a significant role.  COOK et al. (1993b) found that 

older chickens are more susceptible to aMPV.  The most susceptible age for aMPV-induced 

disease may be between 2 and 6 weeks of age under field conditions (LISTER and 

ALEXANDER 1986; HAFEZ 1993), which coincides with the age of the broilers in the 

presented experiments. 

In the current study, 16 and 28% of broilers in subtype A and B-inoculated groups, 

respectively, exhibited clinical signs in Experiment 1.  At the peak of clinical signs in 

Experiment 2, the percentages of broilers showing clinical signs was 33 and 56% in subtype 

A and B-infected groups, respectively.  These percentages were relatively lower in 

comparison to the percentage of turkeys showing clinical signs (95-100%) after experimental 

infections with the same strains of aMPV or with different strains (TOQUIN et al 2006; 

LIMAN and RAUTENSCHLEIN 2007).  But, it needs to be noted that in broilers, which 

showed clinical signs, the severity was comparable to the severity of clinical signs in turkey 

poults.  According to their experiences with SHS in the broiler industry, BUYS et al. (1989a) 

stated that up to 50% of the birds of one flock may develop nasal discharge with varying 

degrees of swelling of infraorbital sinuses.  But, only a limited number will develop 

conspicuous swelling involving the skin over the dorsal and lateral parts of the head, which 

led to the term “SHS” (BUYS et al. 1989a).  These and our data indicate that there may be 

differences in aMPV-susceptibility between broilers and turkeys. 

In both experiments, the first respiratory signs appeared after 4 days post aMPV A and B 

infection.  It was about 2 days later than in turkeys, which had been infected with the same 

strains of aMPV as well as other strains and different subtypes (COOK et al. 1989a; 

ALKALAF et al. 2002a; JIRJIS et al. 2002; TURPIN et al. 2002; LIMAN and 

RAUTENSCHLEIN 2007).  Similar delayed appearance of the clinical disease in chickens 

than in turkeys was reported by a comparative study between turkey poults and chickens after 

inoculation with respiratory tissue homogenates of SHS-affected chickens (PICAULT et al. 

1987).  Therefore, the delayed onset of clinical symptoms in comparison to turkeys is 

probably the typical pattern of the clinical disease development due to aMPV in broilers.  

Moreover, a lower percentage of birds may show swollen sinuses in broilers in comparison to 

turkeys after aMPV infection. 

In Experiment 2, higher numbers of chickens showed clinical signs and they showed a slower 

recovery from histological lesions than in Experiment 1.  It is speculated that gender may also 
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have an influence on the aMPV-susceptibility of birds, because in Experiment 2 solely male 

broilers were used, while in Experiment 1 both genders were included. 

In both experiments, a higher number of chickens showed clinical signs in subtype B than in 

subtype A inoculated groups.  Therefore, cumulative clinical score indices of subtype B 

inoculated broilers were significantly higher (p<0.05) than of subtype A inoculated broilers in 

both experiments.  This difference in virulence between subtypes A and B have also been 

observed in turkeys (TOQUIN et al. 2006; LIMAN and RAUTENSCHLEIN 2007).  

However, another comparative study in turkeys did not indicate differences between the two 

subtypes concerning respiratory signs (VAN DE ZANDE et al. 1999).  Possibly, there is a 

large variation between strains, and virulence factors of aMPV need to be identified in the 

future. 

 

5.1.2  Lesion development after aMPV infection of broilers 

 

The timing of the development and recovery from histological lesions in the upper respiratory 

tract correlated with the onset and recovery from clinical disease.  The histopathological 

lesions observed in nasal turbinate and trachea were consistent with those previously 

described in other experimental studies with aMPV-infected chickens (JONES et al. 1987; 

MAJÓ et al. 1995; CATELLI et al. 1998).  Lymphoid cell infiltration, development of 

lymphoid follicles, and focal exfoliation of ciliated epithelium of infraorbital sinuses were 

found in subtype A and B-inoculated broilers, which supplements the observation of 

CATELLI et al. (1998).  Infiltration of mononuclear cells and development of lymphoid 

follicles in the submucosa of secondary bronchi were also detected in aMPV-infected broilers 

confirming the observations of MAJÓ et al. (1995).  These results indicate that both aMPV 

subtypes affect all ciliated columnar epithelia of the respiratory tract tissue in broilers.  

Among the histopathological lesions in different respiratory tract tissues, the lung lesions 

were the least severe. 

In addition to previous studies, changes in the paraocular glands were investigated after 

aMPV infection.  Infiltration of lymphoid cells and formation of lymphoid follicles was 

detected in paraocular glands of aMPV A and B-inoculated broilers.  In previous study it was 

shown that antigenic material such as India ink and colloidal gold was readily transported to 

these glands via the main duct following eye-drop application (BURNS 1977).  

Lymphoproliferative changes typical for an immune response had been noted in the Harderian 

glands and lachrymal glands following ocular application of sheep red blood cells, infectious 
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bronchitis virus, and Newcastle disease virus (DAVELAAR and KOWENHOVEN 1976; 

SURVASHE et al. 1979; TORO et al. 1996).  In the present study, aMPV A and B were 

detected by RT-nested PCR in the Harderian glands of virus infected chickens.  The presence 

of aMPV in the Harderian glands may have stimulated lymphoid cell proliferation and cell 

aggregation in these glands. 

 

5.1.3  Distribution pattern of aMPV subtype A and B 

 

The distribution pattern of the aMPV A and B genome differed slightly between the two 

experiments.  But in both experiments, subtype B inoculated groups showed a wider aMPV 

tissue distribution and a longer persistence of aMPV-genome than subtype A inoculated 

groups.  The different distribution pattern of aMPV A and aMPV B may have been due to 

differences in the sensitivity of the RT-nested-PCR for the two subtypes.  Another 

explanation may be that subtype B is more invasive than subtype A, which may be supported 

by the higher clinical score indices of subtype B infected birds in comparison to subtype A 

infected birds. 

No aMPV genome was detected at or after 14 dpi in either infected group.  This observation 

differs from studies with subtype C, where the aMPV C- genome was detected by RT-PCR in 

blood or lungs of broilers up to 15 dpi (SHIN et al. 2000b).  These differences may be due to 

variations in the invasiveness between subtype A, B and C.  Moreover, by using the same 

strains of aMPVs in an experimental infection of turkey poults, the viral genome was detected 

in the nasal turbinate of aMPV-infected turkeys up to 14 dpi (LIMAN and 

RAUTENSCHLEIN 2007).  This difference between turkeys and broilers may be due to 

differences in their antiviral responses or viral clearance mechanisms.  This may also explain 

why aMPV is much more difficult to isolate from chickens than from turkeys in the field.  

Although the ciliated epithelium is the main target for aMPV infections, subtype B genome 

was also detected by RT-nested-PCR in other systemic tissues such as spleen or bursa 

cloacalis.  Macrophages may distribute aMPV from the site of replication in the respiratory 

tract to other peripheral tissues. 

 

5.2  Immune responses to aMPV 

 

Local and systemic immune responses of broilers after experimental infections with subtype 

A and B aMPV were investigated.  Both subtypes stimulated not only a systemic humoral 
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response but also mucosal antibodies in the respiratory tract and in the bile of infected 

broilers.  Both subtypes induced a significant increase (P<0.05) of CD4+ and CD8+ T cell 

numbers locally in the Harderian glands of virus infected in comparison to virus free birds.  

However, there was no significant difference in the IFN-γ release from spleen cells of aMPV-

infected and virus free control birds. 

 

5.2.1  Induction of humoral immune reactions after aMPV infection 

5.2.1.1  ELISA and VN aMPV-antibodies in sera 

 

The appearance of detectable ELISA aMPV-antibodies coincided with the clearance of the 

aMPV genome from different tissues after infection.  A similar pattern had been reported in 

turkeys after experimental infection with aMPV C (SHIN et al. 2000b) and with aMPV A and 

B (LIMAN and RAUTENSCHLEIN 2007).  This current finding confirms previous 

speculations that ELISA antibodies may play a role in the clearance of aMPV (KHEHRA 

1998; LIMAN and RAUTENSCHLEIN 2007).  aMPV-inoculated broilers began to recover 

from respiratory signs when serum ELISA antibody titres increased significantly.  This 

correlation of increasing ELISA titres and waning clinical signs had also been observed in 

experimentally infected turkey poults (LIMAN and RAUTENSCHLEIN 2007). 

It has been suggested that aMPV-infected chickens respond serologically to aMPV not as 

good as turkeys, neither to challenge virus (COOK et al. 1993b) nor to vaccination with live-

attenuated aMPV vaccines (COOK and CAVANAGH 2002).  However, the current findings 

from both experiments demonstrate that broilers respond serologically to both subtypes of 

aMPV in a comparable manner as turkey (GRANT et al. 1987; BAXTER-JONES and JONES 

1989; BAXTER-JONES et al. 1989; COOK et al. 1991; WILLIAMS et al. 1991b). 

The coating antigen used in the ELISA kit, which was applied in the current experiments, was 

subtype B (BAREND VAN DAM, BioChek B.V., Netherlands, Personal communication, 

2007).  Therefore, the serum ELISA titres of subtype B inoculated groups were higher than of 

subtype A inoculated groups in both experiments.  It has been demonstrated before that 

ELISAs based on subtype A or B antigens can detect antibodies raised against both subtypes, 

but the heterologous antibodies may be detected to a lesser extent (ETERRADOSSI et al. 

1992; BÄYON-AUBOYER et al. 1999; TOQUIN et al. 2000). 

In both experiments, aMPV specific serum VN-antibody titres increased significantly 

(P<0.05) at 6 dpi and reached peak levels at 10 to 11 dpi in both subtypes-inoculated groups.  

The aMPV-VN antibodies appeared earlier than aMPV-ELISA antibodies and reached peak 
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level before aMPV-ELISA antibody levels in both subtype-infected broilers.  The similar 

development pattern of the aMPV-ELISA and aMPV-VN-antibodies in naturally infected 

turkeys had been reported (BAXTER-JONES et al. 1989b). 

Cell culture adapted aMPV subtype A (BUT 1-8544) was used as the virus for detection of 

specific VN antibodies in both experiments.  It has been reported that there was only partial 

cross-neutralizing activity between the aMPV-subtypes of European isolates (HAFEZ 1992).  

In contrast, other investigators reported a good cross-neutralization between different aMPV 

subtypes of European isolates (COOK et al. 1993b, 1995, 1999, 2000; ETERRADOSSI et al. 

1995, TOQUIN et al., 1999).  The current results corroborated the observations of the latter 

groups since the development pattern and VN-titres between the two subtype-inoculated 

groups were very similar. 

Good and excellent correlations were found between the serum ELISA and VN titres for both 

subtypes, although the relationships (r=0.741 for aMPVA, r=0.705 for aMPVB) in 

Experiment 2 were slightly stronger than (r=0.619 for aMPVA and r=0.631 for aMPV B) in 

Experiment 1 for both subtypes.  These findings are consistent with previous comparisons 

using serum samples of either commercially reared chickens (COOK et al. 1988) or turkeys 

(BAXTER-JONES et al. 1989; ALKAHALAF et al. 2002b), where also excellent correlations 

between serum aMPV-ELISA and VN-antibodies were found.  In addition, the results of 

ELISA and VN antibody titres from the aMPV-infected broilers confirm the report of 

TOQUIN et al. (2000), who found that the ELISA was more efficient than the VN test in 

differentiating between aMPV subtypes. 

 

5.2.1.2  Mucosal antibodies in tracheal washes and bile 

 

Tracheal washes and bile have been used as an indicator for mucosal humoral immunity in 

chickens (PARRY and AITKEN 1973; POWELL et al. 1979; BABA et al. 1990; HASSAN et 

al. 1991; ANIMAS et al. 1994; SEO et al. 2002; JAVED et al. 2005).  There were no 

significant differences between VN-antibody levels in tracheal washes of subtype A and B 

inoculated broilers.  VN-antibodies were also detected in tracheal washes of subtype A and 

B–inoculated turkey poults between 5 and 28 dpi (LIMAN and RAUTENSCHLEIN 2007).  

In contrast to the development of serum-ELISA-antibodies, the VN-antibody titres in trachea 

washes declined when the aMPV genome was cleared from the upper respiratory tract. 

Tracheal washes contained only small amounts of aMPV-specific IgG in comparison to serum 

(working dilution 1:5 vs 1:500).  Probably, the major immunoglobulin classes in the tracheal 
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washes were IgA or IgM and not IgG.  Ig A was not detectable in the ELISA system, because 

the conjugate was based on anti-chicken IgG.  In the experimental studies with Newcastle 

disease virus and Mycoplasma gallisepticum, the local immunity in the respiratory tract was 

mainly mediated by IgA, which is detectable during the early stage of a respiratory infection 

and only of short duration in chickens (PARRY and AITKEN 1973; JAVED et al. 2005). 

aMPV-VN-antibodies in the tracheal washes may have been locally synthesized or may have 

transuded from serum.  There have been indications of transudation of serum antibodies onto 

mucosal surfaces (AITKEN and PARRY 1976; TORO et al. 1993; SURESH and ARP 1995).  

On the other hand, the Harderian gland is a microenvironment, which may also support 

terminal B cells differentiation and immunoglobulin class switch (MANSIKKA et al. 1989) 

leading to the secretion or synthesise of IgA, IgG, and IgM (DAVELAAR et al. 1982; BABA 

et al. 1990; GALLEGO et al. 1992; SCOTT et al. 1993).  The induction of local antibodies 

detectable in tracheal washes coincides with massive infiltration of lymphoid cells in the 

respiratory mucosa and paraocular glands of both subtype-infected broilers.  Therefore, most 

of the antibodies in the tracheal washes were probably synthesized by local B cells in the 

respiratory tract.  Several reports had indicated the importance of local antibodies as a primary 

barrier at the respiratory mucosal surface against some respiratory pathogens, such as 

respiratory syncytial virus (WELTZIN et al. 1996) pseudorabies virus (TAKADA and KIDA 

1995) Newcastle disease virus (TAKADA and KIDA 1996), and influenza virus (LIEW et al. 

1984; TAMURA et al. 1988, 1990, WATANABE et al. 2003). 

aMPV specific VN and ELISA-antibody levels in bile samples had been significantly 

increased in both subtypes-inoculated broilers in comparison to virus free broilers at 10 to 21 

dpi (P<0.05).  Specific neutralizing antibodies were also detected in bile of infectious 

bronchitis virus–infected chickens from 2 to 20 weeks post infection (ANIMAS et al. 1994).  

The levels of VN-antibodies in bile were comparable to the levels of VN-antibodies in serum 

samples.  Bile contained only small amounts of IgG in comparison to the serum, since bile 

samples were diluted only 1:5 in contrast to 1:500 for serum samples to detect ELISA 

antibodies.  It seems therefore, that the VN-antibodies in bile may have been of IgA or IgM 

class.  The induction of specific IgA antibodies in bile of aMPV C-infected turkeys at 7 dpi 

had been reported before (CHA et al. 2006). 
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5.2.2  Induction of cell-mediated immune reactions after aMPV infection 

5.2.2.1  Non-specific cellular defence mechanism 

 

In addition to the specific immunity, infiltration of heterophils in the upper respiratory tract 

mucosa of aMPV-infected broilers was observed at 3 to 11 dpi.  Similar infiltration of 

heterophils in the respiratory tract was observed previously after experimental infection of 

chickens with aMPV (JONES et al. 1987; MAJÓ et al. 1995), and also with Massachusetts 41 

strain of infectious bronchitis virus (FULTON et al. 1993).  Heterophils are involved in 

phagocytosis and opsonisation, and these cells seem to be the most efficient cells among 

avian respiratory phagocytes (TOTH 2000).  Therefore, it is speculated that non-specific 

immune cells such as heterophils may also be involved in the innate immune response to 

aMPV infection of broilers. 

 

5.2.2.2  CD4+ and CD8+ T cell numbers in Harderian glands 
 

Both subtypes induced a significantly increase (P<0.05) of up to four-fold of local CD4+ T 

cell numbers in the Harderian glands at 3 to 6 dpi.  This finding is in agreement with previous 

findings in turkeys with aMPV C (SHARMA and GERBYSHAK-SZUDY 2002) and with 

aMPV A and B (LIMAN and RAUTENSCHLEIN 2007), where aMPV induced a transient 

increase of CD4+ T cells locally in the Harderian glands of turkey poults.  It is known that 

CD4+ T cells are essential for the generation of antibody responses and influence cytotoxic 

responses as well (ARSTILA et al. 1994).  T cells infiltrating the Harderian glands of turkeys 

were shown to be activated and produce cytokines (CHARY et al. 2002a; SHARMA et al. 

2004; LIMAN and RAUTENSCHLEIN 2007). 

The current study also demonstrated a two to three-fold increase in CD8+ T cell numbers in 

the Harderian gland of aMPV A and B-inoculated broilers at 6 dpi.  CD8+ T cells are 

important contributors to viral clearance in respiratory virus infections, utilizing contact-

dependent effector functions (perforin and CD95L) as well as IFN-γ and tumor necrosis 

factor-α (TNF-α) (BRUDER et al. 2006).  We may speculate that CD8+ T cells may play also 

a role in controlling aMPV infections in broilers.  Involvement of locally infiltrated CD8+ T 

cells in immune reactions of chickens against other respiratory pathogens, such as Newcastle 

disease virus (RUSSELL et al. 1997), infectious bronchitis virus (JANSE et al. 1994), and 

Mycoplasma gallisepticum (JAVED et al. 2005) have been reported.  However, the present 

finding was not in agreement with previous finding in turkeys, where CD8+ T cell numbers in 
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the Harderian gland were not affected by the same aMPV strains (LIMAN and 

RAUTENSCHLEIN 2007).  This difference between broilers and turkey poults may provide a 

possible explanation why the aMPV genome was cleared relatively earlier in broilers than in 

turkey poults. 

 

5.2.2.3  Systemic T cell responses after aMPV infection 

 

In the current study, systemic T cell activity was investigated in vitro by the detection of  

IFN-γ release by spleen leukocytes of broilers after aMPV infection.  IFN-γ is produced by    

T lymphocytes and natural killer cells, and activates macrophages and is in this way involved 

in both innate and adaptive cell-mediated immune responses (ABBAS and LICHTMAN 

2001; TIZARD 2003).  A homologue of mammalian IFN-γ in chicken has been reported 

(DIGBY and LOWENTHAL, 1995).  There was no significant difference between IFN-γ 

release from aMPV infected and virus free broilers in either experiment.  It has been 

demonstrated that transcript level of IFN-γ significantly increased in the spleen cells of aMPV 

C-infected turkeys, providing circumstantial evidence that the infection with aMPV C resulted 

in activation of systemic T cells (SHARMA and GERBYSHAK-SZUDY 2002; SHARMA et 

al. 2004).  In contrast,  IFN-γ transcript levels in spleen leukocytes of aMPV A and B-infected 

turkeys were comparable to virus free controls (LIMAN and RAUTENSCHLEIN 2007).  

Therefore, there may have been differences in virulences of aMPV subtypes and its 

stimulation of immune responses in different host species may also be different. 

 

5.3  Future studies 

 

The current study demonstrates that aMPV of turkey origin infects broilers and induces 

lesions in upper respiratory tract.  The G protein of the members of pneumovirinae subfamily 

is thought to mediate the attachment of virus to a host cell receptor.  In order to escape from 

the immune-pressure or adapt to a new host, these viruses may have to undergo evolutionary 

changes, resulting in genetic and antigenic variations of the G protein (SULLENDER 2000).  

The genetic differences resulting in differences in host susceptibility between chicken and 

turkey isolates have not been studied in detail.  Further studies investigating minor amino 

acids changes in correlation to differences in virulence and host range are needed to 

understand the reasons for variations between turkey and chicken isolates. 
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On the side of the host, the aMPV-clearance mechanisms may differ between turkeys and 

chickens.  The exact role of T cells, locally and systemically, in protective immune responses 

to aMPV is not clear yet.  Therefore, the role of T cells populations and the involvement of 

related cytokines in the protective mechanisms against aMPV infection in chickens should be 

investigated.  In addition, the innate immune system is now recognized to be essential in the 

response to viral infection and is responsible for the recognition of pathogens and subsequent 

triggering of immune responses (JENKINS et al. 2007).  The innate immune response to 

aMPV has not been investigated yet.  Therefore, the regulation of the immune related genes 

expression, including Tool-like receptors, interferon-induced antiviral proteins (Mx), and 

genes responsible for cytotoxic T cell killing such as Fas antigen and granzyme A in the 

response to aMPV in chickens should be studied in the future. 
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5.4  Conclusions 

 

In conclusion, the present study shows that: 

1. There are some differences in pathogenesis of the two aMPV strains of different 

subtypes in broilers such as the number of birds showing clinical signs and the 

distribution of the viral genome after aMPV infection. 

2. Both aMPV subtypes affected all ciliated columnar epithelia of the respiratory tract 

tissues in broilers and induced infiltration of lymphocytes and formation of lymphoid 

follicles in the respiratory epithelium and lamina propria.  These infiltrated cells may 

participate in local immune responses. 

3. The infiltration of immune cells was not only observed in the ciliated epithelium of the 

respiratory tract but also in paraocular glands, such as Harderian glands and lachrymal 

glands. 

4. Similarly to the immune response of aMPV-infected turkeys, broilers responded 

serologically to subtype A and B aMPVs of turkey origin.  There was also a good 

correlation between serum ELISA and VN antibody titres for each subtype.  Serum 

ELISA-antibodies may play a critical role in viral clearance. 

5. Both aMPV subtypes induced a transient mucosal humoral response not only in the 

upper respiratory tract but also in the gall bladder of broilers. 

6. Accumulation of CD4+ and CD8+ T cells in the Harderian gland was observed, which 

may be involved in the local antiviral response to aMPV infection in broilers. 

7. Heterophils may also be involved in innate immune response after aMPV infection in 

broilers as indicated by infiltration of heterophils in the respiratory epithelia. 

 

Overall, this is the first study, which reproduced clinical disease with swelling of infraorbital 

sinuses in commercial broilers following experimental infection with aMPV subtype A and B 

of turkey origin.  The presented data clearly suggests the role of aMPV as a primary pathogen 

of the respiratory tract in broilers.  This study provides information about the development of 

clinical disease, histopathological lesions, the distribution pattern of aMPV in different 

tissues, the development of local and systemic antibodies and the involvement of cell-

mediated immune mechanisms (Figure 18).  These results from the present study will be of 

use in the evaluation of the efficacy of aMPV vaccines and also in the investigation of field 

outbreaks of SHS in broilers and broiler breeders. 
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Figure 18:  Schematic diagram of the pathogenesis of aMPV A and B in broilers. 
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6  Summary 

 

Ye Htut Aung (2007): 

Comparison of the pathogenesis and immune responses following avian 

Metapneumovirus subtype A and B infection in broiler-type chickens 

 

Avian Metapneumovirus (aMPV) causes Turkey Rhinotracheitis (TRT), an acute respiratory 

tract infection in turkeys of all ages.  The virus is also associated with swollen head syndrome 

(SHS) in broilers and broiler breeders.  Four different subtypes (A –D) of aMPV have been 

differentiated by nucleotide sequence analysis on the basis of the attachment (G) protein.  The 

pathogenesis of different subtypes of aMPV had been investigated in turkeys intensively.  

SHS associated with avian Metapneumovirus (aMPV) subtype A or B in broilers and broiler 

breeders has been reported worldwide.  However, data about the pathogenesis of aMPV 

subtype A and B in broilers are scarce and it is still unknown whether there are any 

differences in pathogenicity of aMPV A and B in broilers.  Since aMPV causes swelling of 

periorbital sinuses in chickens, aMPV may also affect paraocular glands in this species.  Most 

of the studies on immune mechanisms against aMPV have been conducted in turkeys but not 

in broilers.  Therefore, two experiments were carried out to compare the pathogenesis of 

aMPV subtype A and B of turkey origin in broilers and to investigate selected parameters of 

the immune response of broilers to aMPVs. 

Sixteen-day-old and 14-day-old commercial Ross-type broilers free of aMPV maternal 

antibodies were used in the first and second experiment, respectively.  Two groups of broilers 

were inoculated oculonasally with 104 median ciliostatic dose (CD50) of turkey isolates of 

aMPV subtype A or aMPV subtype B.  The third group received virus free trachea organ 

culture (TOC) supernatant. 

Clinical signs such as depression, coughing, clear nasal exudates and frothy eyes appeared at 

4 days post inoculation (dpi), followed by swelling of infraorbital sinuses at 5 dpi.  Relatively 

higher numbers of broilers showed clinical signs in subtype B inoculated groups than in 

subtype A inoculated groups.  Cumulative clinical score indices of subtype B-inoculated 

groups were significantly higher (P<0.05) than of subtype A-inoculated groups.  At 15 and 17 

dpi, subtype A and B-infected broilers had recovered from respiratory signs, respectively.  

Virus free TOC media inoculated groups were free of clinical signs in both experiments. 

Histopathological lesions such as thickening and destructions of the ciliated epithelium of 

infraorbital sinuses, nasal turbinate, and trachea due to infiltration of lymphoid cells, 
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heterophils and formation of lymphoid follicles were observed between 3 and 11 dpi in 

aMPV-inoculated broilers.  Histopathological lesion scores of nasal turbinate and trachea 

were not significantly different between subtype A and B inoculated broilers.  Formation of 

lymphoid follicles in the submucosa of primary and secondary bronchi of the lung and in the 

interstitial tissues of paraocular glands was also detected in the virus infected broilers at 6 to 

11 dpi.  No histopathological changes were detected in spleen and bursa cloacalis. 

The distribution of the aMPV genome in different tissues was investigated by RT-nested 

PCR.  The subtype B genome showed a considerably wider tissue-distribution and longer 

persistence than the subtype A genome.  In addition to the respiratory tract tissues, the 

subtype B genome was also detected in the spleen, caecal tonsils, bursa cloacalis and cloacal 

swabs. 

In both experiments, aMPV specific serum VN-antibody titres increased significantly 

(P<0.05) at 6 dpi and reached peak levels at 10 to 11 dpi in both subtypes-inoculated groups.  

Serum aMPV-ELISA antibodies were detected at 10 to 11-dpi in aMPV-inoculated broilers 

and continued to increase until the end of experiment.  The appearance of detectable ELISA 

aMPV-antibodies coincided with the clearance of the aMPV genome from different tissues 

after infection.  Both subtypes stimulated not only a systemic humoral responses but also 

mucosal antibodies in the respiratory tract and bile.  In contrast to the development of serum-

ELISA-antibodies, the VN-antibody titres in tracheal washes declined when the aMPV 

genome was cleared from the upper respiratory tract. 

The infiltration of CD4+ and CD8+ T cells in the Harderian gland was observed at 6 dpi.  

These cells may also be involved in the local antiviral response to aMPV infection in broilers. 

 

Overall, this is the first study, which reproduced clinical disease with swelling of infraorbital 

sinuses in commercial broilers by experimental infection with aMPV subtype A and B of 

turkey origin.  Both aMPVs affected all ciliated columnar epithelium of the respiratory tract 

tissues in broilers.  Strong lymphoid cell infiltrations were detected in all respiratory mucosae 

following infection with both subtypes.  These cells may participate in local immune 

responses.  Infiltration of inflammatory cells was not only observed in the ciliated epithelium 

of the respiratory tract but also in paraocular glands, such as Harderian glands and lachrymal 

glands.  Our study clearly suggests the role of aMPV as a primary pathogen of the respiratory 

tract for commercial broilers. 
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7  Zusammenfassung 

 

Ye Htut Aung (2007): 

Vergleich der  Pathogenese und Induktion von Immunreaktionen nach Infektion von 

Hühnern der Mastlinie mit dem aviären Metapneumovirus der Subtypen A und B  

 

Das aviäre Metapneumovirus (aMPV) verursacht die Rhinotracheitis der Pute. Diese akute 

Infektionskrankheit der oberen Respirationsorgane ist in kommerziell gehaltenen Puten aller 

Altersklassen von großer Bedeutung. Gegenwärtig sind vier Subtypen (A – D) des aMPV 

beschrieben. Die Pathogenese dieser aMPV-Subtypen ist bei Puten gut untersucht. Das aMPV 

steht aber ebenfalls in Zusammenhang mit den „swollen head syndrom“ (SHS) in Hühner der 

Mastlinie (Broiler).  

Die aMPV-Pathogenese ist bei Broilern nur unzureichend untersucht. Es gibt keine 

Erkenntnisse bezüglich eines Unterschiedes in der Pathogenität und Immunantwort zwischen 

der Infektion mit dem Subtyp A und B des aMPV in Broilern.  

Ziel dieser Studie war es daher, die Pathogenese und die Induktion von Immunreaktionen 

einer experimentellen aMPV-Infektion der Subtypen A und B in Broilern miteinander zu 

vergleichen. 

Dazu wurden zwei Infektionsversuche durchgeführt. In dem 1. Infektionsversuch wurden 3 

Gruppen 16-Tage alter Broiler (Mastlinie Ross) eingesetzt. Alle Broiler waren frei von 

maternalen Antikörpern gegen das aMPV. Gruppe 1 wurde mit 104 einer mittleren 

„cilostatischen Dosis“ (CD50) eines aMPV-Putenisolates vom Subtyp A  oculonasal infiziert. 

Die 2. Gruppe wurde mit derselben CD50 eines aMPV-Putenisolates vom Subtyp B oculonasal 

infiziert. Die 3.  Gruppe wurde als Kontrollgruppe geführt und mit dem Überstand einer 

virusfreien Trachealringkultur oculonasal inokuliert. Der 2.  Infektionsversuch wurde mit 14-

Tage alten Broilern (Mastlinie Ross) auf die gleiche Weise durchgeführt. 

In beiden Infektionsversuchen konnten 4 Tage post infectionem (p.i.) klinische Symptome, 

wie allgemeine Apathie, Husten, Nasenausfluss und Augenausfluss festgestellt werden. 5 

Tage p.i. trat eine Schwellung der Infraorbitalsinus auf. In beiden Infektionsversuchen zeigte 

sich, dass aMPV Subtyp B bei einer größeren Anzahl von Broilern zu klinischen Symptomen 

führte. Die quantitative Bewertung der klinischen Symptome (cumulative clinical score) der 

mit aMPV Subtyp B infizierten Broiler war signifikant höher (p<0,05) als die der mit aMPV 

Subtyp A infizierten Gruppe. Die klinischen Symptome konnten bis 15 Tage p.i. (aMPV 
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Subtyp A) bzw. 17 Tage p.i. (aMPV Subtyp B) beobachtet werden. Die Kontrollgruppen 

waren bis Versuchsende ohne klinische Symptomatik. 

Histopathologisch konnte bei den Infektionsgruppen eine Hyperplasie der Mukosa mit 

einhergehendem Verlust des Zilienepithels im Infraorbitalsinus, den Turbularien der 

Nasenhöhle und Trachea festgestellt werden. Zwischen dem 3. und dem 11. Tag p.i. kam es 

bei den Broilern der Infektionsgruppe zu einer Einwanderung von lymphoiden Zellen, 

heterophilen Granulozyten und der Bildung von lymphoretikulärem Reaktionszentren in den 

Schleimhäuten des oberen Respirationstrakt. 

Bezüglich der histopathologischen Veränderungen war kein Unterschied zwischen den mit 

aMPV Subtyp A und den mit aMPV Subtyp B infizierten Broilern festzustellen. Zwischen 

dem 6. und dem 11. Tag p.i  kam es zur  Bildung von lymphoretikulärem Reaktionszentren in 

der Submucosa der primären und sekundären Bronchien der Lungen und in dem Interstitium 

der paraokulären Drüsen.  Die Milz und die Bursa cloacalis wiesen keine histopathologischen 

Veränderungen auf. 

Die Verteilung von aMPV wurde in den verschiedenen Organen mittels einer RT-nested-PCR 

untersucht. Das aMPV Subtyp B zeigte eine weitere Verbreitung und länger Persistenz in den 

Organen als das aMPV Subtyp A. Das aMPV Subtyp B konnte außer in den Organen des 

oberen Respirationstraktes noch in der Milz, den Zaekaltonsillen, der Bursa cloacalis und in 

Kloaken-Tupfern nachgewiesen werden. 

 

Während der Infektionsversuche kam es bei beiden Infektionsgruppen zu einem signifikanten 

Anstieg der virusneutralisierenden Antikörper (VN-AK) gegen aMPV ab dem Tag 6.pi., 

welche ihren höchsten Titer am Tag 11.p.i. erreichten. Im ELISA-Test konnten spezifische 

Serumantikörper gegen das aMPV ab dem 10. Tag p.i. und dem 11. Tag p.i. bis zum Ende der 

Experimente nachgewiesen werden. Der Anstieg von Serumantikörpern im ELISA korrelierte 

mit dem Rückgang des Nachweises von aMPV mittels der RT-PCR in den untersuchten 

Organsystemen.  Im Gegensatz dazu kam es mit der Elimination von aMPV aus dem unteren 

Respirationstrakt zu einem Abfall der VN-AK in den Tracheal-Spülproben. Beide Subtypen 

von aMPV induzierten neben der systemischen humoralen Immunität auch eine lokale 

Immunreaktion im Respirationstrakt und der Gallenblase.  

 

Ab dem 6. Tag p.i. konnte eine Infiltration von CD4 und CD8-T-Lymphozyten und damit die 

Bildung von lymphoretikulärem Reaktionszentren in der Harderschen Drüse und in der 

Submukosa der oberen Respirationsorgane bei allen Infektionsversuchen nachgewiesen 
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werden. Diese zelluläre Immunantwort ist für die lokale antivirale Immunität der aMPV-

Infektion in Broilern möglicherweise von Bedeutung.  

 

Die Untersuchungen belegen, dass aMPV als primär pathogener Erreger bei Broilern von 

Bedeutung ist. 
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9  Appendix 

9.1  List of abbreviations 

aMPV   Avian Metapneumovirus 

aMPV A  Avian Metapneumovirus subtype A 

aMPV B  Avian Metapneumovirus subtype B 

ad libitum  as much as one desires 

bp   base pair 

°C   Degree Celsius 

CD8+   Cytotoxic T cells 

CD4+   T helper cells 

CD50   Median ciliostasis dose 

CEF   Chicken embryo fibroblast 

CPE   Cytopathic effect 

cDNA   Complementary DNA 

CO2   Carbondioxide 

DNA   Desoxyribonucleic acid  

dNTP   Desoxyribonucleic triphosphate 

dpi   days post inoculation 

ELISA   Enzyme-linked immunosorbent assays 

et al.   et alii (and other) 

Fc   Fragment crystalizable 

g   Gram 

H & E   Haematoxylin and Eosin 

HPR   Horseradish Peroxidase 

IBV   Infectious bronchitis virus 

IF   Immunofluorescence 

IIF   Indirect immunofluorescence 

IP   Immunoperoxidase 

IFN-γ   Interferon-γ 

IgA   Immunoglobulin A 

IgG   Immunoglobulin G 

IgM   Immunoglobulin M 

in vivo   in the living organism, in the laboratory 

in vitro   in glass of plastic vessels in the laboratory 
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in ovo   in the living embryo 

kb   Kilobase 

log   Logarithmic 

Mab   Maternal antibody 

MgSO4  Magnisium Sulphate 

ml   Milliliter 

mM   millimolar 

µM   micromolar 

μl   Microliter 

μg   Mikrogram 

mg   Milligram 

μm   Mikrometer 

NDV   Newcastle disease virus 

nm   Nanometer 

OD   Optical density 

PBS   Phosphate buffered saline 

PCR   Polymerase chain reaction 

rpm   rounds per minutes 

RSV   Respiratory syncitial virus 

RT   Reverse transcription 

RT-nested-PCR Reverse transcription-nested-ploymerase chain reaction 

RNA   Ribonucleic acid  

SE   Standard error 

SHS   Swollen head syndrome 

S/P ratio  Sample to positive ratio 

SPF   Specific pathogen free 

TAE   Tris-acetate-EDTA 

TCID   Tissue culture infectic doses 

TOC   Tracheal organ culture 

U   units 

UV   Ultraviolet 

Vero   African green monkey kidney cells 

VN   Virus neutralization test 

x g   Times gravity (centrifugal force) 
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9.2  List of figures 

 

Figure 1a, b, c Clinical signs of aMPV-infected broilers at 9-dpi.  

A virus-free broiler (a), an aMPV A-inoculated broiler (b),  

an aMPV B-inoculated broiler (c). 
 

 

 

39 

Figure 2a, b Percentage of birds showing clinical signs in Experiment 1(a), in 

Experiment 2 (b).  
 

 

40 

Figure 3a, b, c Histopathological lesions of the nasal turbinate at 6 dpi. 

A virus-free broiler (a), an aMPV A-inoculated broiler (b),  

an aMPV B-inoculated broiler (c). 
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Figure 4a, b, c Histopathological lesions of the trachea at 6 dpi. 

A virus-free broiler (a), an aMPV A-inoculated broiler (b),  

an aMPV B-inoculated broiler (c). 
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Figure 5a, b, c Histopathological lesions of the infraorbital sinus at 6 dpi. 

A virus-free broiler (a), an aMPV A-inoculated broiler (b),  

an aMPV B-inoculated broiler (c). 
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Figure 6a, b, c Histopathological lesions of the secondary bronchi of a lung at 6 

dpi.  A virus-free broiler (a), an aMPV A-inoculated broiler (b),  

an aMPV B-inoculated broiler (c). 
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Figure 7a, b, c Histopathological lesions of the Harderian gland at 6 dpi.  

A virus-free broiler (a), an aMPV A-inoculated broiler (b),  

an aMPV B-inoculated broiler (c). 
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Figure 8a, b, c Histopathological lesions of the lachrymal gland at 6 dpi. 

A virus-free broiler (a), an aMPV A-inoculated broiler (b),  

an aMPV B-inoculated broiler (c). 
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Figure 9a, b aMPV ELISA-antibodies in sera of aMPV-infected and virus free 

broilers (a) Experiment 1, (b) Experiment 2. 
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Figure 10a, b aMPV VN-antibodies in sera of aMPV-infected and virus free 

broilers. (a) Experiment 1, (b) Experiment 2. 
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Figure 11a, b aMPV VN-antibodies in tracheal washes of aMPV-infected and 

virus free broilers (a) Experiment 1, (b) Experiment 2. 
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Figure 12a, b aMPV ELISA-antibodies in tracheal washes of aMPV-infected and 

virus free broilers (a) Experiment 1, (b) Experiment 2. 
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Figure 13a, b aMPV VN-antibody levels (a) and ELISA-antibody levels (b) in the 

bile samples of aMPV-infected and virus free broilers  

(Experiment 2). 
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Figure 14a, b, c Immunohistochemical detection of CD4+ T cells in the Harderian 

gland of a virus-free broiler (a), an aMPV A-inoculated broiler (b), 

and an aMPV B-inoculated broiler (c) at 6 dpi (Experiment 2). 
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Figure 15a, b, c Immunohistochemical detection of CD8+ T cells in the Harderian 

gland of a virus-free broiler (a), an aMPV A-inoculated broiler (b), 

and an aMPV B-inoculated broiler (c) at 6 dpi (Experiment 2). 
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Figure 16 Average numbers of CD4+ T cells /400X microscopic field in the 

Harderian gland of aMPV-infected and virus free broilers 

(Experiment 2, as a representative Experiment). 
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Figure 17 Average numbers of CD8+ T cells/400X microscopic field in the 

Harderian gland of aMPV-infected and virus free broilers 

(Experiment 2, as a representative Experiment). 
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Figure 18 Schematic diagram of the pathogenesis of aMPV A and B in 

broilers. 
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9.4  Preparations of buffer, reagents and medium 

 

Phosphate Buffer Saline (PBS) 2mM 

NaCl    8.0 g 

KCL    2.0 g 

KH2PO4   0.2 g 

Na2HPO4   2.9 g 

Double distilled water 1000 ml 

pH    7.4 

 

 

Gel loading buffer (6x) 

Bromophenol blue  25 mg 

Sucrose    4 g 

Double distilled water 10 ml 

Store at 4°C 

 

 

Tris-acetate-EDTA buffer (50x TAE) 

Tris base (Sigma)  240 g 

Glacial acetic acid  57.1 ml 

0.5 M  EDTA (Sigma) 100 ml 

Double distilled water to 1000 ml (Total volume1000 ml) 

Store at room temperature 

 

 

Neutral-buffered Formaldehyde  

40% Formaldehyde   100 ml 

Double distilled water 900 ml 

NaH2PO4*H2O    4 g 

Na2HPO4     6.5 g 

Store at 4°C 
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Eosin stock solution 

Eosin    1 g 

Double distilled water 400 ml 

 

Eosin working solution 

Eosin stock solution  80 ml 

Double distilled water 160 ml 

Thymol crystal  1 small crystal 

 

 

Haematoxylin stock solution 

Solution A 

Haematoxylin crystal  1 g 

Double distilled water 400 ml 

 

Solution B 

KAl(SO4)2 *12H2O  50 g 

NaJO3    0.2 g 

Double distilled water 600 ml 

 

Mix solution A and solution B  

 

Solution C 

Chloral hydrate crystals 50 g 

Citric acid crystals  1 g 

Double distilled water 100 ml 

 

Haematoxylin working solution 

Stock solution (A+B)  200 ml 

Solution C   10 ml 
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Tracheal organ culture medium 

Eagle’s minimum essential medium 1x (Biochrom AG) 

Antibiotics  

(Penicillin and Streptomycin 10000IU/ml)(Biochrom AG)  2% 

L-Glutamine (Biochrom AG)      1% 

7.5% NaHCO3 (Biochrom AG)     2% 

 

 

CEF cells culture medium for VN test 

Leibovitz and McCoy’s Medium1:1(Invitrogen™)   1:1 

Antibiotics  

(Penicillin and Streptomycin 10000IU/ml)(Biochrom AG)  2% 

Foetal bovine serum (Biochrom AG)    1% 

 

 

Spleen leukocyte cells culture medium 

RPMI 1640 Medium (Biochrom AG) 

Antibiotics  

(Penicillin and Streptomycin 10000IU/ml)(Biochrom AG)  2% 

L-Glutamine (Biochrom AG)      1% 

Foetal bovine serum (Biochrom AG)    10% 

 

 

Spleen leukocytes buffer 

Phosphate buffer saline 

Antibiotics  

(Penicillin and Streptomycin 10000IU/ml)(Biochrom AG)  2% 

L-Glutamine (Biochrom AG)      1% 

Foetal bovine serum (Biochrom AG)    10% 
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Reaction buffer for IFN-γ ELISA 

Coating buffer 

NaCl      8.00  g 

Na2HPO4-2H2O    1.42 g 

KH2PO4     0.20  g 

KCL      0.20  g 

Double distilled water   1000 ml 

 

Blocking solution 

NaCL      8.00  g 

Na2HPO4-2H2O    1.42 g 

KH2PO4     0.20  g 

KCL      0.20  g 

Bovine serum albumin (Fraction V)  5.00  g 

Double distilled water   1000 ml 

 

Standard diluent buffer 

NaCl      8.00  g 

Na2HPO4-2H2O    1.42 g 

KH2PO4     0.2  g 

KCL      0.2  g 

Bovine serum albumin (Fraction V)  5.00  g 

Tween 20         1ml 

Double distilled water   1000 ml 

 

Wash buffer 

NaCl      9.0 gm 

Tween 20        1ml 

Double distilled water   1000 ml 

 

Stop solution 

H2SO4      1.8 N 
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